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Abstract
Presently, plant biomass is considered as one of the major future renewable sources for
the production of second-generation biofuels. While the first generation biofuels essentially are based on starch and sucrose rich feed stocks and which production may compete with food production, the second-generation biofuels may be based on lignocellulose as feedstock, which is less problematic from an ethical point of view. The degradation of carbohydrates in plant biomass to fermentable sugars requires the concerted
action of several diverse classes of carbohydrate active enzymes (CAZymes) for a total
and efficient conversion of the plant biomass. Through a carefully balanced synergism
mechanistically different CAZymes are able to degrade the stable and recalcitrant polymers in the plant cell walls, such as cellulose, to soluble and fermentable monosaccharides. It is crucial to study the properties and function of these enzymes if we want to
strive for a sustainable production of chemicals and biofuels, as they serve as a reservoir of environmentally friendly molecular tools. The main focus of the research work
presented in this thesis is biochemical and structure-function characterizations of two
classes of CAZymes: fungal glycoside hydrolase family 3 (GH3) β-glucosidases, and
bacterial lytic polysaccharide monooxygenases, often referred to as LPMOs. GH3 βglucosidases catalyse the conversion of disaccharides, produced by other CAZymes e.g.
cellulases, to glucose. H. jecorina Cel3A, R. emersonii Cel3A and N. crassa NcGH3-3
are three industrially relevant fungal GH3 β-glucosidases for which the structures have
been determined using X-ray crystallographic methods. The H. jecorina Cel3A, R. emersonii Cel3A enzymes has also been characterized biochemically. The LPMOs act in
the very initial stage of plant cell wall degradation and cleave glycosidic bonds in crystalline polysaccharides via an oxidative mechanism, which facilitates access to new
chain ends for other CAZymes. To elucidate the structural and biochemical properties
of LPMOs with bacterial origin, the structure of an AA10 LPMO the LPMO10A from
Enterococcus faecalis was determined using X-ray crystallography. Furthermore, structural changes of the active site metal configuration by so-called X-ray induced photoreduction, were determined. During this reduction process, which mimics the active enzyme, the bound active site copper atom is reduced from Cu(I) to Cu(II), which causes
changes in the ligation configuration.
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Introduction

In the spring of 2009 as a freshly baked confident chemistry graduate I was
asked what I had been taught about fungi (basidiomycete fungi to be exact) and
fungal enzymes. My glazed look and silence probably betrayed my ignorance,
as I was soon handled a book detailing the life and behaviour Heterobasidion
annosum, the hot fungi du jour in the Sandgren-Ståhlberg lab. Thus I started
my journey amongst my filamentous friends and their fascinating enzymes by
which they eek out a living on this planet.
Fungi are responsible for degrading the majority of all plant matter on land.
As their tools for this momentous task they have an intricate arsenal of enzymes developed over the ages in an ancient evolutionary race with the plants.
We can see traces of this evolutionary back and forth by for example digging
into the ground and seeing that there is no coal deposits younger than 300 million years. Coal was formed when the non-degraded lignin in trees and plant
matter were accumulated and buried, but roughly 300 million years ago a new
breed of fungi appeared that could degrade lignin and thus radically slowed the
formation of coal (Floudas et al., 2012). These had new tools, new enzymes,
that could, by utilizing radicals, break up the tough and previously unattainable
lignin for consumption by the fungi.
The ability of fungi to enzymatically degrade plant biomass has in the last
decades garnered large interest from industrial actors as the need for renewable
fuels has been realized. Currently the most widely produced and used biofuel is
ethanol. But expansion of ethanol production, from the so called 1st generation
biofuels, produced from sugar and starch crops, has raised concerns about the
competition with food crops and natural resources such as water and arable
land (FAO., 2011). One solution to this conflict of interest is to utilize nonedible lignocellulosic biomass. Such resources can be obtained from plants
cultivated on non-arable land (e.g. switchgrass), from agricultural waste (e.g.
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corn stover, wheat straw, sugarcane bagasse) or residues from the forest industry.
Among the many technical hurdles for producing economically viable lignocellulosic ethanol is the composition and production of efficient enzyme
cocktails that can liberate the recalcitrant carbohydrates in plant cell walls at
high conversion rates. A starting point for such enzyme cocktails has been use
the whole cellulase mixture produced by the ascomycete fungi Hypocrea
jecorina. This fungus secretes a complete set of cellulose degrading enzymes.
There has during the past decades been a constant development of H. jecorina
strains that gradually have been capable of produce higher titres of
(hemi)cellulose degrading enzymes (Seidl et al., 2009). The effort of improving the efficacy of the biocatalysts performing the degradation has mainly followed two approaches: (i) the mining of genomes for diversity and novel enzyme paradigms and (ii) rational knowledge based protein engineering. The
latter approach requires intimate knowledge of mechanisms of action of these
enzymes in regards to their substrates at a molecular level.

1.1 Aim of the thesis
The overall aim of this thesis was to study the structure and function relationship among fungal glycoside hydrolase family 3 (GH3) β-glucosidases from
industrially relevant host organisms. To achieve this, the structures of three
fungal GH3 β-glucosidases were determined using X-ray crystallographic
methods: Cel3A from Hypocrea jecorina (HjCel3A; Paper I), Cel3A from the
thermophilic fungus Rasamsonia emersonii (ReCel3A: Paper II); and GH3-3
from Neurospora crassa (NcGH3-3; Paper III). In addition to structure determination, some of the biochemical properties for two of these enzymes
(HjCel3A and ReCel3A) where characterized and the data analysed in the light
of the available structural information (Paper I and II).
A second research focus within the thesis work was to structurally and biochemically characterize the bacterial enzyme, LPMO10A from Enterococcus
faecalis (EfLPMO33A), from a newly discovered and partially characterized
class of enzymes called lytic polysaccharide monooxygenases (LPMOs), using
dose resolved X-ray crystallography.
It is crucial to study the properties and function of glycoside hydrolase in
general, and specifically in these in this fungal GH3 β-glucosidases and
LPMOs, if we want to strive for efficient and sustainable production of chemicals and biofuels using plant biomass as feedstock, as enzymes from biomass
degrading microorganisms serve as a reservoir of environmentally friendly
molecular tools.

12

This thesis also contains a summary of the history and current situation of
the field of microbial biomass degradation, with the focus towards the role of
β-glucosidases and their importance in biotechnological applications. Also discussed briefly is the recently discovered enzymes LPMO.
I have used protein X-ray crystallography, spectroscopic and biochemical
methods to investigate the enzymes in focus of this thesis, as well as collaborated with groups utilizing quantum chemical computational methods to further
understand the enzymatic mechanism. The crystal structures included in this
thesis will be thoroughly analysed in the rest of the thesis, and the stage for
future characterization work will be set.
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2

Background

2.1 Carbohydrates
Carbohydrates are one of the most ubiquitous groups of biomolecules found in
nature. They are involved in most major cellular functions, from fuel for metabolism to signalling and intra-cellular communication. The definition of carbohydrates is that they are polyhydroxyaldehydes, polyhydroxyketones and
simple derivatives thereof or compounds hydrolysable into such units. Monosaccharides are a chain of hydroxylated hydrocarbons with either a terminal
aldehyde or internal ketone group that cannot be hydrolysable into a simple
form. The coupling of monosaccharides via glycosidic linkages gives rise to
oligosaccharides (which will be referred to as glycans in this thesis unless otherwise specified) that can be either branched or linear (Varki & Sharon, 2009)
or glycosides.

Figure 1. Open chain and ring forms of β-D-glucose. The open form and the ring form exist in
equilibrium in water where the ring form is highly favoured.

Monosaccharides or glycans can be joined together to form polysaccharides
like chitin or cellulose, which in turn can be organized into higher hierarchical
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structures and ultimately form complexes that make up the major parts of the
plant cell walls, the fungal cell walls, the exoskeleton of arthropods, the protein-sugar co-polymer peptidoglycan and lipopolysaccharide in bacteria and
the glycoprotein cell-envelope of some archaea (Albers & Meyer, 2011;
Cummings & Doering, 2009; Esko et al., 2009; Etzler & Mohnen, 2009;
Tiemeyer et al., 2009). Animals also produce polysaccharides like the very
complex mucin glycoprotein that line mucus membranes and in large varieties
of glycoproteins (Brockhausen et al., 2009; Helenius & Aebi, 2001).

2.2 Lignocellulosic biomass
Human civilisation has, since the early days of our species, been dependent on
plant biomass as a source of energy for a variety of purposes. It was not displaced until the advent of crude oil that gave rise to inexpensive liquid fuel that
led to industrialization and subsequently to our current high standard of living
for a relatively big fraction of the human population on our planet. Today the
world’s societies are largely affected by increasing environmental and political
concerns regarding the utilization of the slowly depleting fossil resources. A
depletion of our fossil based resources will make biomass the only sustainable
source of organic carbon that can be utilized to produce replacements for fuels
and chemicals that currently are now based on fossil resources such as crude
oil, natural gas and coal.
Plant biomass is produced from CO2 and H2O with O2 as a by-product and
sunlight as an energy source (Hill, 2012). The main components produced by
plants are hexose (C6) and pentose (C5) carbohydrates, which in turn constitute
the major polymeric components of cellulose and hemicelluloses. There is also
a third major plant component formed, lignin. Lignin is composed of a heterogeneous and highly cross-linked polymer of substituted phenols that in combination with cellulose and hemicellulose confer rigidity to the plant.
Cellulose (Figure 2) is a linear polymer composed of glucose units linked by
β-1,4 glycosidic bonds (Klemm et al., 2005), and constitutes roughly 40-50 %
of the dry weight of plant biomass (Pettersen, 1984). Each glucose unit in a
cellulose polymer is rotated by 180° relative to its two neighbours, thus creating a minimal repeating unit of two glucose units in cellulose. Two glucose
units attached to one and another by a β-1,4 glycosidic bond is called cellobiose. The chain length, or degree of polymerization (DP), of cellulose polymers
in plant cell walls varies from 100 to 10000 glucose units in length (Klemm et
al., 2005). Cellulose has a strong tendency to aggregate with other cellulose
chains through intra- and intermolecular hydrogen bonding, into partially crystalline microfibrils. These microfibrils can adopt a multitude of structures and
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morphologies with varying degrees of crystallinity (Klemm et al., 2005;
Béguin & Aubert, 1994).

Figure 2. Molecular structure of cellulose, composed of n units of cellobiose.

Hemicellulose is a heterogeneous group of plant polysaccharides that unlike
cellulose, have lower DP, in the range of 50 – 300 glycan units, and these are
often decorated with various types of glycan’s attached to the main chain, and
different types of hemicelluloses are essentially amorphous. The amounts of
hemicellulose found in plant cell walls are typically 25 - 30 % (Pettersen,
1984). The variability of carbohydrates, linkages, branching and substitutions
among different types of hemicellulose vary greatly. The linear main chain
components are generally β(1-4) linked glucose, xylose or mannose, with
β(1,3)/(1,4)-glucans appearing more rarely and mainly in grasses (Scheller &
Ulvskov, 2010). In softwood galactoglucomannans and arabinoglucuronoxylan
are the main hemicelluloses, whereas hardwood contains mostly glucuronoxylans. Functionally what the hemicelluloses contribute is to strengthen the plant
cell wall by tethering to the cellulose fibrils, which they cover and interconnect.
The second most abundant biopolymer, after cellulose, in plant cell walls,
as well on the planet, is lignin (Lu, 2014). Lignin, or lignins, is a complex mix
of aromatic heteropolymers derived from a set of hydroxycinnamyl-alcohol
monomers (which in turn are derived ultimately from phenylalanine). Lignin is
deposited in the nascent plant cell walls after cellulose and hemicelluloses have
been synthesized and deposited. The main functions attributed to lignin are to
provide stiffness and strength to the cell wall and acting as glue in and especially between the cells. In addition lignin also waterproofs the cells and the
first appearance of lignin is thought to be intimately linked to the development
of vascular water transport systems in plants (Boerjan et al., 2003; Whetten &
Sederoff, 1995). Lignin and lignification is also important in plant pathogen
defence, where the lignin itself by being rigid and hydrophobic provides protection from mechanical pressure and water-soluble cell-wall degrading enzymes. Lignins are also accumulated by the plants at positions of external microbial attack where they exercise a more offensive antimicrobial role
17

(Bhuiyan et al., 2009; Nicholson & Hammerschmidt, 1992; Vance et al.,
1980).

2.3 Microbial biomass degradation
The organisms that are the predominant degraders of lignocellulosic material in
nature are fungi, especially ascomycetes and basidiomycetes (Kirk & Farrell,
1987). The ability to efficiently degrade lignocellulose is thought to be related
to the ability of growing mycelia that can transport needed nutrients, such as
nitrogen an iron, to the otherwise nutrient poor carbon source lignocellulose.
Degradation of the plant cell wall components occurs outside of the fungus,
either in association with the fungal cell wall or extracellularly by secreted proteins and other molecules. The fungi are usually described as having two enzyme systems for degrading lignocellulose: a hydrolytic system of enzymes
that hydrolyses and modifies polysaccharides; and an oxidative system that
breaks down lignin and opens phenyl rings. As will be described later in this
thesis the advent of a new class of plant degrading enzymes called lytic polysaccharide monooxygenases has drastically complicate this picture. Part of this
thesis is dedicated to studies on this new class of oxidative plant degrading
enzymes, see section 1.10 and paper IV.

2.4 Fungal cellulose biodegradation
The synergistic action of fungal cellulases have been known for a long time
(Wood & McCrae, 1978), and the archetypical cellulase system has been that
of the ascomycete Hypocrea jecorina (teleomorph of Trichoderma reesei). H.
jecorina was initially isolated at Bougainville Island (Solomon Islands) in the
pacific during World War II when the rapid disintegration of tents and uniforms prompted an inquiry, and quarantine, by researchers. The native strain,
QM6a, is the ancestor of all enzyme producing H. jecorina strains used in the
industry worldwide for large-scale production of enzymes. Besides being the
main producer of industrial cellulases and hemicellulases with reported enzyme
yields of more than 100 g/l, H. jecorina has also been a model organism within
academia for studies of cellulase and hemicellulose regulation (Kubicek et al.,
2009; Martinez et al., 2008; Merino & Cherry, 2007; Aro et al., 2005; Cherry
& Fidantsef, 2003).
Traditionally the cellulolytic system of H. jecorina has been divided into
three classes of enzymes: endoglucanases (endo-β-1,4-glucanases, EG), cellobiohydrolases (β-1,4-glucanases, CHB), and β-glucosidases. Endo-acting cellulases cleave cellulose chains internally and create new chain ends for the pro-
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cessive cellobiohydrolases to attach to and thereafter processively degrade upon release of cellobiose. Cellobiose is then further cleaved to glucose by enzymes called β-glucosidases. Characterization of enzymes from this last class
of enzymes is one of the main focus areas within this thesis, and the topic of
paper I to III.
EGs, represented in H. jecorina by Cel7B, Cel5A, Cel12A and Cel45A, are
characterized by having an open substrate binding cleft (Rouvinen et al.,
1990), which allow these enzymes to bind exposed cellulose chains and thus
cleave in the middle of the cellulose polymer. These enzymes show highest
activity on amorphous cellulose rather than crystalline cellulose (Barr et al.,
1996). CBHs, while having a similar catalytic domain as homologous EGs they
have extended loops protruding over the active site cleft forming a tunnel
through the catalytic domain (Divne et al., 1994). This tunnel facilitates the
CBHs ability to processively cleave off cellobiose units from the cellulose
chain while still staying bound to the polymer. H. jecorina has two CBHs:
Cel7A and Cel6A. Both enzymes are composed of a catalytic domain and an
associated non-catalytic carbohydrate-binding module (CBM). Both HjCel7A
and HjCel6A are processive enzymes with HjCel7A acting from the reducing
end of the cellulose chain and HjCel6A acting from the non-reducing end.
CBHs, and to lesser extent EGs, are sensitive to inhibition by the cellobiose
released during the degradation of cellulose (Gruno et al., 2004). This product
inhibition of the CBHs by its own catalytic end product cellobiose is relieved
by further degradation of the disaccharide by β-glucosidases to the monosaccharide glucose.
H. jecorina has a set of seven β-glucosidases: Cel1A, Cel1B, Cel3A, Cel3B,
Cel3C, Cel3D and Cel3E. The major role for the β-glucosidases is thought to
act as a cellobiase, which hydrolyses the released cellobiose and to some extent
longer cellodextrins to glucose. An alternative and/or additional role for these
enzymes is to act as “transglycosidases“ that convert disaccharides and monosaccharides to more potent cellulase gene inducers such as sophorose (Foreman
et al., 2003; Suto & Tomita, 2001).
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Figure 3. The new paradigm of cellulose degradation (Horn et al., 2012). Exo acting cellobiohydrolases processively degrade cellulose from the reducing ends (CBH1) and the non-reducing end
(CBH2). Endo acting endoglucanases (EG) hydrolyse exposed amorphous cellulose chains. Cellobiose is further cleaved by β-glucosidases to for glucose or is oxidized by cellobiose dehydrogenase (CDH). Electrons from CDH or from other electron donors are used by the lytic polysaccharide monooxygenases that via oxidation of the C1 or C4 carbon cleaves the glycosidic linkages
and thus decrystallises the cellulose.

2.5 Carbohydrate active enzymes
Carbohydrates, glycans and polysaccharides can be exceedingly if not infinitely complex. Microorganisms and their carbohydrate active enzymes have been
evolving over the ages to adapt to the increasing complexity offered by the
carbohydrates. The enzymes acting on carbohydrates utilize a relatively small
number of protein structure folds and domains with minor adaptations for specific substrates. Since 1991 carbohydrate active enzymes have been organized
into families based on sequence, structure and catalytic activities in the Carbohydrate active enzymes database (CAZy, www.cazy.org). The CAZy families
are defined by sequence similarity to a biochemically characterized founding
member (Henrissat, 1991), which fortunately revealed a correlation between
sequence and substrate specificity. Thus since every substrate specificity has a
common ancestor which can be traced in contemporary proteins, CAZymes
(Cantarel et al., 2009) exhibit the opposite of the problems posed by carbohydrates, that are chemically similar and difficult to separate and distinguish. Distinguishing the exact substrate preference of highly specific enzymes such as
DNAses, RNAses or proteases from sequence alone is nigh impossible whereas
the glycobiology of an organism can be deduced relatively quickly after assigning CAZy families (Cantarel et al., 2012). The CAZy database currently contains over 350 protein families and several hundred thousands of sequences and
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is continuously updated as new proteins are functionally characterized and
structurally determined. Since 2013 CAZy is organized into six main classes,
five enzyme classes and the associated proteins carbohydrate binding modules
(CBM) (Lombard et al., 2014; Levasseur et al., 2013). These six main classes
of proteins in the CAZy database are currently organized as follows:
! Glycoside hydrolases (GH)
Glycoside hydrolases (EC 3.2.1.x) are enzymes that catalyse the hydrolysis
of glycosidic bonds of glycans, releasing a carbohydrate hemiacetal and the
free aglycon, as well as the reverse transglycosylation reaction. There are as
of this writing over 130 GH families classified in CAZy. GHs will be discussed in further detail below.
! Glycosyltransferases (GT)
Glycosyltransferases (EC 2.4.x.y) are responsible for the synthesis of disaccharides, glycans and polysaccharides by catalysing the formation of glycosidic linkages by transferring an activated sugar moiety to a nucleophilic
acceptor, usually an alcohol (Lairson et al., 2008).
! Polysaccharide lyases (PL)
Polysaccharide lyases (EC 4.2.2.x) cleave uronic acid-containing polysaccharides using a β-elimination mechanism creating an unsaturated uronic
acid at the non-reducing end. The PLs are a complimentary class of enzymes to the GHs that can degrade glycans and are ubiquitous in nature.
Their abilities to degrade alginates, pectins and heparins have garnered
them quite some interest from food and medical industries (Lombard et al.,
2010; Yip & Withers, 2004; Sutherland, 1995).
! Carbohydrate esterases (CE)
Man glycans, especially in hemicelluloses, are substituted with acyl moieties. Carbohydrate esterases catalyses the de-O or N-aceteylation of glycans.
The CE class involves a wide range of reaction mechanisms, most common
is a Ser-His-Asp(Glu) triad, analogous to that in lipases and serine proteases, but His-Asp dyad and Zn2+ catalyzed deacetylation occurs in other families (Biely, 2012; Dodd & Cann, 2009).
! Auxiliary activities (AA)
After it was discovered that the glycoside hydrolase family 61 (GH61) and
carbohydrate binding module family 33 (CBM33) were in fact lytic polysaccharide monooxygenases, of which there will be further discussion about
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below, it was decided to establish a new class of CAZymes named auxiliary
activities. The AA family is composed of the aforementioned LPMOs,
GH61 and CBM33 renamed to AA9 and AA10 respectively, and lignin degrading enzymes and few other carbohydrate oxidizing families (Levasseur
et al., 2013).
! Carbohydrate binding domains (CBM)
Carbohydrate binding domains are a non-catalytic class of proteins with the
capability to bind to crystalline and soluble carbohydrates. These proteins
are most often found within the protein sequence of larger CAZymes as
auxiliary modules (Boraston et al., 2004). There are cases of isolated CBM
proteins (Barral et al., 2005) and previously the CBM33 family was thought
to be one such family before its LPMO activity was determined (VaajeKolstad et al., 2010).

2.6 Glycoside hydrolases
The glycosidic bonds, which the various types of glycoside hydrolases hydrolyse, are primarily found among polysaccharides that make up a large portion
of the carbon in the biosphere. The stability of these polymers is a feature that
makes them highly suitable for energy and as structural elements. Cellulose is
estimated to have a half-life of ~4.7 billion years at room temperature. Thus it
is not surprising that GHs, which degrade such molecules, are one of natures
most potent catalysts with rate enhancements up to 1017 times that of the uncatalysed rate (Wolfenden et al., 1998).
As previously stated GHs are a ubiquitous and diverse group of enzymes
found in all types of life. They have for more than 20 years been organized into
families based on sequence and structure conservation (Henrissat, 1991), as
listed in the CAZy database. Where enzymes from the same enzyme family
share an overall similarity mode of action, structure and usually also catalytic
mechanism. There are two main classes of glycoside hydrolase catalytic mechanisms; retaining and inverting glycoside hydrolases, depicted in Figure 4
(Koshland, 1953). Both mechanism classes utilize two key carboxyl groups
that stabilize an oxocarbenium-ion transition state. In the retaining enzymes the
two catalytic carboxyl groups are situated around 5.5 Å apart from one and
another, which facilitates the formation of a covalent glycosyl-enzyme intermediate (Figure 4a) (Lovering et al., 2005; Sinnott & Souchard, 1973), whereas in the inverting enzymes the distance between the two catalytic carboxyl
groups is usually larger and varies considerably, the increased distance allows
the insertion of a water molecule that can act as an external nucleophile and
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attack the substrate (Figure 4b.) (Zechel & Withers, 2000; McCarter &
Withers, 1994).

Figure 4. Proposed mechanism of retaining glycosidases (a). Proposed mechanism for inverting
glycosidases (b). A/B refers to the acid/base residue; Nu refers to the nucleophile residue.

In 1997, Davies et. al. proposed a system of nomenclature for the numbering of
sugar-binding subsites in glycoside hydrolase active sites (Davies et al., 1997).
In sugar chemistry carbohydrate oligomers are by convention represented by
drawing the non-reducing end on the left-hand side and the reducing end on the
right-hand side, and thus numbering them from left to right. Glycoside hydrolases bind and hydrolyse, at minimum, a single carbohydrate attached via a
glycosidic bond to another carbohydrate or moiety. The generally accepted
numbering scheme for the subsites in GH enzymes starts from the point of
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cleavage and labels the binding sites from -1 to –n (where n is an integer), towards the non-reducing end of the sugar polymer, and from +1 to +n towards
the reducing end. The cleavage thus occurs between subsites –1 and +1 sites.

Figure 5. Schematic of glycosides hydrolase binding site nomenclature. Binding sub-sites are
labelled from –n from the reducing end to +n at the reducing end. Cleavage occurs between –1
and +1 binding sites, the scissile bond.

2.7 Glycoside hydrolase family 3
Glycoside hydrolase family 3 (GH3) is one of the largest enzyme families in
the CAZy database (Lombard et al., 2014) and as of this writing contains over
6800 gene sequences. These sequences are widely distributed in bacteria, fungi
plants and have also been found in some archaea. They carry out a range of
biological functions concerning biomass degradation, cell wall remodelling and
pathogen defence. The activities found in GH3 include β-glucosidase (BGL) βD-xylopyranosidase
(BXL),
N-acetyl-β-D-glucosaminidase
(s),
α-Larabinofuranosidase, exo 1,3-β-glucanase and 1,4-β-glucanase as well as several activities concerning the hydrolysis of glycoconjugates containing at least
a single β–linked glucopyranoside (Harvey et al., 2000).
A common feature amongst GH3 enzymes is their broad substrate specificity in respect to single monosaccharide residues, the position of linkage and
chain lengths present in the substrates. ExoP from Hordeum vulgare (barley),
classified as a β-D-glucan glucohydrolase, has been shown to be able to remove
a single non-reducing end glycosyl residue from a wide range of β-glucans,
oligosaccharides, Aryl β-D-glucopyranosides, cyanogenic β-D-glucosides and
some β-D-oligoxyloglucosides (Hrmova & Fincher, 1997). Some GH3 enzymes are characterized as bifunctional like ARA-I from barley, which has
both α-L-arabinofuranosidase and β-D-xylopyranosidase activity (Lee et al.,
2003) and Nag3 from Cellulomonas fimi characterized as a N-acetyl-β-Dglucosaminidase/β-glucosidase (Mayer et al., 2006).
On class of GH3 enzymes that does not adhere to the family’s propensity
for promiscuity are the GH3 N-acetyl-β-D-glucosaminidases (NagZs). The,
predominantly prokaryotic, GH3 NagZ are selective for N-acetyl-β-Dglucosamine (GlcNAc) (with a notable exception of the aforementioned Cellu-
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lomonas fimi Nag3 (Mayer et al., 2006)) and have been found involved in cell
wall recycling of gram-negative bacteria (Litzinger et al., 2010; Cheng et al.,
2000). They are also notable for having members composed solely of an Adomain (Figure 7). In fact, this have been found to be case for most NagZs
from Gram-negative bacteria (Bacik et al., 2012) The enzyme NagZ
from Bacillus subtilis (BsNagZ) have been shown to utilize a catalytic mechanism that, while retaining the GH3 aspartate nucleophile, utilizes as the acid/base a histidine-aspartate dyad located on a flexible loop on the A-domain,
not on the B-domain (which is present in the case of BsNagZ) (Litzinger et al.,
2010).
GH3 is a rather large enzyme family and there have been some efforts to
identify and classify sub family clusters within GH3. In 2000 Harvey et. al.
presented an analysis of the 99 GH3 genes annotated in CAZY at the time, and
identified six major GH3 clusters. However, the analysis may have been hampered because available activity data was scarce (Harvey et al., 2000). A later
study from 2003 by Cournoyer and Faure analysed about 500 GH3 gene sequences that they organized into sub-families, clusters and sub-clusters as well
as highlighting species and reported activities (Figure 6; (Cournoyer & Faure,
2003)). The GH3 sub-families AB, AB’ and AB’’ represent different domain
arrangements. Enzymes in the largest GH3 sub-family, AB, have an N-terminal
triosephosphate isomerase (TIM) barrel domain (A), coloured in blue in Figure
7a-f, containing the catalytic aspartate nucleophile, followed by a β-sandwich
domain (B), coloured in yellow in Figure 7b-f, containing the catalytic glutamate acid/base. B’ refers to a truncated form of domain B (Faure et al., 1999)
and B’’ refers to the type of β-sandwich domain found in the NagZs.

Figure 6. Phylogenetic organization of the GH3 as organized by Faure et. al. GH3 sub-families
(AB, AB’ and AB’’), clusters (A, B, C, D, E, and F), and sub-clusters (A1, A2, B1, B2, B3, C1,
C2, C3) are shown, species representation in each sub cluster designated by colour: bacteria are
indicated in blue, from fungi in red, plants in green, both fungi and bacteria in purple and plants
and bacteria in yellow. The reported activities (EC) are shown by black shapes: β-glucosidases
and laminaribiase in squares, β-xylosidase in triangles, exo-β-glucanase in circles, and Nacetylglucosaminidase in pentagons.
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Figure 7. Ribbon representation of (a) VcNagZ (PDB ID: 1Y65), (b) HvExoI (PDB ID: 1IEX),
(c) TnBgl3B (PDB ID: 2X41), (d) HjCel3A (PDB ID: 3ZYZ), (e) ReCel3A (PDB ID: 4D0J) and
(f) KmBglI (PDB ID: 3AC0). Domain A coloured in blue, domain B coloured in yellow, FnIIIdomain coloured in red, linker 1 coloured in orange, linker 2 coloured in green, PA14-domain
coloured in grey. Active site bound glycans shown in magenta sticks, N-glycosylations are shown
in yellow sticks.
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2.8 Structure and function in GH3
The first published crystal structure of a GH3 enzyme was that of barley
(Hordeum vulgare) the structure of the barley β-glucan exohydrolase isoenzyme ExoI (HvExoI, Figure 7b.) (Varghese et al., 1999). HvExoI consists of
603 amino acids (aa) organized into two domains, one N-terminal (α/β)8 TIMbarrel domain followed by a (α/β)6 β-sandwich domain. The substrate-binding
pocket is formed between the two domains of the enzyme. The first domain
provides the catalytic nucleophile (Asp285) and the second domain provides a
glutamate (Glu491) as the catalytic acid/base. This assignment was subsequently validated by solving crystal structures of HvExoI containing nonhydrolysable thio-glycoside Michaelis-complex mimics (Hrmova et al., 2004;
Hrmova et al., 2002).
A decade after the first structure of barley HvExoI, the structure of Bgl3B
from the thermophilic bacterium Thermotoga neapolitana (TnBgl3B, Figure
7c) (Pozzo et al., 2010) was published. Interestingly, TnBgl3B has a third domain in addition to the standard GH3 AB two-domain core and falls into subcluster C2 in phylogenetic tree. The third domain is an FnIII-like domain (coloured in red in Figure 7c-f) that straddles the A and B domains on the opposite
side to the active site cleft. FnIII-domains are found in ~2% of all known proteins, and they are as well found in many GH families. The function of this
domain is still not known, but since the FnIII domains observed in GH3 is far
from the active site cleft in GH3s, a substrate binding related function seems
unlikely. Rather, it is more likely to confer structural or stabilizing properties.
In TnBgl3B and other FnIII containing GH3 structures, the N-terminal domain
lacks two α-helices of the canonical (α/β)8 TIM-barrel. They are replaced with
a short loop that forms an antiparallel β-sheet, in practice making the Nterminal domain a ββ(β/α)6 TIM-barrel like domain.
In 2010 the first four domain containing GH3 structure, β-glucosidase I
from the yeast Kluyveromyces marxianus (KmBglI, Figure 7f) was published
(Yoshida et al., 2010). KmBglI has a 172 residue PA14-domain inserted in the
middle of domain B, coloured in grey in Figure 7f. This PA14-domain is a βbarrel domain found in a variety of bacterial and eukaryotic glycosidases, glycosyl transferases, adhesins and cell signalling proteins (Rigden et al., 2004).
The main function of the PA14-domain is attributed to binding of carbohydrate
containing ligands rather than catalysis. PA14-domain containing GH3 proteins
are located in sub-clusters C3 and C1, and fungal enzymes like KmBglI are
exclusively located in sub-cluster C3. The PA14 containing GH3 enzymes exhibit a substrate preference for smaller carbohydrate containing substrates
compared to other GH3 β-glucosidases. Zmudka et. al. did in 2012 published
the structure of the PA14 containing GH3 enzyme DesR from Streptomyces
27

venezuelae. DesR is activating macrolide antibiotics by the hydrolysis of an
attached β-linked glucose moiety (Zmudka et al., 2013; Zhao et al., 2003). The
PA14-domain in DesR is rotated by 116° compared to KmBglI, and it has been
hypothesized that the biological function of this type of GH3 proteins is not as
oligosaccharide-degrading enzymes but as part in organism defence (Zmudka
et al., 2013).
More recently the structure of an industrially relevant fungal β-glucosidase,
BGL1 from Aspergillus aculeatus (AaBGL1) was published (Suzuki et al.,
2013). AaBGL1 is a three-domain GH3 β-glucosidase, belonging to the C2sub-cluster, and being structurally overall similar to TnBgl3B. In this thesis the
structure of and biochemical characterization of an additional 3 GH family 3
enzymes will be described.

2.9 Lytic polysaccharide monooxygenases
As has been described above the discovery and characterisation of various GHs
has revolutionised our understanding of microbial plant cell wall degradation.
However polysaccharides do often pack together into tight crystal lattices that
the GHs must overcome and act upon. Decrystallization of polysaccharides,
especially highly ordered and crystalline structures such as cellulose and chitin,
requires thermodynamic work (Payne et al., 2013; Beckham & Crowley, 2011;
Beckham et al., 2011; Cho et al., 2011; Payne et al., 2011), and over 60 years
ago Reese and co-workers hypothesised that organisms utilize other mechanisms in addition to GHs to depolymerize plant cell walls (Reese et al., 1950).
It was not until 2010 when the crucial discovery of a group of enzymes, now
called lytic polysaccharide monooxygenases (LPMOs), overturned the classical
cellulose depolymerisation paradigm and validated the Reese et. al. hypothesis
(Vaaje-Kolstad et al., 2010). LPMOs utilized a completely novel mechanism of
for cleaving glycosidic, bonds and even before their mode of action had been
discovered this group of proteins had been known to act synergistically together with traditional GH enzyme cocktails, but without any knowledge how they
did this (Harris et al., 2010; Vaaje-Kolstad et al., 2005a).
In 2005 the small, apparently non-catalytic, chitin-binding protein 21
(CBP21) was isolated from the chitinolytic bacterium Serratia marcescens,
which seemingly enhanced the activities of the endogenous chitinases ChiA
and ChiB from S. marcescens. ChiA and ChiB are processive enzymes acting
in opposite directions along a chitin polymer. Thus, in the chitinolytic enzyme
system, ChiA and ChiB are equivalents to the two types of processive cellobiohydrolases (CBHs) of GH family 6 and GH family 7, respectively, found in
fungal cellulose degrading enzyme systems (Vaaje-Kolstad et al., 2005a;
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Vaaje-Kolstad et al., 2005b). SmCBP21 was at that time classified as a member
of carbohydrate-binding module family 33 (CBM33) in the CAZy classification. This CBM family has now been reclassified into auxiliary activity family
10 (AA10) in the CAZy database. It was speculated that this was a class of
CBMs that could bind-to and thereby some how disrupt the chitin polymer and
thus facilitate accessibility for the hydrolytic enzymes. Similar results for
CBM33/AA10 proteins from Thermobifida fusca were also reported in 2007 by
David Wilson and co-workers (Moser et al., 2008), but with cellulose activity
being enhanced by the T. fusca CBM33 protein.

Figure 8. Structures of the chitin active EfCBM33A from Enterococcus faecalis (new name
EfLPMO10A, PDB ID: 4ALC) (a) and the cellulose active HjCel61B rom Hypocrea jecorina
(alternative or new names HjLPMO9B and EG7, PDB ID: 2VTC) (b).

Genes encoding for CBM33/AA10 enzymes have mainly been found in bacteria and viruses, but are exceedingly rare in eukaryotes (there are five annotated
eukaryotic sequences as of this writing). Surprisingly when the first crystal
structure of a fungal protein from the enigmatic glycoside hydrolase family 61
(GH61, now reclassified as AA9), Cel61B from Hypocrea jecorina
(HjCel61B), was published in 2008, and later when the structure of GH61E
from Thielavia terrestris (TtGH61E) was published, there were several striking
structural similarities between this structure and to the one of the bacterial enzyme SmCBP21 (Figure 8) (Harris et al., 2010; Karkehabadi et al., 2008a).
Both SmCBP21 and the two GH61 have a metal binding site consisting of two
histidine residues that form a “histidine brace” (Quinlan et al., 2011). One of
the histidines is the N-terminal residue of the enzyme, and in addition to the δamine of the sidechain also the N-terminal amine itself takes part of the ligation
of the bound metal. In the metal binding site of SmCBP21 a sodium atom was
modelled and in the HjCel61B a nickel atom was modelled. Harris et. al. also
performed mutations in the metal binding site, removed metals using EDTA
and tested different divalent metal ions. They showed that without any of the
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histidines the synergism disappeared as it also did when there was no metal
present (Harris et al., 2010). In both GH61 structural reports, the lack of conserved and suitably positioned carboxylate pairs for GH action was noted, further indicating the miss-attributed GH classification of the GH61 family

Figure 9. Oxidative cleavage of cellulose by a C1-oxidizing LPMO produces a lactone species
that is subsequently hydrolysed to an aldonic acid (a) A C4-oxidizing LPMO that produces a 4keto sugar that via hydrolysis can form a gemdiol (b).

The aforementioned seminal study presented in 2010 by Vaaje-Kolstad et. al.
showed unambiguously that SmCBP21 is an enzyme that cleaves glycosidic
bonds in chitin via an oxidative reaction mechanism (Vaaje-Kolstad et al.,
2010). SmCBP21 generated normal non-reducing ends and non-reducing chain
ends that are C1-oxidized carbohydrates called aldonic acids (Figure 9a). It
was also shown that SmCBP21 activity is drastically boosted by the presence
of electron donors such as ascorbic acid or other reducing agents, and inhibited
by metal-chelators such as EDTA that can chelate divalent metal ions such as
copper. Experiments with 18O-labelled O2 or H2O confirmed that the reaction
involves molecular oxygen and that one of the oxygen atoms is incorporated in
the sugar product, while the other O atom goes to water, thus demonstrating
that the enzyme is a monooxygenase (Figure 9).

Figure 10. The trigon-bipyrimidal copper binding sites of Enterococcus faecalis CBM33A (now
EfLPMO10A PDB ID: 4ALC) (a) and the octahedral copper binding-site of GH61D from Phanerochaete chrysosporium (now PcLPMO9D, PDB ID: 4B5Q) (b). Of note are that the N-terminal
amine is a ligand of copper atom, and the methylated Nε of His1 in PcLPMO9D.
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Following the initial discoveries of the LPMO oxidative catalytic reaction
mechanisms of both AA9 and AA10 representatives, several characteristics
and features of LPMOs were elucidated. LPMOs utilizes copper (Forsberg et
al., 2011; Phillips et al., 2011; Quinlan et al., 2011), coordinated in a mononuclear type(II) copper binding site (Gudmundsson et al., 2014; Hemsworth et
al., 2013b), and can oxidize either the C1 or the C4 carbon, generating aldonic
acids and 4-keto sugars respectively (Figure 9). Structures of the oxidized,
Cu(II) and photoreduced , Cu(I) state of bacterial AA10 LPMOs have been
presented (Paper IV in this thesis) (Gudmundsson et al., 2014; Hemsworth et
al., 2013b). Also Aachmann et. al. has shown that CBP21 binds Cu(I) with
higher affinity than Cu(II) (Aachmann et al., 2012). In fungal AA9 LPMOs,
the ε-amine in the N-terminal histidine has been found to be methylated
(Figure 10b) (Quinlan et al., 2011). However, the function of this modification
is unclear. There are examples of fungal AA9 LPMOs that are active without
methylation at His1 (Wu et al., 2013a), and no effect of methylation was seen
in quantum mechanical calculations of the reaction mechanism (Kim et al.,
2014). More recently LPMOs with activity towards soluble oligosaccharides
(Isaksen et al., 2014), xyloglucan (Agger et al., 2014) and starch (Vu et al.,
2014) have been discovered. Revealing that the LPMO field is not limited to
enzymes acting on crystalline cellulose and chitin, but appears to be a more
widely used mechanism in regards carbohydrate cleavage.
Langston et. al. has shown that a Thermoascus aurantiacus LPMO
(TaGH61) can utilize cellobiose dehydrogenase (CDH) from Humicola insolens (HiCDH) as a reducing agent (Langston et al., 2011). It has been known
that CDHs are genetically co-regulated with cellulases, but the true function for
CDHs besides oxidizing cellobiose has yet not been elucidated (Henriksson et
al., 2000; Henriksson et al., 1995). CDHs are two-domain enzymes consisting
of a flavin adenine dinucleotide (FAD) domain that oxidizes cellobiose and a
heme domain that is believed to be responsible for transferring the electrons
generated by the FAD domain to an electron acceptor. The ability of CDHs to
act as electron donors to LPMOs points to a putative role of CDHs in lignocellulose degradation.
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3

Experimental

3.1 Protein X-ray crystallography
Macromolecular X-ray crystallography is a technique that allows for the observation of atoms and molecules organized into a crystal lattice. Atoms in a crystal lattice scatter incident X-rays that diffract in many directions. By measuring
the angles and intensities of the diffracting beams it is possible to retrieve an
image of the electron density of the atoms in the crystal. In the electron density
the relative placements of atoms, the bonds connecting them and information
of disorder can be modelled.
The first protein structure to be determined was that of myoglobin in 1958
by Sir John Cowdery Kendrew and his research colleagues in the Cavendish
Laboratory at Cambridge University, UK (Kendrew et al., 1958). After this
initial discovery the number of protein crystal structures have grown immensely until date. The field has been awarded a total 28 Nobel Prizes and the main
repository for protein structures, the PDB (www.rcsb.org/pdb), currently contains almost a hundred thousand entries for protein structures determined by Xray (Berman et al., 2000).
Macromolecular crystals, unlike their small inorganic and organic counterparts, constituted of up to 90% solvent. The interactions holding the crystal
lattices together are weak, mainly hydrogen bonds and van der Waals interactions. Dehydration, radiation damage or any other disturbance of the crystal
lattice can quickly damage a protein crystal irreparably. For a diffraction experiment to be successful the crystallinity must be kept intact.
The initial and biggest bottleneck for macromolecular structure solution is
the growth of good diffraction quality crystals. Although the parameters of
crystallization are more and more well understood, it is not possible to predict
under which conditions a given protein will crystallize. The standard approach
is too coarse-screen a wide range of crystallization conditions; such as buffer
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type, pH, small molecule additives, temperature, precipitants (salts, solvents
and polymers), ions and temperature, in hope of finding a hit that can be optimized by fine-tuning the initial crystallization condition found.

Figure 11. Top: Protein X-ray diffraction pattern of a protein crystal exposed in an X-ray beam.
Below: Bragg diffraction. When two beams of identical wavelength and phase travels the paths
ABC and A’B’C’ the lower beam travels an extra length of 2d sin θ. Constructive interference
occurs when that length equals an integer multiple of the wavelength (λ).
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Optimized crystals are retrieved from a crystallization experiment via cryoloops and immediately frozen by plunging them into liquid nitrogen, which
has a temperature of approximately 77K (−196 °C). The freezing of the crystal
prohibits the formation of ice crystals formed in the solution the macromolecular crystals are embedded in. Successful freezing of protein crystals generally
requires the presence of a cryoprotectant such as e.g. glycerol or various types
of polyethylene glycol. The diffraction experiment is then carried out either at
a home X-ray source or at one of the synchrotrons available around the world,
e.g. Max-Lab in Lund, Sweden. Synchrotrons provide high flux densities (photons per s per mm2), highly focused and tuneable incident X-ray beams. When
an incident X-ray beam interacts with the electrons around the atoms in a crystal the X-rays are scattered elastically in all directions. These scattered beams
will diffract, meaning that they will interfere with each other constructively
and destructively resulting in a diffraction pattern, as can be seen in the top part
of Figure 11. Diffraction peaks from a crystal will occur according to Braggs
law (Figure 11 bottom) (Bragg, 1913). To be able to calculate the electron density of a molecule from the diffraction pattern collected from a crystal, the position and intensity of the reflections must be indexed and integrated.
When making the physical measurements the phase information of the
beam is unfortunately lost, since light detectors, like CCDs, only measure the
intensity of light that hits them not the phase of the wave of the beam. This
phase problem can be solved by different means, several involving the effects
of heavy metals (or atoms significantly heavier than carbon oxygen and nitrogen, the main building blocks of a protein molecule) on the diffraction pattern
but the most widely used technique to sole a structure of a macro molecule
nowadays is called molecular replacement (MR). In this phasing technique one
utilizes an already known structures of homologous structures to the one to be
determined as search models.
These processes to handle collected X-ray diffraction data are handled by
crystallographic software packages such as e.g. the Collaborative Computational Project Number 4 (CCP4) software package (Winn et al., 2011) or
PHENIX (Adams et al., 2010). After an initial structure model is obtained of a
macromolecule such as a protein molecule, the structure model is further gradually improved by iterative building cycles using manual protein building
software like Coot (Emsley et al., 2010), and maximum-likelihood structure
refinement software like REFMAC (Murshudov et al., 1997). The refined
structure model is thereafter validated to ensure that the structure model do not
violate and geometry and other structure quality parameters before being deposited at the protein data bank (PDB) (Berman et al., 2000).
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3.1.1 Time resolved X-ray crystallography

To more fully elucidate the intricacies of a biochemical process, it is necessary
to study not only the resting state but also initial and end states, as well as intermediates along the reaction co-ordinates. X-ray crystallography gives, in
principle, an average structure of the crystallized component thus careful consideration needs to be taken when one wants to study the short lived transient
states that an enzyme and its substrate adopt. In the case of redox enzymes,
where the catalysed reactions involve several oxidation states and intermediates of their metal co-factors, this is not trivial since the X-rays during the datacollection liberate electrons that readily alter the redox state of active site
(Sjögren & Hajdu, 2001; Schlichting et al., 2000; Logan et al., 1996; Chance et
al., 1984; Chance et al., 1980). That X-ray radiation induces damage to crystalline macromolecules have been known for a long time (Blake & Phillips,
1962), and the dose limits for a cryo-cooled crystals is commonly taken as the
2 x 107 Gy (1 Gray (Gy) = 1 J kg-1), the dose which reduces the diffraction pattern to half of its original intensity, calculated by Henderson (Henderson,
1990). However the metals in redox enzymes active sites, in part by having
evolved to channel electrons to an oxidized active site, are readily reduced by
very low absorbed doses of X-rays (e.g. 3 MGy for reduction of 50 % of
Mn(II) centres in photosystem II (Yano et al., 2005)). Thus to be able to capture the structure of a redox centre at a certain oxidation state care must be taken to minimize the amount and impact of these side reactions.
In the seminal 2002 Nature paper by Berglund and co-workers they used the
approach of spreading the X-ray dose over many protein crystals combined
with single crystal microspectrophotometry that could probe the redox state at
a specific X-ray dose (Berglund et al., 2002). To be able to retrieve a complete
dataset at a given dose of each dataset on each crystal was collected with a certain offset, i.e. the starting angle for crystal one was 0°, 10° for crystal two, and
so forth until the whole angular range, the angle range needed to determine the
structure, had been covered. Then each frame of images of e.g. 10° from each
dataset was merged to create a set of composite datasets each representing the
structure at a given dose.
In Paper IV (Section 4.4) of this thesis we performed a similar experiment
on a bacterial LPMO. Whereas in the Berglund et. al. paper they utilized multiple crystals we performed this on one single crystal. We could achieve this by
utilizing the rod-like shape of the crystal used for the experiment and using a
very thin X-ray beam that can be achieved at a state of the art synchrotron. By
doing so we could distribute the X-ray dose over the length of the crystal by
translating the crystal along its axis during the whole duration of the data collection and thereby continuously feeding a new non-exposed part of the crystal
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into the X-ray beam. This data collection strategy allowed us to simply repeat
the data-collection following the same path through the crystal each time to
retrieve successive dataset with an increased X-ray dose for each of the collected data sets.
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4

Results and discussion

4.1 Biochemical Characterization and Crystal Structures of a
Fungal GH3 β-Glucosidase, Cel3A from Hypocrea jecorina
(Paper I)
Hypocrea jecorina as have been described is model organism for cellulose degradation and a workhorse for enzyme production. H. jecorina secretes three
GH3 enzymes, Cel3A, Cel3B and Cel3E (Foreman et al., 2003; Barnett et al.,
1991; Chirico & Brown, 1987b; Chirico & Brown, 1987a). HjCel3A comprises
~1% of the secretome of H. jecorina (Gritzali M. & D., 1979), a level that is
suboptimal for in vitro cellulose degradation. It has been shown that supplementing H. jecorina whole cellulase mixture with endogenous or exogenous βglucosidases significantly boost the degradation efficiency of this (Banerjee et
al., 2010; Salvi et al., 2010; Kumar & Wyman, 2009). At the time of this projects initiation the only published eukaryotic GH3 structure was that of the barley 1-3/1-4-β-glucanase, Hordeum vulgare ExoI (PDB ID: 1EX1) (Varghese et
al., 1999). This lack of structural information then on GH family 3 βglucosidase triggered further efforts to solve structures of this type of enzymes
and was also the rational for further biochemical and structural characterizations of GH3 enzymes from the model organism Hypocrea jecorina. In the
first paper included in this thesis we present the crystal structures of HjCel3A
expressed in either in H. jecorina or Pichia pastoris, and a glucose soaked ligand complex structure. We also characterized the HjCel3A enzyme kinetics on
a range of natural and synthetic substrates as well as presenting the increased
efficiency of saccharification by increased amounts of HjCel3A in H. jecorina
whole cellulase.
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4.1.1 Production of HjCel3A from H. jecorina and P. pastoris

The native HjCel3A gene (UniProt Q12715) was cloned into and subsequently
overexpressed in a H. jecorina strain lacking four genes coding for cellulases
(cbh1, cbh2, egl1, egl2). Transformants were grown in Vogel’s minimal medium with glucose and sophorose as carbon source (Vogel, 1956). The overexpressed protein constituted 80 % of the produced and secreted protein as determined by SDS-PAGE. The protein was subsequently purified using a Superdex 200 16/60 GL column (GE Healthcare) and concentrated. The purity of the
enzyme was determined by SDS-PAGE and isoelectric focusing.
The production of HjCel3A in P. pastoris (Pp-HjCel3A) was performed by
cloning and transforming the Hjcel3A gene into P. pastoris X33 (Invitrogen).
Transformants were grown in BMGY medium and expression was performed
in BMM medium with addition of methanol as an inducer. Pp-HjCel3A was
concentrated and buffer-exchanged into 25 mM sodium acetate, pH 5.0 for
crystallization.

Figure 12. The effect of HjCel3A produced in H. jecorina on saccharification of PASC (a) and
PCS (b) by whole cellulase. The total enzyme loading was kept constant at 20 mg of enzyme/g of
cellulose (solid symbols). X axis, weight percentage of HjCel3A; horizontal lines, conversion of
whole cellulase without added HjCel3A; vertical lines, percentage of HjCel3A at optimal conversion; error bars, S.D. of quadruplicate assays.

4.1.2 Effects of HjCel3A on Cellulose Degradation by Cellulase Mixtures

As stated in section 1.5 cellobiose is a major inhibitor of enzymatic cellulose
degradation, especially HjCel7A in case of H. jecorina (Gruno et al., 2004).
The hydrolysis of cellobiose to glucose by β-glucosidases will synergistically
enhance the efficiency of cellulose degradation. A portion of the whole cellu40

lase mixture was replaced with purified HjCel3A on an equal protein basis, the
conversion of both phosphoric acid swollen cellulose (PASC) and pretreated
corn stover (PCS) increased (Figure 12). Optimal conversion was observed for
mixtures that had increased HjCel3A levels (Fujdala & Larenas, 2010).
4.1.3 Broad substrate specificity of HjCel3A

HjCel3A has been known to hydrolyse oligosaccharides from a degree of
polymerisation (DP) of 2 to DP6, as well as of various β-linked disaccharides
(Korotkova et al., 2009). We determined the kinetic parameters for HjCel3A in
detail for a range of oligosaccharides (cellobiose to cellotetraose), β-1,2 , β-1,3
and β-1,6 linked disaccharides (sophorose, laminaribiose and gentiobiose) and
the chromogenic substrate CNPG. The values are summarized in Table 1. The
results confirm the broad substrate specificity of HjCel3A. It is thus capable of
hydrolysing different β-linked disaccharides with the highest affinity for the β1,3-D-linked laminaribiose. Similar results have also been observed for two
other well-characterized GH family 3 β-glucosidases HvExoI and TnBgl3B
(Hrmova et al., 2002; Zverlov et al., 1997). Our experimental data also show
that HjCel3A prefers hydrolysis of slightly longer oligosaccharides than disaccharides (i.e. cellotriose and cellotetraose. For longer substrates, subsites further away from the active site may be important for specificity (Hrmova et al.,
1998; Hrmova et al., 1995) The dramatic increase in specificity for the hydrolysis of cellotriose versus cellobiose suggests that the +2 subsite should be important for activity on β-1,4-linked oligosaccharides.

Table 1. HjCel3A enzyme kinetics
Substrate

KM

kcat

mM

-1

s

kcat/KM
M

-1 -1

s

Cellobiose

0.35 ± 0.04

16.0 ± 0.48

0.5 x105

Cellotriose

0.036 ± 0.006

31 ± 0.8

8.5 x105

Cellotetraose

0.036 ± 0.006

24 ± 0.11

8.0 x105

Gentiobiose

0.53 ± 0.08

8.0 ± 0.40

0.2 x105

Laminaribiose

0.25 ± 0.03

28.0 ± 0.84

1.1 x105

Sophorose

0.45 ± 0.03

23.0 ± 0.46

0.5 x105

CNPG

0.087 ± 0.01

28.0 ± 1.12

3.2 x105

In the structure of HvExo1 in complex with thio-linked laminaribiose (Hrmova
et al., 2002), it was shown that the glucopyranose residue in the +1 subsite
bound with the β (apolar) face toward Trp286, whereas in the structure complex with thio-linked cellobiose, the glucopyranose residue bound with the less
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hydrophobic α face toward Trp286 (Figure 13b). In HjCel3A, the corresponding tryptophan residue, Trp237, has swung inward to the +1 subsite, whereas
Trp37, with the side chain oriented 90° in relation to Trp237, together with
Phe260, forms a hydrophobic patch at the approximate location of Trp286 of
HvExo1. On the other side of the +1 subsite, the phenyl ring of Tyr443 is likely
to play the same role as the benzene ring of the Trp434 in HvExo1. The hydrophobic patch may better complement the β face of a predicted bound laminaribiose than the assumed α face that would be the case for cellobiose and
sophorose (Figure 13a). This may contribute to the preference of HjCel3A for
(1-3)- over (1-4)- and (1-2)- β-D-linked disaccharides seen in our experiments.
Judged by the structure, a putative +2 subsite of HjCel3A has only two residues, Asp370 and Phe260 that are in position to interact with a glucopyranose.
None of these two residues are conserved among GH3 enzymes, although they
commonly occur in sequences of fungal GH3 β-glucosidases. Given the importance of the +2 subsite in HjCel3A, it is surprising that the assumed +2 site
cannot show more potential interactions with a glycan residue.
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Figure 13. Stereoviews of the -1 and +1 substrate binding subsites with a van der Waals surface
representation of Hypocrea jecorina Cel3A + glucose, yellow (PDB ID: 3ZYZ) (a), Hordeum
vulgare Exo1, red, + thio- cellobiose, violet (PDB ID: 1IEX) (b), and Thermotoga neapolitana
Bgl3B + glucose, green (PDB ID: 2X41) (c).
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Figure 14. Schematic cartoon representation of the overall structure of HjCel3A. The three domains are colored blue (A domain), yellow (B domain), and red (FnIII domain). The two domain
linker regions are shown in orange (linker 1) and green (linker 2). The glucose bound in the active
site and the N-glycans are depicted in magenta and yellow sticks respectively.

4.1.4 HjCel3A Crystal Structures

H. jecorina-expressed HjCel3A crystallized with one molecule in the asymmetric unit in space group P212121 for both the apo and glucose-complexed
forms and the P. pastoris-expressed HjCel3A (Pp-HjCel3A) crystallized with
two molecules in the asymmetric unit in space group C21. The structures were
solved to 2.1 Å (HjCel3A, HjCel3A + glucose) and 2.5 Å (Pp-HjCel3A + glucose). The crystallographic R-factors for the final structure models of the
HjCel3A, HjCel3A-glucose complex, and Pp-HjCel3A are 17.5, 18.3, and
20.1%, respectively, whereas the R-free values are 22.2, 22.8, and 27.0%, respectively.
The overall fold of HjCel3A bears a strong resemblance to that of TnBgl3B
(Pozzo et al., 2010) and is composed of three distinct domains (Figure 14).
Secondary-structure matching (SSM) superposition (Krissinel & Henrick,
2004) of the HjCel3A structure and of the TnBgl3B gives a root mean square
distance (RMSD) of 1.6 Å. The A-domain encompasses residues 7–300. This
domain is joined to the B-domain with a 16-residue long linker (residues 301–
316). The B-domain, a five-stranded α/β sandwich, comprises residues 317–
522 and is followed by a third domain, the FnIII-domain, which is composed of
residues 580–714 and has an immunoglobulin type topology. The folds represented by domains A and B together are present in many GH3 β-glucosidases,
and the fold was first described for HvExo1 (Varghese et al., 1999). Whereas
the A-domain of HvExo1 has a canonical TIM barrel fold, with an alternating
repeat of eight α-helices and eight parallel β-strands in an α/β barrel, domain A
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of HjCel3A lacks three of the parallel β-strands and the two intervening αhelices. Similarly to what was reported for TnBgl3B, domain A has instead
three short antiparallel β-strands, which, together with five parallel β-strands
and six α-helices, form an incomplete or collapsed TIM-barrel like ββ(β/α)6
fold.
4.1.5 Active Site Geometry and Substrate Specificity

As in other GH3 β-glucosidases the HjCel3A active site is situated at the interface between domain A and B. The nucleophile and acid/base active site residues of HjCel3A (Asp236 and Glu441) have their side chains pointing toward
the active site and are present at almost identical positions as the catalytic residues of HvExoI (Asp285 and Glu491) and TnBgl3B (Asp242 and Glu458)
(Figure 13a-c). The structures of apo-HjCel3A and HjCel3A-glucose are essentially identical except for the presence of a glucose molecule bound at the -1
subsite in the complex structure. Clear density is observed for this glucose accommodated at the -1 subsite. The -1 subsite seems to have a highly conserved
com- position among the structures of HjCel3A, TnBgl3B, and HvExoI (Pozzo
et al., 2010; Hrmova et al., 2005; Hrmova et al., 2004; Varghese et al., 1999)
with a tight network of hydrogen bonding involving residues Asp62, Arg125,
Lys158, His159, Tyr204, Asp236, and Glu441 of HjCel3A.
In comparison to TnBgl3B, HjCel3A possesses a much more shallow active
site binding cleft. On domain A there are two loops that connect α-helix
Asn24–Ser33 and β-strand Gly44– Thr46 and β-strand Leu57–Gln60 and αhelix Pro77–Thr84 that are both shorter in the structure of HjCel3A than the
corresponding loops of the TnBgl3B structure. Opposite the extended loops of
domain A TnBgl3B also has peculiar loop protruding from an α-helix, (residues 393-410) that substitutes a β-strand of canonical β-sandwich domain,
which is partly unmodelled but is situated so that a significant deepening of the
active site cleft occurs compared to HjCel3A.
The active site loop of HjCel3A (residues 438 – 460) in domain B in which
the acid/base amino acid Glu441 is situated is 8 residues longer (Tyr443–
Ala450) in HjCel3A than the corresponding loops in HvExoI and TnBgl3B. At
each side of this loop there are two glycine residues (Gly442 and 451). Glycines are known to promote structural flexibility (Schwarzinger et al., 2002;
Callebaut et al., 1994). These glycines could potentially serve as hinges for
opening and closing of this loop and thus play a role in activity and/or substrate
recognition of the enzyme in regards to its substrate. In the structure of
HjCel3A, this loop is bent away from the active site, and as a result, the side
chain of Tyr443 is brought to a position that has become an integral part of the
+1 subsite of the enzyme (Figure 13a).
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4.1.6 HjCel3A and Pp-HjCel3A comparison and N-Glycosylation

Pp-HjCel3A is considerably more glycosylated than HjCel3A. In SDS- PAGE
analysis, the Pp-HjCel3A sample ran at a significantly higher apparent molecular mass than HjCel3A. Previous studies on fungal GH3 β-glucosidases shown
no difference in activity and stability of heterologously produced forms from
P. pastoris (Liu et al., 2012; Hong et al., 2007). Limited characterization of the
two forms on short cellooligosaccharides show that this applies to HjCel3A as
well.
HjCel3A was analyzed for glycosylation sites by peptide analysis using
MS. For six of the seven N-glycosylation sequons that are present in HjCel3A,
the glycosylated form was identified (positions 45, 208, 310, 417, 566, and
613). Although on average three sites were glycosylated due to the presence of
multiple glycoforms. For the Pp-HjCel3A all seven site were found to be glycosylated. The two monomers in the asymmetric unit of Pp-HjCel3A appear to
have an orientation with an axis of pseudosymmetry between the Asn208 Nglycosylations, for which continuous electron density supports eight glycans
that have been modeled as two NAGs and six mannose residues.

Figure 15. Three asymmetric units of Pp-HjCel3A, each containing two protein molecules, are
shown in blue, purple, and green. The crystal contacts with van der Waals interaction between
glycan molecules are indicated by black circles. The intermolecular interactions involve both of
the glycosylation sites at Asn208, located at the dimer interface of the non-crystallographic symmetry-related molecules, and at Asn310.
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4.1.7 Conclusions

The β-glucosidase HjCel3A from H. jecorina is an enzyme of industrial relevance and, as part of cellulase mixtures, contributes to the efficient production
of fermentable sugars from lignocellulosic substrates. Enhanced levels of
HjCel3A in H. jecorina cellulase mixtures benefit cellulose conversion.
HjCel3A contributes to cellulose degradation by converting cellobiose to glucose and is especially efficient in converting longer cellooligosaccharides to
glucose.
HjCel3A was produced in H. jecorina as well as in P. pastoris. Both samples crystallized, and the determined protein structures are essentially identical.
The -1 subsite of HjCel3A is well conserved and displays the same geometry
as determined for other GH3 β-glucosidases. The +1 subsite of HjCel3A appears to be narrower than those of the other known GH3 β-glucosidases for
which the three-dimensional structure has been determined. Features were
identified that are in agreement with the determined substrate specificity of
HjCel3A.
The N-linked glycosylations attached to the enzymes, which are more extensive in the P. pastoris-produced sample changes neither the thermal stability
nor the activity of the enzyme. It appears to be a coincidence that in both structures, the same two asparagine residues are glycosylated, and in both structures, the glycosylations are involved in crystal contacts and as such contribute
to the formation of the crystallographic space group. The protein structures
obtained from the two samples are identical; thus, the main effect of the differences in glycosylation appears to be crystallization in either the P212121 or C21
space groups.

4.2 Structural and Functional Studies of Glycoside Hydrolase
Family 3 β-Glucosidase Cel3A from the Moderately
Thermophilic Fungus Rasamsonia emersonii (Paper II)
We did in a previous study show (Paper I) that enriching the H. jecorina secretome with additional amounts of the endogenous β-glucosidase Cel3A
(HjCel3A) increase the performance of the mix for conversion of cellulose to
glucose (Karkehabadi et al., 2014; Barnett et al., 1991). An approach for further improving the enzyme mixtures is to substitute components with homologs from alternative sources. The most widely studies biomass degrading enzymes are from organisms, such as Trichoderma, Aspergillus and Penicillium,
that are active in a temperature range of about 40 to 50 °C. Increasing the reaction temperature has a large impact and advantages on enzymatic biomass degradation via increased hydrolytic rates, enhanced mass transfer and decreased
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substrate viscosity. The caveat for enzymes being that they quickly become
unstable and inactivated at elevated temperatures. To overcome this deficiency
of enzymes from mesophilic fungi one can deploy enzymes from thermophilic
hosts. Enzymes from thermophilic fungi can often tolerate higher temperatures
than their mesophilic counterparts, with some being active up to 70 – 80 °C
(Margaritis & Merchant, 1986; Margaritis & Merchant, 1984). It has been reported that cellolytic ability of thermophilic species was several times higher
than for mesophiles and examples of their enzymes showing higher hydrolytic
capabilities although their extracellular enzyme titres were lower than for traditionally used species (Wojtczak et al., 1987; Tansey, 1971).
We did in our study find that the secreted β-glucosidase Cel3A from the
thermophilic fungi Rasamsonia emersonii (previously Talaromyces emersonii)
(ReCel3A) yielded significant performance boost when supplemented in cellulase enzyme mixtures compared to adding same amount of HjCel3A. We subsequently biochemically characterised ReCel3A and solved the threedimensional structure of the enzyme to 2.2 Å.
4.2.1 Production of ReCel3A

The cel3a gene from R. emersonii (Gene bank nr. AAL69548.3) was cloned
and transformed into a derivative of H. jecorina RL-P37 deleted for four major
cellulases (cel5A, cel6A, cel7A, and cel7B) (Foreman et al., 2005). Successful
transformants were subsequently grown on Vogel's minimal medium (Vogel,
1956) with a mixture of glucose and sophorose as carbon source. The resulting
H. jecorina strain did express ReCel3A at levels of more than several grams
per litre, constituting more than 50 % of the total secreted protein, as judged by
SDS-PAGE. The concentrated culture filtrate was then purified for crystallization on a Superdex 200 16/60 GL column (GE Healthcare) followed by concentration.
4.2.2 Biochemical properties of ReCel3A

Previously we demonstrated that H. Jecorina cellulase mixtures with increased
levels of native β-glucosidase HjCel3A have enhanced cellulose degradation
activity (Paper I) (Karkehabadi et al., 2014). Here H. Jecorina P37 Dbgl1
whole cellulase (lacking HjCel3A) mixtures supplemented with increasing levels of either ReCel3A or HjCel3A were compared for the degradation of dilute
acid pretreated corn stover (PCS) (Figure 16). The mixtures containing ReCel3A showed up to a 25 % increase of glucose release compared to mixtures
with an equal amount of HjCel3A added.
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Figure 16. Saccharification of acid pretreated corn stover with 10 mg/g H. jecorina strain P37
Δbgl1 supplemented with 0.1 – 10 mg/g β-glucosidases. Horizontal lines indicate the conversion
levels of 10 and 20 mg/g P37 Δbgl1 as indicated.
Table 2. Kinetic parameters of ReCel3A with chromophoric substrates, and disaccharides and
oligosaccharides.
Substrate!

KM!!

kcat!

kcat/KM!

!

m M!

s01!

!M01S01!

CNPG!

0.40!

14!

3.6!x!104!

p0NPG!

0.40!

5.4!

1.4!x!104!

CNPX!

0.66!

0.23!

3.5!x!102!

cellobiose!

0.78!

5.5!

7.1!x!103!

cellotriose!

0.39!

0.72!

1.9!X!103!

Table 3. Melting temperatures of HjCel3A and ReCel3A with and without the presence of glucose.
β0glucosidase!

Tm!(°C)!

HjCel3A!

77.6!

HjCel3A!+!1!mM!glucose!

79.0!

ReCel3A!

87.3!

ReCel3A!+!1!mM!glucose!

87.3!

Initial biochemical characterization of ReCel3A has been performed by Murray
et. al. (Murray et al., 2004). In that study it was shown that ReCel3A was a
rather thermostable GH3 β-glucosidase and retained much of its activity even
at higher temperatures. We compared the melting temperatures of ReCel3A
and HjCel3A, shown in Table 3. The melting temperature of ReCel3A, 87.3
°C, is 10 °C higher than the 77.6 °C of HjCel3A in absence of glucose. In the
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presence of 1 mM glucose HjCel3A shows a slight increase in melting temperature to 79 °C, whereas that of ReCel3A is unaffected. We subsequently investigated the enzymatic properties of ReCel3A on different soluble glucan substrates, seen in Table 2. The highest catalytic efficiency of ReCel3A, among
the substrates tested was for hydrolysing CNPG, but more interestingly there
was a higher Kcat/Km towards cellobiose over cellotriose. Hrmova et. al.
(Hrmova et al., 1998) has previously shown that the barley β-glucanase ExoI
(HvExoI) has an increased affinity towards longer cellodextrins. This is also
the case for HjCel3A (Karkehabadi et al., 2014), which indicates, combined
with their reported broad substrate affinity, that hydrolysing accumulating cellobiose during the degradation of cellulose might not be their primary or only
biological function. The superior performance of ReCel3A on PCS, compared
to HjCel3A, could be explained by its apparent preference for cellobiose compared to other types of disaccharides and cellodextrins and potentially also its
higher stability compared to HjCel3A.
4.2.3 ReCel3A crystal structure

ReCel3A was crystallized in the orthorhombic space group P212121, with refined unit-cell parameters of; a = 137.3 Å, b = 148.6 Å, c = 196.4 Å. The molecular replacement solution using the program Phaser (McCoy et al., 2007)
gave the best solution with four protein molecules (MW = 90.4 kDa) in the
asymmetric unit, with a calculated VM of 2.77 Da-1 (Matthews, 1968), and an
estimated solvent content of 56%. Initial phases were obtained using H. jecorina Cel3A (PDB ID: 3ZZ1) as search model. The ReCel3A structure, at 2.2 Å
resolution, was refined to final Rwork and Rfree values of 18.8 and 23.8, respectively. The final ReCel3A structure model, consisting of four noncrystallographic symmetry (NCS) related ReCel3A molecules in the asymmetric unit, Figure 17, contains in total 3348 amino-acid residues, 1842 water
molecules and a total 181 carbohydrate residues. Each protein chain consists of
834 amino acid residues and the first and last visible residue in all four ReCel3A molecules in the crystal structure is D21 and P855, respectively, of the
translated deposited ReCel3A DNA sequence (GenBank: AAL69548.3). Residues 1 to 20 of the ReCel3A sequence constitute the signal peptide, as predicted by the SignalP server (Petersen et al., 2011), and is cleaved off prior the
secretion of the mature protein.
4.2.4 ReCel3A crystal structure model and overall fold

The crystal structure model of ReCel3A is composed of four NCS related protein molecules. It has been shown that ReCel3A form dimers in solution
(Murray et al., 2004), which was confirmed in this study when performing gel
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filtration characterization of ReCel3A, and is clearly supported by the crystal
structure and in the AaBGL1 structure (Suzuki et al., 2013). The two molecules
in the dimer are related by a 180 degrees rotation, Figure 17.

Figure 17. (a) Cartoon representation of the Rasamsonia emersonii Cel3A dimer. The A-domain
is coloured in light grey, the linker-1 in dark blue, the B-domain in gold, the linker-2 in cyan, the
C-terminal FnIII-domain in red, the N-linked glycosylations in yellow, and the glucose in the -1
subsite in depicted magenta. (b) The view is rotated 90° compared to (a), and now shows the
tetrameric assembly of ReCel3A in the asymmetric unit. The two protein chains in the second
dimer are coloured in teal and purple. N-linked glycosylations are depicted in yellow sticks.
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The overall structure of ReCel3A is composed of three distinct domains, similar to HjCel3A, and can be observed in Figure 17. The first domain of ReCel3A (residues 21 - 342 and coloured light grey in Figure 17) has a TIM barrel-like ββ(β/α)6-barrel fold, which varies in some significant ways compared
to the canonical TIM-barrel present in HvExoI (Yoshida et al., 2010). The most
remarkable difference is the anti-parallel direction of the second β-strand of the
TIM-barrel, as was also noticed for Thermotoga neapolitana β-glucosidase
GH3 enzyme TnBgl3B, solved by Pozzo et al. 2010 (Pozzo et al., 2010). Another difference is the absence of the first and second α-helices in the TIMbarrel, a feature that also was found in the Kluyveromyces marxianus GH3 enzyme KmBglI solved by Yoshida et al., 2010 (Yoshida et al., 2010). Noteworthy is also the low amount of hydrogen bonds between the β-strands in the ReCel3A ββ(β/α)6-barrel. In the region of the first and the last β-strand of the barrel, ReCel3A has only two residues in each of the secondary structure elements, which according to the Stride definitions (Frishman & Argos, 1995) are
not defined as β-strands as in the canonical TIM barrel fold but as isolated βbridges. Each of the two loops preceding the isolated β-bridges contains one
aromatic side chain that together is forming a hydrophobic patch on one side of
the assumed glycan binding subsite +1. Furthermore, there are no hydrogen
bonds between the fourth and fifth β-strands in this collapsed TIM barrel.
An interesting observation is that out of all currently available threedimensional structures of GH3 proteins that share the ββ(β/α)6-barrel fold all
also have a C-terminal FnIII-domain present in the overall structure organization. This third domain might contribute in stabilizing the fold of the first TIM
barrel domain of the structure, and allow the otherwise stable TIM barrel to
collapse during evolution and open up for changes around the catalytic centre
The A and B domains of ReCel3A are linked by a 39 residues long linker
(residues 343-382). This loop that previously has been observed to affect the
catalytic activity of GH3 β-glucosidases (Hong et al., 2006). This loop is also
present in ReCel3A, and constitutes part of the linker between domain A and
domain B in the structure. This region of the linker is completely absent in the
structures of HjCel3A, TnBgl3B and KmBGLI. This loop interacts with both
the extended C-terminal loop of ReCel3A as well as with the large glycosylation attached to Asn319 on domain one in ReCel3A, Figure 18. One could
speculate that one importance of the extended loop on domain three of ReCel3A, and the proximal glycosylations, is to stabilize the hydrophobic regions
of linker 1, which may in itself promote association to and binding with natural
substrates. There are no proof for this hypothesis and will have to be investigated further.
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The second domain of ReCel3A (residues 383 – 584, coloured gold in Figure 17) is an (α/β)6 sandwich domain, a domain that is commonly present in
GH3 enzymes and when it is present contains the glutamate that acts as general
catalytic acid/base (Varghese et al., 1999). The two long loops succeeding the
second and forth β-strands (residues 418-457 and 502-525, respectively) in the
second domain are heading towards the catalytic centre. The loop proceeding
the forth β-strand of the second domain contains a short β-hairpin motif (residues 509-510 and 513-514), the catalytic general acid Glu505, and Tyr507 that
is positioned to enable aromatic ring stacking with a glycan unit bound in an
assumed substrate binding subsite +1.

Figure 18. Surface representation of Rasamsonia emersonii Cel3A with the corresponding two Nglycosylations coloured in yellow. The extended C-terminal loop of ReCel3A (red) is showed as
ribbon.
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Figure 19. Stereo representations of the catalytic centres of GH3 β-glucosidases in sticks. Rasamsonia emersonii Cel3A is shown in yellow and the -1 glucose monomer in grey, Aligned structures are shown in blue and respective ligands from aligned structures are shown in magenta. (a)
shows Hypocrea jecorina Cel3A (PDB ID: 3ZYZ), (b) shows Thermotoga neapolitana Bgl3B
(PDB ID: 2X41) and (c) shows Hordeum vulgare ExoI (PDB ID: 1IEX).

The third domain of ReCel3A (residues 649 – 855, coloured red in Figure 17)
consists of seven β-strands forming two β-sheets with an FnIII or immunoglobulin-like fold, which could be classified as an s-type collapsed β-barrel
(Bork et al., 1994). Two additional short β-strands of domain three form a
small sheet in the N-terminal part of the domain. After the first β-strand a 94
residues long loop protrudes (residues 663-756), embracing the N-terminal
collapsed TIM barrel domain, shown in Figure 18. The tip of the loop ends up
near the active site of ReCel3A where it interacts with loops that build up the
sides of the catalytic centre. This “arm” crosses over the extended N-terminus
of ReCel3A, and also covers three extensive glycosylation chains (chains ema-
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nating from asparagine 61, 312 and 319) of the first domain. The long loop
protruding from the third domain of ReCel3A that “embraces” domain one,
Figure 18, seems to be found only among members of cluster C2 of the
Cournoyer & Faure classification. In HjCel3A, this loop is much shorter and
consists of only 21 residues (residues 594-614 of HjCel3A) compared to 94
residues in ReCel3A. The elongated linkers (residues 343–382, 585–648, and
663-756 that all are pointing toward the active centre), and contribute in deepening the substrate binding cleft in ReCel3A compared to HjCel3A.
4.2.5 Binding subsites

The extensive amount of hydrogen bonds between the protein and the ligand
bound in the catalytic centre of GH3 glucosidases makes the binding in subsite
-1 in these enzymes highly specific. All the glucose binding residues in subsite
-1 are conserved within the currently available structures of GH3 βglucosidases, except for the tyrosine binding to the anomeric oxygen, which is
substituted by a phenylalanine in ExoP from the marine bacterium Pseudoalteromonas sp. BB1 (Nakatani et al., 2012). The two catalytic residues in ReCel3A were identified based on homology to other GH3 structures, to be
Asp277 (nucleophile) and Glu505 (acid/base) based on homology to other
GH3 structures. In accordance with other GH3 enzymes (Hrmova et al., 2001;
Varghese et al., 1999), Asp277 is located on the A-domain and Glu505 on the
B-domain. The subsite -1 pocket is positioned at the carboxy side of the barrellike fold of domain A and is mainly built up by amino acids from domain A of
the molecule. Clear density is observed in the ReCel3A structure for a glucose
unit in the -1 subsite in all four NCS molecules. No indication of distortion
from the relaxed chair conformation can be seen. The only direct hydrogen
bond between the glucose unit in subsite -1 and domain two is through the carboxyl group of the general acid/base Glu505 and the anomeric carbon oxygen
of the glucose molecule bound in the -1 subsite, with a distance of 2.62 Å. A
comparison of the -1 sites and their immediate environments are shown for
ReCel3A overlaid with HjCel3A, TnBgl3N and HvExoI in Figure 19.
In HvExoI, the suggested +1 site is lined by two tryptophan residues,
Trp286 and Trp434 (Figure 19c), which have been referred to as a “coin slot”
and are proposed to be the basis of the broad substrate specificity of HvExoI
(Varghese et al., 1999). In ReCel3A, Trp278 aligns in sequence with Trp268 in
HvExoI but has a similar inward shifting towards the -1 subsite as the corresponding tryptophan residues in HjCel3A and TnBgl3B (Figure 19a-b). The
inward shifting of the tryptophan residue breaks the “coin slot” and the rearrangement is a direct consequence of the collapsed TIM barrel in the ReCel3A
structure, as described previously. The -1 subsite widens when the 2nd barrel β-
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strand is shorter and anti-parallel and, similar to what was reported for
TnBgl3B, the +1 subsite is narrowed on one side by a loop (residues 197 – 212
in ReCel3A) not present in HvExo1 while present in many β-glucosidases. The
sidechains of Arg200 and Gln201 of ReCel3A located on this loop would restrict the allowed conformations of a di- or oligo-saccharide substrate when it
is bound with the non-reducing end in the -1 subsite. This restriction would
“push” the linked glucopyranose residues towards Trp278 and the +1 subsite.
Further away from the active site the same loop is extended in ReCel3A compared to other β-glucosidases with known structure. Only BGL1 from Aspergillus aculeatus (AaBGL1) contains a similar but slightly longer loop (Suzuki
et al., 2013). Next to Trp278 in ReCel3A and replacing one side of the “coin
slot” described for HvExoI are the side chains of Phe302 and Trp68 (Figure
19). These are pointing in parallel towards the active site and form a hydrophobic knob in the +1 and +2 subsites. This stacking of the phenylalanine and
tryptophan residues narrows the +1 subsite close to the active site and was also
observed in AaBGL1.
As we showed in paper II HjCel3A prefers hydrolysis of slightly longer oligosaccharides, i.e. cellotriose and cellotetraose to that of cellobiose. Our data
for ReCel3A show that this enzyme prefers cellobiose to cellotriose. There is
no increase in activity on cellotriose compared to cellobiose, which indicates
that the +2 subsite contributes relatively little to the substrate recognition. For
HjCel3A, the activity increased for cellotriose compared to cellobiose, thus
indicating the importance of a +2 subsite for HjCel3A. The enzyme structures
show that in the +1 subsite of ReCel3A the plane of Trp68 sidechain has turned
almost 90 degrees away from the +1 subsite when compared to the structure of
HjCel3A. This allows for the stacking of Phe302 and Trp68 sidechains, as described above, and puts the phenylalanine residue in the +1 subsite rather than
in the +2 subsite as in HjCel3A. As a consequence the existence of a +2 subsite
is less pronounced in ReCel3A than in HjCel3A, where the Phe260 also is
complemented with an asparagine (Asn261 in HjCel3A) to form a +2 subsite.
The lack of a +2 subsite in ReCel3A could explain the activity profile for the
enzyme of being a more pronounced cellobiase than HjCel3A.
4.2.6 N-glycosylation

ReCel3A is highly N-glycosylated. There are a total 16 potential glycosylation
sites in ReCel3A, with the canonical N-glycosylation recognition sequence NX-S/T. The ReCel3A structure model contains a total of 181 attached glycosylation residues. In spite of this relatively generous glycosylation of the ReCel3A
molecules, it was possible to crystallize the protein without enzymatic removal
of the N-glycans prior the crystallization experiments. A large number of car-
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bohydrate chains attached to the ReCel3A molecules in the structure model can
be observed and modelled, the longest chain being composed of ten carbohydrate residues. We can also see that the glycosylation chains are contributing
with crystal contacts to NCS and symmetry related molecules in the structure.

Figure 20. (a) Glc1Man5GlcNAc2 N-glycan bound to Asn249. (b) Man8GlcNAc2 N-glycan bound
to Asn319 in the Rasamsonia emersonii Cel3A structure.

In ReCel3A we can model carbohydrate chains, such as Man7GlcNAc2,
known to be prevalent in the Rut-C30 derived strains of H. jecorina (Stals et
al., 2004). Wild-type strains of H. jecorina show a more normal endoplasmic
reticulum (ER) glycosylation trimming, yielding Man5-6GlcNAc2 chains. Such
glycans are the result of the trimming of Glc3Man9GlcNAc2, which then is
transferred to the nascent peptide chain in the ER, by α-glucosidases found in
the ER. Further trimming occurs normally by action of α-mannosidases and βN-Acetylglucosaminidases. The Rut-C30 derived strains have an inefficient
ER-α-glucosidase, which accounts for the presence of untrimmed monoglycosylated N-glycans (Stals et al., 2004). We can clearly observe both the longer
incompletely trimmed glycan chains, Man8GlcNAc2 (Figure 20b), and shorter
monoglycosylated Glc1Man5GlcNAc2 (Figure 20a) and Man5-6GlcNAc2 chains
as well as single N-acetylglucosamine (GlcNAc) residues in the ReCel3A
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structure. Modelled carbohydrate glycans are not by themselves evidence of an
N-glycosylation pattern. It is expected that glycosylation chains that are flexible and not restrained by the protein crystal packing cannot be observed
through crystallographic methods. However, single GlcNAc residues are observed in the ReCel3A tetramer that cannot be part of a longer glycan as they
pack tightly between protein chains and presumably provide important crystal
contacts.
The exact mechanisms of how glycosylations affects the structure and function of cellulases and other proteins are unknown. The classical example for
cellulases is that the O-glycosylation on flexible linkers impart protease resistance (Langsford et al., 1987). Glycosylation has been shown to increase
solubility, reduce aggregation and enhance thermal stability of proteins
(Kayser et al., 2011; Wang et al., 2010; Ioannou et al., 1998). . In ReCel3A
most of the larger glycans reside on the first domain. The glycan chains at asparagines 438 and 519 are situated on the second domain close to the proposed
dimer interface of ReCel3A. The N-glycosylation chain at Asp319 shows a
remarkable feature of being buried by the extended C-terminal loop. Two conserved aromatic residues; Tyr720 and Tyr727, on this loop provide stacking
interactions to the two buried NAG residues, 1201 and 1202. As has been stated previouslyReCel3A most likely exists as a dimer in nature. Interestingly, the
overall glycosylation pattern for the dimer shows that the active site on each of
the monomer seems encircled by glycans, of which some glycans originate
from the other monomer, Figure 17. Interestingly the opposite face of ReCel3A
is seemingly devoid of glycosylations, both modelled glycans and predicted
sites, with the notable exception of Asn470 and its single GlcNAc residue that
is only observed in two of the NCS molecules of the ReCel3A structure. The
GlcNAc moiety interacts with the adjacent symmetry molecule. One function
of the extensive glycosylations of ReCel3A, as well of other enzymes from the
same GH3 subfamily, could be to protect the active site from aromatic compounds such as e.g. lignin compounds from the degraded biomass.
4.2.7 Conclusions

The GH family 3 β-glucosidase Cel3A from R. emersonii is an industrially relevant enzyme and an efficient supplement to whole cellulase mixtures expressed by H. jecorina from an application point of view for the production of
fermentable sugars from lignocellulosic biomass. ReCel3A appears to have a
preference for disaccharides over longer β-1,4 glucans indicating a primary
role for this β-glucosidase as a cellobiose in the degradation of cellulosic biomass. The three-domain structure architecture of ReCel3A, the collapsed TIMbarrel, α/β sandwich and FnIII domain, also contains an extended C-terminal
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loop and a relatively high number of attached N-glycans. The majority of the
attached glycans are either covered by the extended loop present in the ReCel3A structure, or are situated at the dimer interface between two ReCel3A
molecules. This might suggest that the glycans are functional in the sense of
stabilizing the loop covering the collapsed TIM-barrel domain, and possibly
providing binding interactions at the dimeric interface. ReCel3A exhibits a
higher thermostability compared to HjCel3A, and enhances the PCS saccharification compared to HjCel3A. Which would make ReCel3A a potential candidate for replacing an enzyme like HjCel3A in commercial enzyme mixtures for
conversion of ligno-cellulosic biomass into fermentable sugars. Due to its
thermal stability, ReCel3A could be part of an enzyme mixture that is optimized to operate at elevated process temperatures and thereby potentially resulting in overall increased saccharification reaction rates for the process.

4.3 Structural studies of a Glycoside Hydrolase Family 3 β–
glucosidase from the Model Fungus Neurospora crassa
(Paper III)
Organisms such as the filamentous fungi Neurospora crassa, which in nature is
found decomposing and consuming dead plant material, produces and secretes
a full suite of enzymes that in an orchestral fashion are able to completely decrystallize and depolymerize cellulose as well as other plant cell wall polysaccharides (Tian et al., 2009). With the knowledge that N. crassa is a plant degrader and as H. jecorina is considered a model organism because of its well
characterised sexual cycle and genomics we decided to investigate one of its
secreted GH3 enzymes. In the genome of N. crassa there are at least eight
genes encoding for GH3 enzymes. Three of these genes have a signal peptide
and are expected to be secreted GH3 enzymes, GH3-1 (Bgl7, NCU03641),
GH3-3 (Bgl6, NCU08755) and GH3-4 (Bgl2, NCU04952). These three gene
products are upregulated when wild-type N. crassa is grown with cellulose as
the main carbon source (Wu et al., 2013b). Of these, the GH3-3 and GH3-4
have been experimentally characterized as true β-glucosidases (Bohlin et al.,
2010; Tian et al., 2009). The GH3-3 has been identified in the conidia cell
walls of N. crassa (Maddi et al., 2009) and GH3-4 was identified, using mass
spectrometry, in supernatant of N. crassa grown on Avicel and Miscanthus
(Tian et al., 2009). Both these enzymes have homologs in other biomass degrading fungi. E.g., GH3-4 and Cel3A of Hypocrea jecorina (HjCel3A), which
is the major secreted β-glucosidase of H. jecorina, GH3-3 (NcGH3-3) is homologous to the recently published crystal structure AaBGLI (Suzuki et al.,
2013) and ReCel3A that is presented here in Paper II, both have similar struc-
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tural features as NcGH3-3 and they exhibit the properties of dedicated cellobiases as well. GH3-1 is homologous to GH3 β-xylosidases.
In the study presented in Paper III we present the crystallization and structure determination of a GH3 β-glucosidase from Neurospora crassa (NcGH33) solved to 2.25 Å resolution. These results are discussed in the light of differences and similarities to other GH3 enzymes with known structure. NcGH3-3
is most similar to two recently solved GH3 β-glucosidases crystal structures
AaBGL1 (PDB ID: 4IIB) and ReCel3A (Section 4.2, Paper II) (Suzuki et al.,
2013). These three GH3 structures all have in common certain major structural
features such as; they all have a high number of N-glycosylations that can be
observed in the structures of these, over 40 modeled glycans per protein molecule, curiously localized only on one face of these proteins. These enzymes
also all have an extended C-terminal loop protruding from the C-terminal domain and cover large parts of the first domain and several of its Nglycosylations. Linkers connecting the three domains of these enzymes extend
much longer towards the active site cleft of the enzyme compared to other fungal GH3 β-glucosidases such as HjCel3A and TnBgl3B. Unlike HjCel3A and
TnBgl3B this class of GH3 β-glucosidases all have been shown to exist as dimers in solution (Suzuki et al., 2013; Murray et al., 2004).
4.3.1 Production of NcGH3-3

The gene encoding NcGH3-3 (GenBank: EAA26868.1) was overexpressed in a
H. jecorina strain lacking eight genes coding for cellulases (cbh1, cbh2, egl1,
egl2, egl3, egl4, egl5, egl6) and one coding for a mannanase (man1). Transformants of H. jecorina were picked from Vogel's minimal medium plates
(Vogel, 1956) containing acetamide after 7 days incubation at 37 °C, and
grown in liquid cultures containing Vogel's minimal medium with a mixture of
glucose and sophorose as carbon sources. The overexpressed protein appeared
as the dominant protein in the culture supernatants. Culture filtrate from production of NcGH3-3 in H. jecorina was subsequently purified via gel filtration
on a Superdex 200 HiLoad 16/60 column (GE Healthcare) followed by concentration for crystallization.
4.3.2 Crystallization of NcGH3-3

The purified and concentrated NcGH3-3 was crystallized in the orthorhombic
space group P21212 with the unit-cell parameters of a = 142.93 Å, b = 286.84
Å, c = 58.05 Å. The molecular replacement solution of the structure gave a
best solution of two NCS related protein molecules (MW = 93.6 kDa) in the
asymmetric unit, with a calculated Vm of 3.17 Da-1 (Matthews, 1968) and a
solvent content of 61 %. The NcGH3-3 structure was refined, at 2.25 Å resolu-
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tion, to a final Rwork and Rfree values of 17.9 and 21.6%, respectively. The final
NcGH3-3 structure is composed of two NCS molecules composed of 842 and
843 protein residues respectively, 875 water molecules and 85 carbohydrate
residues. No gaps in the protein chains are found in the electron density of the
structure.

Figure 21. Cartoon representation of the Neurospora crassa GH3-3 structure displayed in ribbon
(a). The three domains of the protein are coloured in green (A-domain), grey (B-domain) and red
(FnIII-domain). Loops and linkers are highlighted in colours respective to the legend in the top
right corner. N-glycosylations are shown in grey sticks. The quaternary structure of NcGh3-3 (b)
and Rasamsonia emersonii Cel3A showing the dimer formation found in the two structures (c).

4.3.3 The fold and structure of NcGH3-3

The NcGH3-3 crystal structure model is composed of two noncrystallographically symmetry related protein molecules in the asymmetric
unit. NcGH3-3 chain A contains 843 amino acids and the first modelled residue
is Ser34 of the deposited NcGH3-3 DNA sequence (GenBank: EAA26868.1),
while chain B contains 842 residues and the first modelled residue in the struc-
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ture is Leu35. The last modelled residue, in both NCS related protein chains, is
Pro875. The predicted signal peptide cleavage site is between residues 18 and
19 according to SignalP 4.1 (Petersen et al., 2011), the non-observed residues
at the N-terminus of the protein are thought to be non-visible due to high flexibility. The overall structure of NcGH3-3 is as for the other β-glucosidases from
the same GH3 subfamily composed of three separate domains, connected by
two linkers and has a high degree of N-glycosylation. The two NcGH3-3 protein chains forms a dimer similar to what has been observed for ReCel3A and
AaBGL1 (Suzuki et al., 2013). There are 11 NXT/S N-glycosylation sequence
motives in NcGH3-3 that have modelled N-glycan moieties in NcGH3-3 structure, ranging in length from a single N-acetylglucosamine (GlcNAc) residues
to longer Man7GlcNAc2 chains. The NcGH3-3 structure is highly homologous
to two GH family 3 β–glucosidase structures ReCel3A and AaBGL1, with 61%
sequence identity to both proteins, and an RMSD of 0.73 Å and 0.81 Å, respectively. All three-domain GH3 enzymes fall into the sub-cluster C2, as specified
by Cournoyer et al. (Cournoyer & Faure, 2003) Compared to the other two
fungal GH3 structures available, H. jecorina Cel3A (HjCel3A) and K. marxianus BglI (KmBglI) the sequence identities are 46% and 31% respectively, and
the RMSD, value to these two structures, are 1.28 Å and 1.56 Å respectively.
4.3.4 The A-domain of NcGH3-3

The first domain of NcGH3-3 (residues 34 to 340, coloured light grey in Figure 21) is composed of a collapsed TIM barrel fold (or ββ(β/α)6 fold), described for the first time by Pozzo et. al. in the paper describing the structure of
the GH3 β-glucosidase Thermotoga neapolitana TnBgl3B (Pozzo et al., 2010)
and more recently also by other groups presenting new GH3 β-glucosidase
structures (Karkehabadi et al., 2014; Suzuki et al., 2013; Yoshida et al., 2010).
Domain 1 of NcGH3-3 contains the catalytic nucleophile Asp276, as well as
the majority of residues comprising the substrate binding subsite -1, with the
catalytic centre located between subsites -1 and +1. All three-domain containing GH3 structures, where the C-terminal domain is an FNIII-like domain, lack
two α-helices, compared to that of the canonical TIM-barrel of the barley GH3
structure HvExoI (Varghese et al., 1999), HvExoI (Figure 22). Loss of protein
overall stability due to the lack of central secondary elements may be mitigated
by the introduction of a disulphide bridge between the two strands (Cys69 and
Cys85 in NcGH3-3). The missing loops allows for a more wider binding cleft
in HjCel3A, whereas in NcGh3-3 this space is occupied, and extended, by
loops from other domains. The structure of NcGH3-3, as well as ReCel3A and
AaBGL1, has a protruding loop (loop I in Figure 21 and Figure 22), which is
not present in the three-domain GH3 structures HjCel3A (Figure 22b), KmBglI
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and TnBgl3B. This loop extends one side of the active-site-cleft whereas the
Loop II in linker 1, (Figure 22), extends the opposite side of the cleft. The αhelical part of loop I presents three residues towards the active-site-cleft,
Glu200, Asp203 and Tyr204. In the ReCel3A structure (described in Paper II)
there is a two amino acid deletion, compared to NcGH3-3 and AaBgl1, resulting in a loss of α-helical structure that leaves a slightly wider active-site cleft.

Figure 22. Cartoon representation of the A-domain of Neurospora crassa GH3-3 (a), Hypocrea
jecorina Cel3A (b) (PDB ID: 3ZYZ (Karkehabadi et al., 2014)), and Hordeum vulgare ExoI (c)
(PDB ID: 1IEX (Hrmova et al., 2001) respectively, shown in ribbon. Loops a and b in NcGH3-3
and HjCel3A highlights the deleted helices which are present and marked A and B in HvExoI.
Loop I is highlighted in the circle.

4.3.5 Linker 1 and Loop II

In NcGH3-3 the A-domain is connected to the B-domain by a 42 residues long
linker (residues 341-383). In HjCel3A and HvExoI this linker is only 18, and
16 residues long, respectively. The insertion of 25 residues (residues 351-376)
observed in NcGH3-3, as well as ReCel3A and AaBgl1, denoted as loop II in
Figure 23, has previously been described as a hydrophobic linker that activates
T. aurantiacus BGLII in organic solvents (Hong et al., 2006), and is present
with a similar fold also in the ReCel3A and the AaBgl1 structure (Karkehabadi
et al., 2014; Suzuki et al., 2013; Yoshida et al., 2010). Loop II in NcGH3-3 is
not present in the other fungal GH3 structures HjCel3A (Figure 23d), and
KmBGLI. This loop extends the opposite side of the active-site-cleft to that of
loop I. In NcGH3-3 loop II has two tryptophan residues and one phenylalanine
(Trp355, Trp365 and Phe354), which constitute one side of the putative substrate binding subsites +1 and +2 (discussed in more detail in section 4.3.8).
Loop II also contains two tyrosines and a tryptophan (Tyr360, Tyr371 and
Trp376), which are positioned outside of the active-site-cleft. Interestingly this
part of loop II resembles the flat binding surface of a carbohydrate binding
molecule type one (CBM1), which also consists of two tyrosines and one tryptophan (Mattinen et al., 1998). There seems to be a high variability in loop II
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among GH family 3 β–glucosidase, The two aromatic residues, Phe352 and
Trp355 in NcGH3-3 are the most conserved residues in this loop, and these two
residues are also present in the ReCel3A and AaBgl1 GH3 structures (Figure
23a, c). Tyr360 and an aromatic residue at the position of Trp366 are also present in all loop II containing GH3 structures. In the loop II containing GH3
structures there is an N-glycan chain, emanating from Asn57 in NcGH3-3,
which is wedged in between loop II and the C-terminal loop V (Figure 25).
This apparent feature of using N-glycans as an apparent structural element
could be unique to this class of enzymes.

Figure 23. Cartoon ribbon representation of linker 1 and loop II (blue). Panel (a) shows Neurospora crassa GH3-3, (b) Rasamsonia emersonii Cel3A, (c) Aspergillus aculeatus Bgl1 (PDB ID:
4IIH (Suzuki et al., 2013)) and (d) Hypocrea jecorina Cel3A (PDB ID: 3ZYZ (Karkehabadi et
al., 2014)). Domain A is coloured in green, domain B in grey, The C-terminal domain in red, loop
I in orange, active site ligands in magenta sticks, active site residues in sticks and Nglycosylations in yellow sticks.

4.3.6 Loops in the B-domain and the second linker

The B-domain of the NcGH3-3 structure (residues 383 to 584) has an (α/β)6
sandwich fold, which is structurally well preserved among all GH3 enzymes
with known structure, containing at least two domains, except in the bacterial
TnBgl3B, which has substituted one edge β-strand, corresponding to strand c in
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Figure 24, with an additional α-helix and a flexible loop (Pozzo et al., 2010).
Domain B of NcGH3-3 has two loops, III and IV, (residues 421- 455 and 501 –
524 respectively) that constitute one side of the active site cleft (Figure 24), in
between loops I and II. Loop III of NcGH3-3 is a 34 residues long loop extending between strand b and helix B. The loop folds back over itself and is stabilized by a disulphide bridge (residues Cys430 and Cys435). Residue Ser446
and Asp432 are two conserved residues in loop III, in the NcGH3-3 structure,
that are directed towards the active site. Ser446 is especially important as it is
positioned pointing directly towards the hexose ring of a substrate bound in the
-1 subsite. In HvExoI this position is occupied by a tryptophan residue
(Trp343; Figure 24c), which is a very common motif in carbohydrate binding.
Trp343 constitutes half of the “coin-slot” binding pocket of HvExoI (Varghese
et al., 1999), which is not present in any other three-domain containing GH3
enzymes. Loop IV is a 23 residue long loop where the catalytic acid/base
Glu505 is located (Figure 24). At position 507 NcGH3-3 has phenylalanine
whereas the other related GH family 3 structures have a tyrosine located at this
position. Domain B of the NcGH3-3 structure is followed by the second linker
region (residues 585 to 649). This linker is extended compared to the one that
is described as a C-terminal extension in the HvExoI structure (Varghese et al.,
1999). This extension covers and stabilizes loop I and IV, which are not present in the barley enzyme HvExoI, as well as comprising a large part of the
interface between the B-domain and the C-terminal domain.

Figure 24. Overview of domain 2 (grey) in ribbon. Neurospora crassa GH3-3 (a), Rasamsonia
emersonii Cel3A (b) and Hordeum vulgare ExoI (c) (PDB ID: 1IEX (Hrmova et al., 2001). Loop
III and IV are highlighted in cyan and magenta respectively. Other domains are represented with
surfaces coloured according to the scheme presented in Figure 21.
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4.3.7 C-terminal domain of NcGH3-3

The third domain in NcGH3-3 is an FnIII-like or immunoglobulin s-type domain (residues 650 to 857), first structurally observed in GH3 in TnBgl3B
(Pozzo et al., 2010). The FnIII domain is a β-sandwich composed of twolayers of β-sheets of three and four β-strands, respectively. The extended loop
V first observed in structures of A. niger Bgl1 and ReCel3A, encompasses the
A-domain and interacts with loop II on the opposite side of the molecule from
the third domain Figure 25. Fascinating is that loop V folds over three large Nglycan chains (bound to Asn61, Asn311 and Asn318). Several conserved aromatic residues are π-stacking with GlcNAc residues in loop V (Tyr706,
Tyr708, Tyr723 and Phe730). It has recently been proposed that the homologous loop V from AnBgl1 is flexible and would allow the FnIII-domain to extend and bind to lignin thus explaining the tad-pole-like structure that was observed by the SAXS experiments carried out with AnBgl1 (Lima et al., 2013).
We argue though that such domain reorganization as speculated upon by Lima
et al. seems very unlikely. First, many of the conserved residues form seemingly crucial stacking interactions with N-glycans, a fact not accounted for in their
model. Secondly, presence of flexibility within a protein crystal commonly
connects to bad or even disappearing electron density, e.g. as in the PsExoP
structure, the only published GH3 structure with a highly flexible domain, one
domain is not visible in the electron density though it was expressed as part of
the protein. We thus believe it is unlikely that the loop V has that degree of
flexibility in NcGH3-3 and other GH family 3 proteins that has this loop.

Figure 25. Domain 3 and loop V displayed in ribbon (red and magenta respectively) for Neurospora crassa GH3-3 (a), Rasamsonia emersonii Cel3A (b) and Hypocrea jecorina Cel3A (c)
(PDB ID: 3ZYZ (Karkehabadi et al., 2014)). N-glycans attached to the three structures are displayed in yellow sticks, and other domains are represented as surfaces.
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4.3.8 Catalytic subsites

The location of the catalytic centre binding subsite -1 of NcGH3-3 is positioned at the carboxy side of domain one. The two catalytic residues of
NcGH3-3 were identified based on homology to other GH3 structures with
known catalytic residues. The nucleophile of NcGH3-3 is Asp276, and the acid/base is Glu505 (Figure 23a). In subsite -1 of NcGH3-3 no distinct density
corresponding to a bound glucose was observed, which often is observed for
several other GH family 3 structures. There is extra electron density present in
the -1 subsite that was difficult to interpret and model something into, but this
density may be due to a partially bound buffer molecule, a PEG molecule
and/or partial density of a bound glucose molecule.
The putative +1 subsite of NcGH3-3 is very similar to that of ReCel3A and
AaBGL1 but different from the suggested +1 subsite in HvExoI, which is lined
by two tryptophan residues (Figure 24c), proposed to be the basis of the broad
substrate specificity of HvExoI (Hrmova et al., 2002). Trp277 of NcGH3-3
corresponds to one of these but the sidechain has shifted to become an essential
part of -1 subsite rather than +1 subsite, as in HvExoI. This shift causes a rearrangement of the core residues and contributes to the collapsing of the TIM
barrel fold described above. In the collapsed TIM barrel fold, a feature that
seems to be shared in many fungal and bacterial β-glucosidases, the 2nd barrel
β-strand is shorter and anti-parallel, which makes the -1 subsite wider compared to the active site in GH3 enzymes with a complete TIM barrel fold. Similar to the structures of ReCel3A and AaBGL1, one side of the +1 subsite is
formed by a phenylalanine, Phe301, which is stacking with the sidechain of
Trp64 only slightly further away from the active site. On the opposite side of
the +1 subsite and the active site entrance the aromatic residue Phe507 is
found, which structurally seems to correspond to the “coin slot” Trp434 side
chain in HvExo1 structure. The corresponding residues in the structures of ReCel3A and AaBGL1 have almost the same side chain conformations but are in
both these enzymes tyrosines (Tyr507 and Tyr511, respectively). In both the
ReCel3A and the AaBGL1 structure, the hydroxyl group of the tyrosine has a
hydrogen bond interaction with an aspartate residue (Asp433 and Asp437) in a
potential +2 subsite (Figure 24). In the NcGH3-3 structure, the corresponding
residue (Asp432) is instead interacting with the sidechain of Arg434, which
should stabilize the aspartate residue and compensate for the slight increase of
hydrophobicity in the +1 binding site. This arginine residue is not present in
ReCel3A and AaBgl1 enzymes. It thus seems as if not only the presence of the
aspartate residue but also its flexibility/stability may be important for substrate
and/or product interaction in this class of β-glucosidases. Also forming part of
the +1 subsite and with potentially important interactions with the substrate are
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the sidechains of Arg196 and Gln197, which both are conserved residues in
ReCel3A and AaBGL1.
Previously, we have shown that ReCel3A prefers cellobiose to cellotriose
while HjCel3A prefers hydrolysis of slightly longer cello-oligosaccharides,
such as cellotriose and cellotetraose to that of cellobiose (Karkehabadi et al.,
2014). In analogy with the ReCel3A structure, the plane of the Trp64 side
chain in NcGH3-3 enzyme has turned almost 90 degrees in the structure, if
compared with the corresponding tryptophan residue in the HjCel3A structure,
and stacks with the sidechain of Phe301. This puts the phenylalanine residue in
subsite +1 rather than in a tentative +2 subsite, as is the case in the structure of
HjCel3A. Thus similar to ReCel3A the existence of a +2 subsite is less pronounced in NcGH3-3 than in HjCel3A and the enzyme may thus also have a
substrate specificity similar to the one of ReCel3A.
4.3.9 Conclusion

We have in this study determined the structure of a glycoside hydrolase family
3 β–glucosidase, GH3-3 from Neurospora crassa, at 2.2 Å resolution and have
shown that this β–glucosidase is similar in structure to two other fungal βglucosidases Aspergillus aculeatus BglI and Rasamsonia emersonii Cel3A,
with which it shares several structural features that may be unique to this class
of GH3 β-glucosidases. Among these features, and most pronounced, are the
likely dimer form of the active enzyme and the large and seemingly conserved
glycosylations. The structural analysis further showed that NcGH3-3 should
have a substrate specificity similar to the previously structurally and biochemically characterized ReCel3A.

4.4 Structural and Electronic Snapshots during the Transition
from a Cu(II) to Cu(I) Metal Center of a Lytic
Polysaccharide Monooxygenase by X-ray Photoreduction
(Paper IV)
The chitin-active LPMO from the Gram-negative chitinolytic bacterium Serratia marcescens, CBP21, was the first LPMO to be identified and characterised
as such (Vaaje-Kolstad et al., 2010; Vaaje-Kolstad et al., 2005a; Vaaje-Kolstad
et al., 2005b). CBP21 catalysis was shown to be dependent on molecular oxygen, an external electron donor, and the presence of a metal ion cofactor
(Vaaje-Kolstad et al., 2010), later identified as copper (Aachmann et al., 2012).
Copper ions have been identified to activate AA10 (Aachmann et al., 2012;
Bohle et al., 2011), AA9 (Phillips et al., 2011; Quinlan et al., 2011; Westereng
et al., 2011), and AA11 LPMOs (Hemsworth et al., 2014). At the time of this
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study, in addition to CBP21, LPMO activity has only been demonstrated for
two other CBM33s so far, a cellulose-active CBM33 from Streptomyces coelicolor (CelS2, (Forsberg et al., 2011)) and a chitin-active CBM33 from Enterococcus faecalis (EfaCBM33A, (Vaaje-Kolstad et al., 2012b)), the latter of
which is the subject of this study. EfaCBM33A is the only LPMO found in the
genome of E. faecalis and constitutes, along with a GH family 18 chitinase
(EfaChi18A), the chitinolytic machinery of the bacterium. E. faecalis is an opportunistic pathogen and both EfaCBM33A and EfaChi18A are virulence factors (Vebo et al., 2010; Vebo et al., 2009), suggesting a putative second role
for these enzymes beyond biomass depolymerisation.
Until recently, there has been a dearth of structural data for metal binding in
AA10 LPMOs compared to fungal AA9 LPMOs. Recently, Hemsworth et al.
reported the structure of Bacillus amyloliquefaciens CBM33 (BamCBM33),
with unknown catalytic activity, binding Cu(I) (Hemsworth et al., 2013b). It
was shown that BamCBM33 is stabilized in the presence of copper, and that
the active site of BamCBM33 with a Cu(I) ion adopts a T-shaped ligation geometry (PDB codes: 2YOX, 2YOY). A Cu(II) form of BamCBM33 was not
crystallized, but X-ray Absorption Near Edge Structure (XANES) and Electron
paramagnetic resonance (EPR) spectroscopic methods were used to demonstrate that the enzyme was readily photo-reduced during crystallization from
the Cu(II) form to a Cu(I) state (Hemsworth et al., 2013b).
In this study, we investigate the active site of EfaCBM33 by progressively
photo-reducing the catalytic copper from Cu(II) to Cu(I) in the X-ray beam at a
synchrotron, using a data collection strategy minimizing the X-ray dose that is
deposited in the protein crystal. During photo-reduction, we determine consecutive structural states by collecting X-ray diffraction datasets on the same crystal by controlled X-ray dose per dataset of the crystal used to collect X-ray diffraction data on. By comparing the catalytic copper bound centre of
EfaCBM33 to known Cu(I) and Cu(II) analogues found in the Cambridge
Structural Database (CSD) (Allen, 2002), we ascertain that the obtained structures of the EfaCBM33A unambiguously describe varying oxidation states
ranging from Cu(II) to Cu(I). Lastly, we conduct quantum mechanical calculations on an active site model of the Cu(II) and Cu(I) forms of EfaCBM33,
which suggest that the electronic structure of the active site remains quite similar as measured by atomic charges. As initial reduction of the bound copper
from Cu(II) ) to Cu(I) is likely a requirement for LPMO activity, these results
offer a structural and electronic picture of how LPMO active sites are preactivated for oxygen binding and subsequent catalysis.
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4.4.1 Dose resolved diffraction data collection

X-ray diffraction experiments and controlled X-ray induced reduction of the
bound copper from Cu(II) to Cu(I) were performed at beamline ID14-EH1 at
the European Synchrotron Radiation Facility (ESRF), Grenoble, France. Six
diffraction data sets were collected using the same protein crystal. By utilizing
a rod-shaped crystal, monitoring the evolution of UV-visible absorption spectra
with X-ray dose (McGeehan et al., 2009) and a strategy for helical data collection (Flot et al., 2010), the radiation dose was minimized and data of a minimally photo-reduced state of EfaCBM33 could be collected (Adam et al.,
2004). A helical data collection strategy consists in defining two points on the
crystal along the rotation axis of the goniometer. While the crystal is rotated
over a total 97° angular wedge by 1° steps, it is automatically translated along
the rotation axis in-between two consecutive rotation steps, thus presenting a
fresh part of the crystal to the beam for each diffraction frame. Eventually, the
X-ray dose deposited in the sample will approximately be d/w smaller than that
deposited with a standard data collection protocol, where d is the horizontal
distance between the two points and w is the horizontal width of the beam.
Two points on a limited region (320 x 53 x 40) µm, of the crystal were set up
as start and end points for data collection with a 50 x 100 µm beam. A different
exposure dose per image was used for some datasets, as shown in Table 4. Collecting subsequent datasets by this method allowed for the analysis of the effects of photo-reduction on the active site copper with minimal systematic errors, as all datasets were collected from multiple and subsequent exposures of
the same crystal volume.
4.4.2 Overall structure of EfaCBM33A in complex with copper

EfaCBM33A with a bound copper atom was crystallized in space group
P212121 with cell dimensions of 43.4 x 48.6 x 68.5 Å, one protein molecule per
asymmetric unit, and a calculated Vm (Matthews coefficient) (Matthews, 1968)
of 1.97 Å3/Da including all Cα atoms in the structure. We present six structures
of EfaCBM33A along the process of X-ray induced photoreduction, all refined
at 1.5 Å and final R and Rfree values of 15.6-16.1% and 18.3-19.6%, respectively for the six structures. Data collection and refinement statistics are summarized in Table 4. In all the structure models, there is clear electron density for
all the 169 amino acid residues of the enzyme, approximately 285 water molecules, and one copper atom bound to the protein. Negligible pairwise RMSD
values of 0.03-0.04 Å over all protein atoms show that the structures are essentially identical. The primary differences between the six structures are found in
the coordination geometry of the copper ion as a function of the X-ray dose.
With the exception of the active site, the structure of the copper-bound
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EfaCBM33A herein is very similar to the previously published apo form without copper (PDB ID: 4A02 (Vaaje-Kolstad et al., 2012a); 0.54 Å RMSD on Cα
atoms).
The overall structure and the active site of EfaCBM33A, as observed in the
structure determined from the dataset obtained after the lowest radiation dose
(4ALC), exhibits a trigonal bipyramidal (tbp) structure coordinated by two
conserved histidine residues (previously named “the histidine brace”) and two
water molecules (Figure 26a-c). In this configuration, the N-terminal histidine
(His29) forms a bidentate coordination to the copper ion wherein the backbone
N atom occupies one of the three equatorial coordination positions and the
sidechain Nδ atom occupies one axial position. The Nε atom in His114 occupies the other axial position. The remaining equatorial positions in the Cu(II)
structure are occupied by two water molecules. Three additional residues conserved in AA10 LPMOs are shown in Figure 26c, Glu64, Ala112, and Phe185.
Ala112 is not conserved in AA9 LPMOs, and is thought to play a role in the
potential mechanistic differences between AA9 and AA10 LPMOs
(Hemsworth et al., 2013a; Hemsworth et al., 2013b). Phe185 is located in a
similar position to a conserved tyrosine in AA9 LPMOs, which in the latter
case therein imparts an octahedral coordination state around the Cu(II) ion (Wu
et al., 2013a; Li et al., 2012; Quinlan et al., 2011; Harris et al., 2010;
Karkehabadi et al., 2008b). In AA9 LPMOs, the Glu64 residue is replaced by a
conserved glutamine residue. The electron density map for the EfaCBM33A
structure 4ALC has two spherical electron densities (1.93 and 1.91 e/Å3, respectively) at 2.21 and 2.19 Å from the copper ion which were modelled and
refined as water molecules and are shown as red spheres in Figure 26c. For the
water molecules bound to copper, there are no other stabilizing interactions
with the enzyme. Thus, the positions of the water molecules are primarily dictated by coordination to the copper ion.
The only other known AA10 structure with a copper ion bound reported to
date is BamCBM33 from Hemsworth et al. (Hemsworth et al., 2013b), wherein
all copper ions were photo-reduced to a Cu(I) oxidation state. The BamCBM33
enzyme active site is illustrated in Figure 26d. The coordination geometry
therein is in a T-shaped (Tsh) geometry with no water molecules coordinated to
the copper ion. The corresponding protein-copper interactions retain the structure of the histidine brace. The difference in observed geometry between the
4ALC structure and the BamCBM33 structure indicates a difference in copper
oxidation state, as described in detail further below.
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Table 4. X-ray data collection and processing, structure refinement, and final model statistics
PDB code
Data quality
Space group
Cell dimensions (Å)

Data-collections statistics
Wavelength (Å)
Resolution range (Å)
No of unique reflections
Multiplicity
Completeness
Rmerge ‡
Exposure time/frame (s)
Total exposure time (s)
Dose (Gy)
Refinement
Resolution range (Å)
Observations
No. of reflections used (working set)
Rwork (%)
Rfree (%)
No. of residues
No. of water molecules
No. of copper atoms
RMSD bond lengths (Å)
RMSD angles (°)
Ramachandran §
In Favoured Regions (%)
Outliers (%)
†

4ALC

4ALE

4ALR

4ALQ

4ALS

4ALT

P212121
a = 43.42
b= 48.56
c= 68.45

P212121
a= 43.42
b= 48.57
c= 68.46

P212121
a= 43.42
b= 48.58
c= 68.46

P212121
a= 43.46
b= 48.62
c= 68.51

P212121
a= 43.44
b= 48.61
c= 68.50

P212121
a= 43.40
b= 48.57
c= 68.43

0.9334
48.56 – 1.49
23919 (3317)
3.4 (3.0)
98.6 (96.1)
0.094 (0.477)†
1
97
8.27 × 104

0.9334
48.57 – 1.48
24395 (3216)
3.4 (2.9)
97.8 (90.5)
0.096 (0.503)
1
194
1.65 × 105

0.9334
39.68 – 1.49
23936 (3324)
3.4 (3.0)
98.6 (96.1)
0.094 (0.484)
1
485
2.47 × 105

0.9334
48.68 – 1.48
24358 (3235)
3.3 (2.9)
97.8 (91.2)
0.067 (0.237)
3
776
4.94 × 105

0.9334
48.61 – 1.47
24138 (3119)
2.9 (2.3)
96.6 (87.9)
0.056 (0.142)
6
1358
9.86 × 105

0.9334
39.60 – 1.49
23899 (3307)
3.4 (3.1)
98.6 (95.9)
0.100 (0.564)
1
1455
1.07 × 106

39.60 – 1.49
80452 (10080)
22667
16.1
18.8
167
289
1
0.008
1.230

39.61 - 1.48
81915 (9417)
23130
16.1
18.4
167
286
1
0.008
1.229

39.62 - 1.49
80300 (10018)
22679
16.1
18.8
167
282
1
0.008
1.230

39.65 – 1.48
81296 (9301)
23087
15.6
18.3
167
281
1
0.008
1.210

39.64 – 1.47
69202 (7187)
22872
15.6
19.6
167
292
1
0.008
1.221

39.60 – 1.49
80875 (10226)
22647
16.1
18.8
167
280
1
0.008
1.242

100
0

100
0

100
0

100
0

100
0

100
0

Values for the highest resolution shell are given in parentheses
Rmerge = ΣhklΣi|Ii(hkl) — <I(hkl)>|/ΣhklΣi Ii(hkl) where I(hkl) is the intensity of reflection hkl, Σhkl is the sum over all reflections and Σi is the sum over i measurements of reflection hkl.
§
Calculated using a strict-boundary Ramachandran definition given by Kleywegt and Jones (Kleywegt & Jones, 1996)
‡
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Figure 26. Overall structure of Enterococcus faecalis CBM33. (A) Side and (B) bottom view of
the crystal structure of Cu(II)-bound EfaCBM33A with a cartoon and transparent surface model
in grey (PDB code: 4ALC; the structure with the lowest radiation dose). The active center is highlighted in yellow and the two residues making up the histidine brace are shown in stick format.
The copper atom is shown as a brown sphere and two water molecules coordinated to the copper
are shown as red spheres. (C) The active site in the oxidized [Cu(II)] form of EfaCBM33 (PDB
code: 4ALC). Note that there are not other stabilizing interactions between the two coordinating
water molecules and the enzyme. (D) The active site in BamCBM33 binding Cu(I) (PDB code:
2YOX) (Hemsworth et al., 2013b). Distances to the copper ion are provided in Å

4.4.3 Structural changes induced by X-ray photo-reduction

The structural changes caused by increased X-ray dosage during photoreduction were limited to the local environment of the copper ion (Figure 27).
Omit-map analysis of the copper-coordinated water molecules shows a continuous decay of electron density correlated with X-ray exposure, and at approximately 1 MGy accumulated radiation dose (4ALT) both coordinated water
molecules are completely lost. The electron density for the water molecule
closest to Ala112 is retained slightly longer than the other. The decay of the
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electron density for the two water molecules coordinated to the copper represents a change in the fraction of Cu(II) to Cu(I) populations between the six
structures, as a result of the accumulated radiation dose of the exposed crystal
region used for data collection. The structures obtained at gradually higher
doses of X-ray radiation reveal a continuous shift in the copper coordination
configuration from tbp coordination to Tsh geometry in the structures that lack
the copper-bound water molecules (Figure 27).

Figure 27. Close up view of the catalytic centers of Enterococcus faecalis CBM33A at different
levels of X-ray exposure. The blue omit-calculated 2mFo-Fc maps (Terwilliger et al., 2008) are
contoured at 0.87 e/Å3, the grey 2Fo-Fc maps of are contoured at 0.89 e/Å3. The red oxygen-atom
coordinates are taken from the 4ALC structure, and are placed throughout the series for reference
and were not used in the calculation of the 2mFo-Fc omit maps. The structural images are labeled
by PDB ID and the dose of X-ray exposure.

4.4.4 LPMO copper oxidation state determination by analogy to smallmolecule copper complexes

The most obvious structural change upon X-ray photo reduction of the copper
centre is that the two water molecules coordinating to the copper ion gradually
disappear, as shown in Figure 27. This demonstrates that the coordination
number (CN) for the copper ion drops from five to three; the conformation of
the copper site changes from a five-coordinated tbp structure to a threecoordinated Tsh geometry (Figure 28). Gradual disappearance of electron density upon increasing the X-ray dosage was not observed for any other water
molecule in the structure, suggesting that the effects seen for the copper-bound
waters relates to a change in the copper ion. Among more than 40,000 copper
structures in the CSD (Allen,' 2002), nearly half fit our initial search criteria
(1 ≤ CN ≤ 8; only nitrogen and/or oxygen as coordinating atoms), including
9,727 five-coordinate and 564 three-coordinate structures (data not shown).
Limiting the search to only include those with histidine-like coordination surroundings and excluding strained structures left 10 five-coordinate structures,
all Cu(II) and 24 three-coordinate structures, all Cu(I).

74

Figure 28. Copper coordination in Enterococcus faecalis CBM33A and Thermoauscus aurantiacus GH61A. Important residues, atoms, and coordination distances are indicated where appropriate. (a) The copper binding site of EfaCBM33A (PDB ID: 4ALC) displays a trigonal bipyramidal
(tbp) coordination of copper and after X-ray exposure adopts a T-shaped (Tsh) configuration
(PDB ID: 4ALT). (b) An octahedral Cu(II) coordination in the GH61A from T. aurantiacus (PDB
ID: 2YET). In most AA10 LPMOs, including EfaCBM33A, the tyrosine residue labeled Tyr175
is replaced by phenylalanine.

The EfaCBM33 structures have two axial copper-nitrogen (Cu-Nax, Cu-Nax’)
bond distances, which both decrease by 0.05 Å going from tbp to Tsh, while
the equatorial copper-nitrogen (Cu-Neq) bond distance becomes 0.075 Å longer. Additionally, the near-linear Nax-Cu-Nax’ angle in tbp, 176.2°, bends a bit
off-axis in Tsh, 167.5°, while the Neq-Cu-Nax and Neq-Cu-Nax’ angles increase
by 5.6° and 3.1°, respectively. The five-coordinated form is almost identical to
the Cu(II) structure reported by Casella et al. ((Casella et al., 1996); CSD code:
ZUBHOT), whereas the three-coordinated counterpart most closely mimics the
Tsh Cu(I) structure reported by Sorrell et al. ((Sorrell et al., 1994); CSD code:
PIVNOX). A CSD search for five-coordinated, dihydrate copper structures also
coordinated by three nitrogen atoms, returned 7 structures – all Cu(II) – with
several tbp examples similar to the hydrated version of EfaCBM33A seen in
4ALC. Taken together, these observations show that the structural changes
observed upon irradiation of EfaCBM33A reflect photo-reduction of Cu(II) to
Cu(I).
4.4.5 Quantum mechanical calculations of the LPMO active site

The structures presented above enable density functional theory (DFT) calculations to quantify how the electronic structure of the active site changes upon
reduction. The active sites of 4ALC, the Cu(II) structure, and 4ALT, the Cu(I)
structure, were both examined with the M06-L functional and the 6-31G(d)
basis set, by employing an active site model (ASM) representation of the system. Quantum mechanical geometry optimizations were conducted with a
range of ASMs. The model consisting of the residues His29, Glu64, Ala112,
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His114, Trp176, Ile178, Phe185 was found to yield the smallest RMSD values
for a size that was still computationally tractable with a full quantum mechanical treatment of the ASM in both structure. Figure 29 shows comparisons between the crystal structures and the quantum mechanically optimized ASMs.
All computed distances between coordinating nitrogen atoms and the copper
differ from the crystallographically observed distances by less than 0.07 Å,
which is well within the resolution of the structure.

Figure 29. Comparison of the crystallographically determined active sites of 4ALC (top) and
4ALT (bottom) with quantum mechanically optimized active site models. The residues in gray
(carbon), blue (nitrogen), and red (oxygen) represent the crystal structures, and the residues
shown in green represent the geometry optimized structures from the DFT calculations. The copper is colored gold and green, respectively. The water molecules from the crystal structure are
shown as red spheres in 4ALC and the optimized water molecules are shown in stick format.

Subsequent to the geometry optimizations, Natural Population Analysis was
conducted to examine the charge distributions for both states. The copper ion
charges in the oxidized and reduced states of the active site are +1.48 and
+0.99, respectively. These values agree well with the formal oxidation states of
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Cu(II) and Cu(I), and also agree remarkably well with the charges found in
both the formal Cu(II) and Cu(I) oxidation states of +1.48 and +0.92, respectively, in an AA9 LPMO with a similar ASM approach (Kim et al., 2014). Interestingly, the charge distribution of the coordinating histidine residues does
not show a significant change, despite the substantial change in the copper ion
oxidation state. This result suggests that the LPMO active site is able to readily
accommodate both oxidation states of copper with little overall change in the
charge distribution in the enzyme.
4.4.6 Conclusions

The study presented in paper IV presents the second structure of a CBM33
with copper bound and the first structure of a CBM33 with a Cu(II) ion. Using
a smart data collection strategy allowing for the structure determination of
LPMO structures in both copper oxidation states, we were able to visualize
structural and copper-coordination changes associated with reduction of the
bound copper from Cu(II) to Cu(I). This experimental methodology is quite
generalizable, and can be used to capture the electronic and structural transitions in metalloenzyme reduction at advanced light sources available at some
modern state of the art synchrotron beam lines.
X-ray photo-reduction causes clear changes in the active site of EfaCBM33,
namely the loss of the coordinating water molecules. By correlating the structural data with the CSD, the two forms of EfaCBM33A were assigned as a
Cu(II) and Cu(I) state with a trigonal bipyramidal and T-shaped geometry, respectively. DFT calculations reveal only minor changes in the atomic charges
required for binding to either oxidation state of the copper ion, similar to what
was found in a theoretical study for an AA9 LPMO (Kim et al., 2014). The
study presented in paper IV provides the first experimental dataset to provide
insight in the reductive step that activates the catalytic centre on a LPMO for
catalysis.
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5

Concluding remarks

5.1.1 Structure and function of fungal GH3 β-glucosidases

Three fungal GH3 β-glucosidases, from Hypocrea jecorina, Rasamsonia emersonii and Neurospora crassa, were produced. The three-dimensional crystal
structure for each of the three enzymes was elucidated. Hypocrea jecorina
Cel3A and Rasamsonia emersonii Cel3A were characterized also biochemically in terms of thermal stability and enzymatic activity towards cellooligosaccharides and synthetic chromogenic substrates. The structure of HjCel3A revealed that this enzyme is a three-domain protein with a wider active site cleft
than homologous enzymes with known structures. Furthermore, HjCel3A is a
rather promiscuous enzyme in respect to the type of β-glycosidic-linkage and
substrate length, and it is more efficient on longer oligosaccharides than several other biochemically characterized GH3 β-glucosidases. Supplementing H.
jecorina whole cellulase with additional amounts of HjCel3A benefits cellulose
conversion most likely primarily by the conversion of cellobiose to glucose.
The β-glucosidases Cel3A from the thermophilic fungi R. emersonii was
found to increase the saccharification of lignocellulosic biomass to a greater
extent than HjCel3A. The enzyme was also found to be more thermostable than
HjCel3A, which is beneficial for industrial processes that often are performed
at highest possible temperatures to increase the conversion rate constancies of
these. ReCel3A appears to have a preference for disaccharides rather than
longer oligosaccharides. The three-dimensional structure of ReCel3A revealed
that this enzyme is a three-domain glycoprotein that exists as a functional dimer in solution. The major differences to homologous GH3 enzymes are a
number of loops that deepens the active site cleft of the enzyme as well as a
curiously positioned C-terminal loops that covers the N-terminal domain and
buries extensive N-glycan chains.
GH3-3 from N. crassa was structurally determined and found to be a dimeric three-domain glycoprotein. NcGH3-3 is structurally highly homologous to
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ReCel3A, which allowed us to compare structural features in detail of what is
likely a sub-class of fungal GH3 β-glucosidases that mainly hydrolyse disaccharides such as cellobiose.
5.1.2 Single crystal X-ray induced photoreduction snapshots of an AA10
LPMO

Using a carefully designed helical data collection strategy we were able to collect six diffraction datasets of the bacterial AA10 LPMO EfLPMO10A at increasing X-ray radiation doses for the consecutive X-ray datasets. The three
dimensional crystal structures based on these six X-ray datasets revealed that
the catalytic copper of EfLPMO10A transitions from an oxidized Cu(II) with a
octahedral ligation configuration to a reduced Cu(I) with a T-shaped ligation
configuration. This structural rearrangement was confirmed via DFT computational techniques.
5.1.3 Future perspectives

In paper I-III we investigated a series of fungal β-glucosidases that are, or can
potentially be, key enzymes for industrial degradation of lignocellulosic biomass into fermentable glucans such as glucose. The key feature of these βglucosidases, used or to be used in biotechnological applications, are their ability to readily and specifically drive the process of depolymerisation of cellulose
forward by hydrolysing cellobiose to monomeric glucose. Since the work presented in paper I-III was done we have established a fungal transformation and
expression system in our lab. This will allow us to more readily perform point
mutations and alterations of these large protein molecules, which will allow for
further investigations of the nature of more distal substrate binding sites (+1
and +2) and possible improvements of catalytic parameters such as substrate
inhibition.
The continuation of the work with LPMOs will proceed in multiple directions, as the field is still new and rapidly expanding. Questions remain though
about the finer details of the catalytic mechanism of these oxidative enzymes,
as well as the exact relationship of the fungal LPMOs with CDH. Another interesting fact is that many organisms have a very large set of different LPMO
genes and novel substrate preferences are discovered continuously (Agger et
al., 2014; Vu et al., 2014). It is not clear that this class of enzymes are restricted to biomass degradation, other roles for enzymes from this class of enzymes
will most likely be discovered. With this in mind, it would be interesting to
study on what kind of substrates this class of enzymes are active.
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