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Fatty Acid Reductases (FAR): Insights into the biosynthesis of
fatty alcohols in plants and bacteria

Abstract

Primary fatty alcohols are present in all phyla, where they serve various unique
biological functions, either in structural materials or biochemical compounds. Fatty
alcohols and derivatives provided by living organisms are also important feedstock for
the oleochemical and lubricant industries. Since they are biodegradable and generally
non-toxic, they can also be used in the manufacture of cosmetics and pharmaceuticals.

Fatty alcohols are produced by Fatty Acid Reductases (FAR), which catalyse the
reductions of fatty acyl-CoA/ACPs. The reductions are conducted in two consecutive
reactions; a fatty acyl-CoA/ACP is first reduced to a fatty aldehyde, which is then
further reduced into a fatty alcohol. In prokaryotes, the two-step reduction has until
now been considered to be catalysed by two different enzymes, while in eukaryotes it
has been found that one enzyme carries out both reduction steps via an intermediate
fatty aldehyde, which is thought not to be released during the reductions.

This thesis presents data on the in vivo and in vitro characterisation of FARs from
Arabidopsis thaliana (AtFARs) and Marinobacter aquaeolei VT8 (Maqu_2220). Contrary to
available literature, Maqu_2220 was found to catalyse both steps in the reductions of
fatty acyl-CoA/ACPs into fatty alcohols. Thus, at least two biochemical pathways exist
among prokaryotes for the reductions of activated fatty acyl chains to fatty alcohols, one
of which 1is the above-identified activity in analogy with eukaryotic FARs.
Characterisation of AtFAR6, AtFAR2/MS2 and the bacterial Maqu_2220 revealed that
under in vitro conditions, intermediate fatty aldehydes were released and free fatty acids
were observed, in addition to fatty alcohols produced as end-products.

The in vitro characterisation of AtFAR2/MS2 and AtFARG6 showed that the ratio of
fatty alcohol/fatty aldehyde produced by these enzymes depends strongly on chain
length and saturation state of the substrates and substrate concentration. Both in vitro and
in vivo data consistently showed that the highest activity of AtFAR2/MS2 and AtFAR6
is for the production of C16:0-alcohol from C16:0-CoA/ACP substrates. In a
subsequent study, AtFAR6 was found to be a chloroplast-localised FAR enzyme
involved in production and accumulation of C16:0-alcohol within this organelle.
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alcohol, fatty aldehyde, wax ester
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1 Introduction

Primary fatty alcohols are aliphatic hydrocarbons containing a hydroxyl
group in the terminal position. In nature, fatty alcohols are found with chain
lengths from 8 to 34 carbons, with different levels of branching and/or
unsaturation. Primary fatty alcohols are produced by various organisms, such
as bacteria, protists, insects, plants, fish, birds, mammals, efc. (Dominguez et
al., 2011; Svend, 2009; Cheng & Russell, 2004a; Patel ef al., 2001; Phleger,
1998; Wang & Kolattukudy, 1995b; Sand et al., 1969). They are present
either in free form or in the form of alkyl esters and ether lipids. In many
organisms, fatty alcohols are components of epicuticular waxes, which
protect the organism from desiccation, ultraviolet light and pathogen attack
(Dominguez et al., 2011; Kunst & Samuels, 2009; Svend, 2009; Patel et al.,
2001). In addition, fatty alcohols in plants are constituents of suberin and
pollen wall and also serve as structural and protective barriers in plant tissues.
Besides being structural components, fatty alcohols are the direct substrate
for wax ester and ether lipid biosynthesis, and also the precursor of
pheromones. These examples illustrate the important roles of fatty alcohols
in energy storage and species attraction/recognition (Lassance et al., 2010;
Cheng & Russell, 2004b; Kunst & Samuels, 2003; Lardizabal et al., 2000).
Since fatty alcohols are synthesised from fatty acids, the central substrates of
lipid metabolism, the regulation involved in the biosynthesis of fatty
alcohols essentially affects the metabolism of lipids in the cells and thus cell
biological functions (Kunst & Samuels, 2009; Kunst ef al., 2007; Kunst &
Samuels, 2003; Post-Beittenmiller, 1996).

Besides being essential in biological functions, fatty alcohols play important
roles in the oleochemistry industry together with fatty acids, glycerine and
methyl esters. Here, the major usage for fatty alcohols is in the production
of soap, detergents and cosmetics (Rupilius & Ahmad, 2006) and also in the
production of inks, surfactants and lubricants. In particular, wax esters,
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which possess superior lubrication properties, have great potential as
feedstock in the lubricant industry, besides being universally used in
cosmetics nowadays (Carlsson ef al., 2011).

The conversion of a fatty acid into a fatty alcohol is catalysed by the enzyme
fatty acid reductase (FAR) via a fatty aldehyde intermediate. A high diversity
of fatty alcohols and their derivatives is found among organisms, species and
even tissues, in terms of both quantity and composition. This suggests that
there is a high degree of diversity among the enzymes involved in nature.

Although FAR enzymes have been studied in a variety of organisms since
the 1970s (Riendeau & Meighen, 1985), it was not until 2000 that the
common understanding of fatty alcohol biosynthesis was greatly improved
by the first cloning and characterisation of a FAR gene from jojoba
(Simmondsia chinensis), a desert shrub with seeds that accumulate liquid wax
esters to up to 60% of seed dry weight (Metz et al., 2000). This jojoba FAR
gene and protein sequence has since become the reference for studying fatty
acid reductase homologues in other species.

Until now, the biosynthesis of fatty alcohols in eukaryotes and prokaryotes
has been believed to be different. In prokaryotes, two enzymes have been
reported to be involved in the reduction of fatty acid into fatty alcohol, the
first of these being an aldehyde-forming FAR and the second a fatty
aldehyde reductase enzyme (Fig. 1)(Wahlen ef al., 2009; Reiser &
Somerville, 1997). In eukaryotes, one enzyme has been found to catalyse
the whole procedure and these enzymes are defined as alcohol-forming
FARs (Fig. 1). They have a molecular mass of about 56 to 58 kDa (Metz et
al., 2000; Vioque & Kolattukudy, 1997), whereas the aldehyde-forming
FARs are smaller, with a molecular mass of around 28 kDa in garden pea
(Vioque & Kolattukudy, 1997), 32.5 kDa in Acinobacter calcoacetius and 35
kDa in the green algae Botryococcus braunii (Reiser & Somerville, 1997,
Wang & Kolattukudy, 1995a).
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Figure 1: Fatty acohol biosynthesis in eukaryotes and prokaryotes. Thin arrows: the prokaryotic
pathway. Thick arrow: the eukaryotic pathway.

The approach in the present thesis was to study FAR homologues from
Arabidopsis thaliana (Arabidopsis) and Marinobacter aquaeolei VT8 with the
overall aim of obtaining important knowledge on the biosynthesis of fatty
alcohols in both eukaryotic and prokaryotic cells.

Arabidopsis has many advantages as a model system for plants, such as having
a short life cycle, a low number of chromosomes (2n=10) and a small (114.5
Mb), fully sequenced genome. Intensive research on difterent aspects of lipid
metabolism and biosynthesis has been carried out in Arabidopsis, with
remarkable progress. It is therefore useful to study fatty alcohol biosynthesis
in this plant species. Using jojoba FAR as a reference sequence, eight FAR
homologues have been identified from the genome of Arabidopsis
(Rowland ef al., 2006; Costaglioli ef al., 2005; Suh et al., 2005). Studying
the activity of these FAR homologues from Arabidopsis presents an
opportunity to obtain insights into the biosynthesis of fatty alcohols in plants
in particular and eukaryotes in general.

Phylogenetic analysis of functionally characterised FARs from various
organisms, including Arabidopsis FAR homologues, has revealed that there
are two groups of FARs. Group I contains copepod, insect, animal and
Euglena FARs (Fig. 2), while Group II contains plant FARs (Fig. 2). In
each group, sub-groups with similarity either in functionality or species have
been found. For example in Group I, sub-groups of the pheromone gland-
specific FARs and animal FARs have been identified. The copepod FARs
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and honeybee FAR, which have a wide range of substrate specificity, are
closely related, thus gathering in another sub-group. As for Group I, several
sub-groups are also present in Group II (Fig. 2), thus suggesting that these
enzymes potentially have difterent characteristics.

A BLAST search among microbe genomes revealed that Marinobacter
aquaeolei VT8 also contains a gene (Maqu_2220) with relatively high amino
acid sequence similarity to jojoba FAR and the homology level of this gene
to jojoba FAR is higher than that of mouse (Cheng & Russell, 2004a),
copepod (Teerawanichpan & Qiu, 2011), insect (Lassance et al., 2010;
Liénard et al., 2010; Teerawanichpan ef al., 2010; Antony ef al., 2009; Moto
et al., 2004) and even Euglena FARs (Teerawanichpan & Qiu, 2010) (Fig.
2). It is therefore expected to have the activity of an alcohol-forming FAR.

853 BmFAR
830 YeFAR2
OsFAR
1000 CfFAR3
1000 CfFAR2
58 CfFAR1
853 479 AmFAR
Group | MmFAR2
MmFAR1
EgFAR
AtFAR2
0sDPW
AtFARG
AtFAR4
AtFAR1
AtFARS
AtFARS
AtFART
ScFAR
AaFAR
AtFAR3 CER4
TaFAR
Magqu_2220

853

Group Il

0.350

Figure 2: Phylogenetic analysis of functional characterized FARs from different organisms and
FAR homologues from Arabidopsis thaliana and Marinobacter aquaeolei VT8. The analysis was
conducted using UPGMA algorithm with 1000 bootstrap replicates (CLC DNA Workbench 6.1).
The details of the analyzed protein sequences are listed in Appendix 1.
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Specific objectives of the work in this thesis were to:

- Investigate whether the FAR homologues from Arabidopsis thaliana show
fatty acyl-CoA reductase activity and characterise any differences in the
activity of these FAR homologues (Paper I).

- Characterise biochemical aspects of AtFAR enzymes that contain putative
chloroplast transit peptides (Papers II, III).

- Investigate the activity of Maqu_2220, a FAR homologous from
Marinobacter aquaeolei VT8 (Paper IV).

The FAR enzymes were characterised here using different approaches.
Enzymes were characterised in vivo using different expression systems such as
Escherichia coli, Saccharomyces cerevisiae and Nicotiana benthamiana, in addition
to fusion expressions with reporter genes such as B-glucuronidase (GUYS)
and fluorescence protein genes (YFP and GFP). The in vitro characterisations
were carried out using purified enzymes.
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2 Occurrences of primary fatty alcohols
and derivatives in plants and bacteria

There are three outputs of fatty alcohols in plants and bacteria: the free form
of fatty alcohols; wax esters that are the monoester of a fatty acid and a fatty
alcohol; and ether lipids that are created from the dehydration of a fatty
alcohol and another alkyl moiety such as triacylglycerol or phospholipids.
While free fatty alcohols and wax esters are present in abundance in plants
and bacteria, ether lipids are not present in appreciable amount in plants, if
they occur at all (Weber & Mangold, 1987; Weber & Benning, 1985;
Mangold & Paltauf, 1983). In bacteria, ether lipids are found in anaerobic
bacteria as membrane constituents (Fritz, 1994; Goldfine & Langworthy,
1988).

In this thesis, the focus was on free form primary fatty alcohols and to some
extent on wax esters (Fig. 3).

NP e e e W Vi
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o\/\/\/\/\/\/\/\/\/
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Figure 3: Example structures of fatty alcohol (a), wax ester (b), ether phospholipid (c)
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2.1 Occurrences of primary fatty alcohols and derivatives in
plants

Primary fatty alcohols and their derivatives with diverse chemical structures
and biological functions are present in all plant species. They are commonly
found in cuticular waxes, suberin, sporopollenin or seeds, with carbon chain
length ranging from 14 to 34 carbons depending on the compound of
which they form part (Chen ef al., 2011; Shi et al., 2011; Domergue et al.,
2010; Molina et al., 2006; Lardizabal et al., 2000).

2.1.1 Primary fatty alcohols and derivatives for protective functions

Cuticular waxes are a complex mixture of fatty acids, fatty aldehydes,
alkanes, ketones, wax esters and primary and secondary fatty alcohols
(Buschhaus & Jetter; Jetter ef al., 2006). Cuticular waxes are components of
plant cuticle, which covers the aerial parts of the plant, protecting it from
adverse conditions such as UV light, drought and attack by pathogens and
herbivores (Buschhaus & Jetter, 2011; Suh ef al., 2005; Riederer &
Schreiber, 2001). In cuticular waxes, the fatty alcohols are found with
carbon chain length from 18 to 34 carbons, either in a free form or in the
form of wax esters (Jetter & Kunst, 2008; Allebone & Hamilton, 1972b;
Miwa, 1971). However, in petunia petals, moieties of shorter chain fatty
alcohols < C12:0 and even C4:0, C6:0 alcohols are present in the wax esters
(King et al., 2007). Instead of being accumulated at low quantities as
commonly seen in plants, the carnauba palm (Copernicia prunifera)
accumulates a massive amount of cuticular waxes on the leaf surfaces. The
composition of these waxes includes free aliphatic fatty alcohols to 10-16%,
wax esters of C32 and C34 alcohols and fatty acids of C16 to C20 carbon
chain to 80-85%. In several plant species, the chain length patterns of the
free and esterified alcohols are similar, indicating that they are derived from

a common pool of fatty alcohol precursors (Lai ef al., 2007; Rowland et al.,
2006; Allebone & Hamilton, 1972b; Miwa, 1971; Miwa & Wolff, 1962).

Suberin is a complex mixture of fatty acids, w-hydroxyl fatty acids,
glycerol, o,w-dicarboxylic acids, hydroxycinnamic acids and fatty alcohols.
Fatty alcohols of suberin have been found to contain 14 to 22 carbons in
their chain length (Pollard ef al., 2008; Molina et al., 2006). Suberin is
deposited at specific cell wall locations during plant development of both
external and internal tissues such as bark tissues (the periderm of secondary
growth stems and roots), the endoderm of roots and the bundle sheath cells
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of monocots (Pollard ef al., 2008; Li et al., 2007; Kolattukudy et al., 2001).
Suberin synthesis is also induced in sealing wounds and in stressed tissues
(Domergue ef al., 2010; Pollard et al., 2008). Besides serving as a protection
barrier for plants against abiotic and biotic stresses, root suberin is also
important in controlling water and ion uptake (Schreiber, 2010; Pollard et
al., 2008; Allebone & Hamilton, 1972a).

Sporopollenin is the major constituent of the outer cell wall of pollen
grains and is made up of a mixture of fatty acid derivatives and phenolic
compounds. Besides serving as a protective layer, sporopollenin influences
pollination through controlling the release of proteins involved in pollen-
pistil interaction (Hesse, 2000). Recently, C16:0-alcohol was found to be an
important component of sporopollenin of the exine layer (Chen et al., 2011;
Shi et al., 2011). A lack of C16:0-alcohol results in abnormality of the pollen
exine layer, thus affecting pollination (Chen ef al., 2011; Shi et al., 2011;
Dobritsa et al., 2009; Aarts et al., 1997).

Plant fatty alcohols and wax esters evidently not only play an important role
in plant self-protection, but also contribute to regulating the anatomy,
morphology and thus the integrity of plant tissues.

2.1.2 Primary fatty alcohols and derivatives for storage functions

Seeds in most cases accumulate TAG as the storage lipid. In contrast, the
species jojoba (Simondsia chinensis) accumulates about 60% wax esters of seed
dry weight. These wax esters are the esterified forms of monounsaturated
C20 to C24 alcohols and unsaturated C18 to C24 fatty acids, with the
majority of the wax ester consisting of a C22:1-alcohol and a C20:1 fatty
acid (Metz et al., 2000; Miwa, 1971).

2.2 Occurrences of fatty alcohols and derivatives in bacteria

Fatty alcohols, commonly in the form of wax esters, are found in a number
of bacterial species, for example Mycobacterium tuberculosis, Micrococcus
cryophilus, Norcadia and Corynebacterium, as well as bacteria in the genus
Acinetobacter and some bacterial strains belonging to the genera Marinobacter,
Pseudomonas,  Neiseria, Micrococcus and  Fundibacter ~ (Wiltermann &
Steinbiichel, 2006; Ishige et al., 2003). Wax esters can be produced under
nitrogen-limited conditions to serve as energy storage in cells and are also
involved in the regulation of membrane fluidity, as seen in Micrococcus
cryophilus (Wahlen ef al., 2009; Reiser & Somerville, 1997; Lloyd & Russell,
1983).
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In Acinobacter calcoacetius, the wax esters can account for 25% of cellular dry
weight (Wiltermann et al.,, 2005). These wax esters are combinations of
fatty acids (C14:0, C16:0, C18:0) and fatty alcohols (C14:0, C16:0, C16:1,
C18:0, C18:1, C20:0) (Fixter et al., 1986). It has been shown that the
chemical structure of wax esters depends strongly on the assimilated carbon
sources as well as the growing temperature (Wiltermann & Steinbiichel,
2006). Feeding experiments with Acinefobacter show that the carbon chain
length of the wax esters is significantly affected by the chain length of the
exogenous fatty alcohols, whereas the changes in the chain length of
exogenous fatty acids show a minor influence on the wax esters (Kaneshiro
et al., 1996). It has also been found that the wax ester synthase activity of
Acinetobacter  calcoaceticus  WS/DGAT  (wax ester synthase/acyl-CoA-
diacylglycerol acyl transferase) is more sensitive to changes in fatty alcohols
than to changes in fatty acids (Kalscheuer ef al., 2003). This suggests that the
chain length of the fatty alcohols determines the chain length of the wax
esters in this species (Rontani & Timmis, 2010; Kalscheuer & Steinbuchel,
2003; Kaneshiro et al., 1996).
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3 Enzymes of fatty acid, fatty alcohol and
wax ester biosynthesis in plants and
bacteria

3.1 Enzymes in de novo biosynthesis of fatty acids in plants and
bacteria

It is well known that activated fatty acids, fatty acyl-CoA and fatty acyl-
ACP, are substrates in the biosynthesis of fatty alcohols. In plants, there is
high homology in chain length distribution of fatty acids and fatty alcohols
in waxes across diverse plant species, suggesting a tight correlation between
the biosynthesis of fatty alcohols and fatty acids of plant waxes (Samuels ef
al., 2008). In plant cells, de novo lipid synthesis is initiated in chloroplasts or
other types of plastids using acetyl-CoA as the precursor. Acetyl-CoA is first
carboxylated to form malonyl-CoA by the enzyme acetyl-CoA carboxylase
(ACCase). The resulting malonyl-CoA then becomes the ‘carbon donor’ for
elongation reactions catalysed by the complex of multiple enzymes fatty acid
synthase (FAS II). By the catalysation of malonyl-CoA: ACP transacylase of
the FAS complex, malonyl-CoA is transformed into malonyl-ACP. The
addition of two carbons from malonyl-ACP into the backbone of the acyl-
ACPs is then catalysed by one of three 3-ketoacyl-ACP synthases (KAS 1,
II, III). KAS III is strictly specific for the condensation of C2:0-ACP to
produce C4:0-ACP, KAS I is responsible for the extension of C4:0-ACP to
form up to C16:0-ACP and KAS II catalyses the condensation of C16:0-
ACP to form C18:0-ACP. Each of the condensation steps is consequently
followed by B-keto reduction, dehydration and an enoyl reduction reaction
carried out by enzyme units of the FAS complex (3-ketoacyl-ACP
reductase, hydroxyacyl-ACP  dehydrase and enoyl-ACP reductase,
respectively) to finally produce saturated fatty acyl-ACPs with up to 16 and
18 carbons (Fig. 4). The fatty acyl-ACPs produced are to a high degree
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desaturated by acyl-ACP desaturase (commonly stearoyl-ACP desaturase) to
form 18:1-ACP. The acyl chains are finally hydrolysed from ACP by acyl-
ACP thioesterase. There are two types of acyl-ACP thioesterase, FATA
specific for 18:1-ACP; FATB has high specificity to fatty acyl-ACPs with
saturated acyl groups such as C16:0-ACP and 18:0-ACP. In some cases such
as California bay tree (Umbellularia California), Cuphea spp. and coconut
(Cocos nucifera), other thioesterases with specificity to C10 and C12 fatty
acyl-ACPs are also found (Ohlrogge & Jaworski, 1997). The released fatty
acids by thioesterases are then transferred to glycerolipid or exported to the
cytosol for further elongation (Ohlrogge & Browse, 1995) (Fig. 4).

Cytosol Plastid

Malonyl-CoA

F/

Malonyl-ACP

C4:0-ACP

Very long chain acyl-CoA
A A A

FAE

FATB
C16:0 € C16:0-ACP
.l, KASII

FATB
C18:() e C18:0-ACP

C16:0-CohA

= (C18:0-CoA
Stearoyl-ACP,
| desaturase
FATA
C18:1-Col (C18:] 4&=——=C18:1-ACP,

Figure 4: De novo fatty acid biosynthesis in plant cells.
It has been found that lipid biosynthesis conducted in the chloroplast is

similar to that of prokaryotic cells, i.e. bacteria. Although it is still not clear
whether there is the presence of bacterial thioesterase with high specificity
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to ACP linked fatty acyls (Gong et al., 2011; Klinke ef al., 1999; Magnuson
et al., 1993). Lipid biosynthesis in the chloroplast is often called the
prokaryotic pathway to differentiate it from the eukaryotic pathway of lipid
biosynthesis that occurs in the endoplasmic reticulum (ER) (Ohlrogge &
Browse, 1995; Magnuson et al., 1993; Heemskerk & Wintermans, 1987;
Warwick et al., 1986).

In plants, fatty acids exported from the chloroplast can be further elongated
in the ER by membrane-bound fatty acyl-CoA elongase enzymes (FAE)
(Kunst & Samuels, 2003). In this process, successive condensations of
malonyl-CoA with acyl-CoAs are carried out; these reactions are similar to
that catalysed by FAS II in the chloroplast, with the exception that the
growing fatty acid chain is anchored to CoA instead of ACP (Kunst &
Samuels, 2003; Cassagne ef al., 1994; Fehling & Mukherjee, 1991; Pollard &
Stumpf, 1980) (Fig. 4). The very long-chain fatty acyl-CoA (VLCFA)
synthesised can then act as the substrate for a decarbonylation pathway to
form fatty aldehydes, odd-chain alkanes, secondary alcohols and ketones
(Kunst & Samuels, 2009; Schneider-Belhaddad & Kolattukudy, 2000;
Cheesbrough & Kolattukudy, 1984). Alternatively, the VLCFA can join an
acyl reduction pathway to be converted into fatty alcohols and wax esters
(Domergue et al., 2010; Kunst & Samuels, 2009; Jetter & Kunst, 2008;
Rowland et al., 2006; Post-Beittenmiller, 1996) (see following sections for
details).

3.2 Enzymes in biosynthesis of fatty alcohols in plants and
bacteria

The biosynthesis of fatty alcohols is conducted via two-step reductions of
fatty acyl-CoA/ACP. In bacteria, these two reactions are catalysed by two
separate reduction enzymes (Wahlen ef al., 2009; Reiser & Somerville,
1997). The substrate is first reduced into a fatty aldehyde by a fatty acyl
CoA/ACP reductase (aldehyde-forming FAR) and the fatty aldehyde is then
reduced further into a fatty alcohol by a fatty aldehyde reductase (Wahlen et
al., 2009; Kalscheuer & Steinbuchel, 2003; Reiser & Somerville, 1997) (Fig.
1). In plants, the two-step process is carried out by a single fatty acyl
CoA/ACP reductase (alcohol-forming FAR) and the free fatty aldehyde
intermediate is not released (Chen et al., 2011; Shi et al., 2011; Lardizabal et
al., 2000; Vioque & Kolattukudy, 1997) (Fig. 1). Besides alcohol-forming
FAR, aldehyde-forming reductase is also found in plants, although it is
supposed to be involved in a different catabolism pathway, eg. a
decarbonylation pathway (Vioque & Kolattukudy, 1997). The fatty alcohols
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produced by FARs are determined by the substrate specificity of the enzyme
and influenced by the fatty acid profiles of the organisms (Samuels ef al.,
2008; Wang et al., 2002; Lardizabal et al., 2000). In eukaryotic and
multicellular organisms, the fatty alcohol profiles are also influenced by the
subcellular location of FAR in the cells, as well as the expression pattern of
FAR genes (Chen et al., 2011; Shi et al., 2011; Domergue et al., 2010;
Rowland et al., 2006).

In addition to the fatty alcohol biosynthesis by FAR enzymes mentioned
above, some bacteria can synthesise primary fatty alcohols from n-alkane by
the hydroxylation reaction catalysed by alkane hydroxylase enzymes
(Kalscheuer & Timmis, 2010; Rojo & Timmis, 2010; Rontani & Timmis,
2010; Ishige ef al., 2003; Ishige ef al., 2002) (Fig. 1). In plants, there are also
enzymes that catalyse the hydroxylation of n-alkane, but this leads to the
formation of only secondary fatty alcohols (Dominguez et al., 2011; Kunst &
Samuels, 2009; Samuels et al., 2008; Kunst & Samuels, 2003; Post-
Beittenmiller, 1996).

3.2.1 Enzymes involved in the biosynthesis of fatty alcohols in plants

Activity of plant FAR enzymes

Although plant FARs have been studied since the 1970s, this had been
conducted on heterologous enzymes. In 1997, the first purification and
characterisation of FAR from garden pea leaves revealed that garden pea
possess a 58 kDa alcohol-forming FAR and that this enzyme utilises
NADPH as reductant for the production of fatty alcohol from fatty acyl-
CoA (Vioque & Kolattukudy, 1997). Later, the cloning and characterisation
of a jojoba FAR revealed that this is also a NADPH-dependent FAR, with
a molecular mass of 56 kDa (Metz ef al., 2000). More recently, an alcohol-
forming enzyme from rice, which was named defective pollen wall (DPW),
was also identified as being a FAR enzyme utilising NADPH. The
molecular and biochemical data on FAR from garden pea, wheat, jojoba
and rice suggest that alcohol-forming FAR enzymes are NADPH-
dependent enzymes. The characterisation of wheat, jojoba and rice FARs
has also revealed that while the reduction of fatty acyl-CoA/ACP into fatty
alcohols by these FARs is conducted via the formation of a fatty aldehyde
intermediate, the free fatty aldehyde intermediate has not ever been
observed.

In Papers II and III, the in vitro characterisation of AtFAR2/MS2 and
AtFARG6 from Arabidopsis was conducted using purified enzymes. This
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revealed that similarly to the alcohol-forming FARs from jojoba and pea,
the AtFARs characterised (AtFAR2/MS2 and AtFARG6) are also NADPH-
dependent FAR enzymes. Interestingly, the in vitro data showed that besides
fatty alcohol being produced as a final product, fatty aldehyde was also
released through the reduction reaction (Papers II, III) (Fig. 5). Using fatty
aldehyde (C18:0-aldehyde) as the substrate for the AtFARG enzyme
revealed its ability to convert this substrate into C18:0-alcohol (Paper II).
In addition to the release of fatty aldehyde, free fatty acid was also observed.

Aldehyde - Foatai

Figure 5: Electronic radiochromatogram of TLC showing the alcohol, aldehyde and free fatty
acid produced by mAtFARG. Assays were conducted in 100mM potassium phosphate buffer (pH
7.0), 50 uM [*C] 16:0-CoA, 10mM NADPH and 3 mg/ml BSA at 30°C. L1: [**C] 18:1-OH
standard, L2: assay without adding enzyme, L3: assay using 50 pg/ml mAtFARG.

However, neither AtFAR6 nor AtFAR2/MS2 could utilise free fatty acid
(C16:0) as a substrate. The results therefore suggested that although the
conversion of fatty acyl-CoA/ACP is conducted via the formation of free
fatty acid and fatty aldehyde, the CoA and ACP groups in the substrates are
necessary for the substrate:enzyme interaction/or recognition of these
FARs. It should also be noted that in cells fatty acids are almost never
present in the form of free fatty acids (Ohlrogge & Browse, 1995). It was
observed that the alcohol/aldehyde ratio of the reduction reaction by
AtFAR?2 and AtFARG6 depends significantly on the substrate chain length, as
well as the concentration of the substrates. The highest reduction products
as well as the highest ratio of alcohol/aldehyde were achieved only in
optimal conditions (Papers II, III). When using C14:0-CoA as a substrate,
only fatty aldehydes and free fatty acids were produced (Papers II, III).
This would suggest that C14:0-CoA is accepted by the enzymes as a
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substrate but a substantial portion of the acyl groups are not bound to the
protein after cleavage from CoA and thus released as free fatty acids. The
proportion of the 14:0 acyl chains that is bound to the enzymes only
undergo the first reduction step, with release of the fatty aldehyde. It was
also found that the micelle formation of substrates severely affects the
activity of AtFAR6 and AtFAR2/MS2, as shown by the significant decrease
in enzyme activity at high substrate concentrations. This adverse effect of
substrate concentration was removed by the addition of BSA in the assays
(Papers II, III). At high substrate concentration, the stimulation effect of
BSA on enzyme activity was increased up to an optimal BSA concentration,
after which it decreased. The results demonstrated that these enzymes can
only utilise the free form of substrates and not the micelle form and BSA-
bound form of substrates (Papers II, III).

Substrate specificity of plant FAR enzymes

Substrate specificity of a FAR enzyme is one of the most important factors
in controlling the fatty alcohol profile of the cells and also in determining
the biological function of the enzyme. The substrate specificity of plant
FAR enzymes was mainly studied at in vivo level. In this method, the
conclusions regarding the substrate specificity of a certain enzyme are either
based on the fatty alcohol profiles of the corresponding mutants or the
expression of FAR in a heterologous expression system.

The expression of jojoba FAR in E. coli predominantly results in the
production of C14:0, C16:0 and C18:1 alcohols (Paper I). The expression
of this jojoba FAR in Brassica napus results in the predominant production of
C22:1-OH and the analysis of jojoba wax ester composition of the seeds
suggests that jojoba FAR is responsible for the production of
monounsaturated C20, C22 and C24 alcohols from corresponding fatty
acyl-CoAs (Metz et al., 2000). Those results therefore indicate that although
jojoba FAR has the ability to use various forms of substrates (medium-chain
and very long-chain substrates, monounsaturated and saturated substrate),
the highest specificity is for the monounsaturated form of very long-chain
fatty acyl-CoAs. The fatty alcohols produced by FAR then serve as
substrates for wax ester biosynthesis in seeds. Similarly to jojoba FAR, the
heterologous expression of TAA1 from wheat shows that this enzyme has
the capacity to use different forms of substrates for producing alcohols
through the accumulation of monounsaturated C18 to C22 alcohols, as well
as C24:0, C26:0 alcohols, when expressed in tobacco; and the production of
C14:0, C16:0 and C18:1 alcohols when expressed in E. coli (Wang et al.,
2002).
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It should be noted that since the jojoba genome sequence is still unknown,
it is not known whether the jojoba FAR reported by Metz ef al. (2000) is
the only enzyme responsible for the production of fatty alcohols in seeds.
The same holds true for the alcohol-forming FAR from garden pea, which
is suggested to be responsible for the production of C26:0 and C28:0
alcohols in pea leaves based on the composition of cuticular leaf waxes
(Vioque & Kolattukudy, 1997; Kolattukudy, 1970).

Using the jojoba FAR sequence as the reference, eight FAR homologues
have been identified from the genome of Arabidopsis (Rowland ef al., 2006;
Costaglioli ef al., 2005; Suh et al., 2005). Paper I presented data on the
preliminary characterisations of five Arabidopsis genes in E. coli. The data
showed that with the exception of AtFAR7, which is suspected to be a
pseudogene (due to the presence of stop codon after the 95" amino acid),
the expression of AtFAR3/CER4, AtFAR1, AtFAR2/MS2 and AtFARS
yielded significant amounts of fatty alcohols. However, the quantity and
profiles of fatty alcohols produced by these enzymes were different to each
other and to jojoba FAR (Paper I). It is therefore suggested that these
enzymes could have different substrate specificity in planta.

The expression of AtFAR3/CER4 in E. coli resulted in the production of
predominantly C18:1-OH, as well as C16:0-OH and C14:0-OH and this
was the enzyme which produced the lowest quantity of fatty alcohols in E.
coli in comparison to the enzymes characterised in Paper I. This could be
explained by the results for the expression of AtFAR3/CER4 gene in yeast
and analysis of the corresponding Arabidopsis mutant (cer4) which shows
that AtFAR3/CER4 is responsible for the production of fatty alcohols with
chain length from C24 to C28 (Rowland er al, 2006). Accordingly,
AtFAR3/CER4 has high specificity to the very long-chain fatty acyl-CoAs
which are not available in E. coli.

Using E. coli as the expression system is fast and efficient, although it
apparently still has limitations judging from the discrepancy in the pool of
fatty acyl chains present in E. coli compared with plants. For example, E. coli
only contains endogenous fatty acyl chains up to 18 carbons in length and
E. coli C18:1 has a different type of desaturation than that in plants (11c-
C18:1 in bacteria compared with 9¢-18:1 in plants) (Shaw & Ingraham,
1965). In addition, the fatty acyl-ACP pool is dominant to the fatty acyl-
CoA pool (Ohlrogge & Browse, 1995; Magnuson ef al., 1993). Moreover,
in an E. coli system, the results obtained from heterologous expression of
FARs could be influenced by the presence of endogenous fatty aldehyde
reductase activity that reduces fatty aldehyde into fatty alcohol (Schirmer et
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al., 2010; Reiser & Somerville, 1997). As a consequence, the fatty alcohol
profiles of genes expressed in E. coli might deviate from the substrate
specificity of the FAR enzymes in planta (Domergue et al., 2010). In yeast,
the eukaryotic expression system, the differences in the fatty acyl-CoAs
pools for FARs are still observed. For example, while high production of
C18:0-alcohol followed by C20:0-alcohol is observed in yeast expressing
AtFAR4, a study on the atfar4 mutant showed that only the contents of
C20:0 and C22:0 alcohols are reduced in this mutant (Domergue et al.,
2010). Despite the above discrepancy, characterisations of AtFARA4,
AtFARS5 and AtFARI1 in yeast and the corresponding Arabidopsis mutants
still show that these enzymes have the highest specificity to C20:0, C18:0
and C22:0, respectively (Domergue et al., 2010).

The characterisation of the aforementioned enzymes, i.e. jojoba FAR,
TAA1, AtFAR3/CER4 and the group of AtFAR1, AtFAR4 and AtFARS,
revealed that the fatty alcohol profiles produced by the FARs varied among
the expression systems. However, the findings also indicate that these
enzymes have the capacity to utilise a wide range of substrates.

In Paper I, AtFAR6 and AtFAR2/MS2 were shown to be the most
efficient enzymes in producing fatty alcohols in E. coli. To further
investigate the activity of these enzymes, the heterologous expression of
AtFARG6 in yeast and also the transient expression of AtFAR6 and
AtFAR2/MS2 in Nicotiana benthamiana were studied. Contrary to the
enzymes discussed above, in wivo characterisation of AtFAR6 and
AtFAR2/MS?2 consistently showed that in all expression systems, i.e. E. coli,
yeast and N. benthamiana, C16:0-alcohol was the predominant product of
these enzymes (Papers II, III; (Chen et al., 2011).

Although the substrate specificity of the AtFARs mentioned above had been
demonstrated previously, the relative importance of enzyme specificity per se
in relation to the pool of acyl substrates available to the enzyme for
determination of the fatty alcohol composition produced in a given cell type
was not known. In Papers II and III, the activity of AtFARG6 and
AtFAR2/MS2 was further characterised in vitro. In these characterisations,
AtFAR6 and AtFAR2/MS2 were expressed in E. coli, after which the
enzymes were purified and used for in wvitro assays. Consistent with the
results from in vivo characterisation, AtFARG6 revealed high specificity to the
substrate with 16 carbons. Interestingly, this enzyme was able to utilise both
C16:0-CoA and C16:0-ACP as substrate at approximately similar Km
values. This AtFARG was later identified to be an enzyme resident in
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chloroplasts, organelles with high availability of C16:0-ACP substrate (see
next section) (Paper II).

Similarly to AtFAR6, AtFAR2 also showed the specificity to both C16:0-
CoA and C16:0-ACP substrates. The Km value of enzyme to C16:0-CoA
was found to be 5.31 + 1.15 uM (Paper III). Chen et al. (2011) also
reported on characterisation of AtFAR2/MS2 but in contrast they showed
that this enzyme had very strict specificity to C16:0-ACP, with a Km value
for this substrate of 23.3 £ 1.15 uM and with no activity to C16:0-CoA
substrate observed.

In comparison, the affinity of AtFAR2/MS2 to the most preferred substrate
(C16:0-ACP) reported by Chen ef al. (2011) is four-fold lower than the
affinity of this enzyme to C16:0-CoA substrate as reported in Paper III.
This difference indicates that the activity of the enzyme described by Chen
et al. (2011) is much lower than the activity of the enzyme used in Paper
III. On the other hand, in Paper III no enzyme activity was observed
when free palmitic acid was used in the assay, indicating that this enzyme
can only utilise activated fatty acids (ACP or CoA) as substrates and not the
free fatty acids. Accordingly, the observation on C16:0-CoA utilisation
reported by Chen et al. (2011) can be suspected to have been influenced by
the purification conformation differences of the purified enzyme or by the
use of improper prepared C16:0-CoA substrate, which is degraded into free
palmitic acid in the assays.

Moreover, the results presented in Paper III showed that AtFAR2/MS2
could only utilise the free form of the substrate and not the micelle form. In
the test conditions used, there was almost no enzyme activity at 10 pM of
C16:0-CoA substrate and activity of enzyme at high C16:0-CoA
concentration was only observed with the presence of BSA in the assay.
Assuming that the Km value of AtFAR2/MS2 to C16:0-ACP (23.3 £ 1.15
pM) is similar to that of C16:0-CoA substrate which according to the results
in Paper III would then be trapped in micelle form at this concentration
and therefore be inaccessible to AtFAR2/MS2. Whereas, the activity of the
enzyme to C16:0-ACP at this concentration might not be affected since it is
known from the literatures that the critical micelle concentration of C16:0-
ACP is much higher than that of 16:0-CoA (Lueking & Goldfine, 1975).

Apparently, the results presented demonstrated that although they are
chloroplast localised enzymes, AtFAR2/MS2 and AtFAR6 had a high
capacity to use both types of substrates, ACP and CoA (Papers II, III and
the next section) (Chen ef al., 2011). Similarly, another chloroplast localised
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alcohol-forming FAR enzyme from rice is shown to have the capacity to
use both CoA and ACP (Shi ef al., 2011). According to the results from the
characterisation of AtFAR2/MS2, AtFAR6 and DPW, these enzymes
apparently have the ability to use both activated fatty acid forms, ACP and
CoA, as the substrates. In order to investigate whether this is the common
character of Arabidopsis FARS, the in vitro assays using purified AtFARS5
were conducted in the presence of either C18:0-CoA or C18:0-ACP as the
substrate. The results showed that AtFARS5 could efficiently utilise C18:0-
CoA but not C18:0-ACP (Fig. 6). This indicates that the utilisation of ACP
substrate is not a universal property among the Arabidopsis FARs.

35

=== Alcohol
— Aldehyde

nmol/mg protein
- - %] N W
[=] (4] [=] W [=]

tn

0 N .

18:0 -CoA 18:0 -ACP

Figure 6: Activity of AtFAR5 to C18:0-ACP and C18:0-CoA substrates. Assays were conducted
in 100mM potassium phosphate buffer (pH 7.0), 10mM NADPH and 1.25 uM of either [*C]
18:0-CoA or [C] 18:0-ACP as substrate. Assays were incubated at 30°C. Error bars indicate
95% confidence limits.

Subcellular localisation of plant FAR enzymes

The activity and substrate specificity decide the biochemical identity of an
enzyme, while the regulation of enzyme activity in the cell is determined by
its subcellular localisation, which influences parameters such as enzyme
stability, substrate availability and the flux of products produced by the
enzyme. Although the subcellular location of jojoba FAR has not been
studied, analysing the alcohol moiety of jojoba wax esters demonstrates that
jojoba FAR has high specificity toward very long-chain fatty acyl-CoAs
(C20:1, C22:1 and C24:1-CoA), the products of the FAE enzyme complex
in the endoplasmic reticulum (ER). This suggests that jojoba FAR is an
enzyme with a subcellular localisation in the ER of the cell (Metz et al.,
2000). Studies on the subcellular location of AtFAR3/CER4 suggest that
this enzyme is also an ER enzyme, but since there is little evidence of a
membrane-bound domain in the protein sequence, the membrane
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association of AtFAR3/CER4 is assumed to be through intermediate
molecules, e.g. post-translational attached lipids (Rowland et al., 2006). This
explains why in the E. coli system, an expression system with similar acyl-
linked substrates (fatty acyl-ACP) to that of the chloroplast, the jojoba FAR
and AtFAR3/CER4 produced lower amounts of fatty alcohols than were
produced by AtFAR6 and AtFAR2/MS2 (which are discussed later in this
section as chloroplast enzymes) (Paper I).

For AtFARS5, AtFAR4 and AtFAR1, there are no available data about their
subcellular locations, but it has been shown that they have a preference for
saturated substrates with 18, 20 and 22 carbons, respectively (Domergue ef
al., 2010). In plants, there are two forms of activated C18:0 available, the
cytosolic form C18:0-CoA and the plastidic form C18:0-ACP. As discussed
in the previous section, AtFARS5 could only utilise 18:0-CoA as the
substrate and not C18:0-ACP (Fig. 6). This finding excluded the possibility
of AtFARS5 using a chloroplast form of C18:0 substrate. Considering
AtFAR4 and AtFAR1, C20:0 and C22:0 are known to be the abundant
types of fatty acids outside the chloroplast and it is therefore likely that this
group of AtFARs (AtFAR1, AtFAR4 and AtFARS5) resides in another
compartment in the cell than the chloroplast. However, since no
membrane-bound domain was found in AtFAR1, AtFAR4 or AtFARS5
using in silico prediction (Paper I and unpublished data), it is not clear in
which specific compartment these enzymes are localised.

Among the AtFAR enzymes identified in Paper I, AtFAR6 and
AtFAR2/MS?2 are unique in that they contain N-terminal extensions of 72
aa and 118 aa respectively. This has been shown by the protein alignments
of these enzymes to other alcohol-forming FAR homologues (Paper I).
Our in silico prediction using ChloroP and PCLR (Schein ef al., 2001;
Emanuelsson et al., 1999) revealed that the N-terminal extensions of
AtFARG6 and AtFAR2/MS2 are predicted to comprise chloroplast transit
peptide sequences (Paper I). The chloroplast transit peptide is essential for
the recognition and localisation of the attached protein into the chloroplast.
Once the protein is imported and located inside the chloroplast, the transit
peptide sequence is cleaved oft so that the protein becomes a functional
enzyme (Bruce, 2000; Archer & Keegstra, 1990). Recently, Chen ef al.
(2011) reported AtFAR2/MS2 to be a FAR enzyme and localised in
chloroplast.

To investigate whether the AtFAR6 enzyme is also chloroplast localised, the
characterisation of AtFARG was carried out using two different forms of
protein sequences: (1) the full-length protein sequence, AtFARG6; and (2)
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the truncated protein sequence without the chloroplast transit peptide,
mAtFARG (Paper II). In this characterisation, the transient expression
experiments in Nicotiana tabacum leaves were conducted using constructs
carrying various parts of AtFARG6 fused to the coding region of yellow
fluorescent protein (YFP). When the full-length AtFAR6 sequence was
fused at the N-terminus of the YFP, fluorescence appeared in a distinct
pattern that is typical of chloroplast localisation (Paper II) (Fig. 7). In
contrast, when a sequence lacking the first 71 amino acids of the AtFARG6
protein was used, the YFP fluorescence was more diffuse and resembled that
of cytosolic proteins (Paper II) (Fig. 7). To confirm that the N-terminal
sequence of AtFARG could target a protein to the chloroplast, a fusion of
the first 71 amino acids of the AtFARG6 protein to YFP was produced.
Expression of this fusion protein resulted in a similar punctuated pattern to
that observed with the full-length AtFAR6 sequence (Paper II) (Fig. 7).

FARG-YFP FAR6w/oNterm-YFP NtermFARG-YFP
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Figure 7: Subcellular localization of full-length AtFAR6 and truncated variants.
Yellow fluorescent protein (YFP) fusions of full-length AtFAR (A), AtFARG6 lacking the N-
terminal 71 amino acids (B), and the N-terminal 71 amino acids of AtFARG6 (C), were transiently
expressed in Nicotiana tabacum leaves and fluorescence imaged by laser scanning confocal
microscopy.

To further confirm these results, mAtFAR6 and AtFAR6 were expressed
transiently in N. benthamiana, followed by analysis of the fatty alcohols
produced in the leaves and in chloroplast from the leaves. The results
showed significant accumulation of C16:0 and C18:0 alcohols in the
chloroplasts of leaves expressing AtFAR6, while a negligible quantity of fatty
alcohols was detected in the control and the chloroplast of leaves expressing
mAtFAR6 (Paper II) (Fig. 8). It was observed that the leaves expressing
AtFARG6 showed chlorotic lesions after three days of infiltration (Paper II).
The transient expression of AtFAR2/MS2 in N. benthamiana also resulted in
the production of C16:0-alcohol in the leaves (Paper III). However, a low
amount of C16:0-alcohol was detected in the chloroplast of leaves
expressing AtFAR2/MS2 and there was no difference in appearance
between leaves expressing AtFAR2/MS2 and those of the control plants
(Paper III).
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Figure 8: GC analysis of fatty alcohol produced in chloroplasts of Nicotiana benthamiana leaves
expressing mMAtFAR6 and AtFAR6. C17:0-OH (3 nmol) was added as internal standard. A.
Control: chloroplasts of leaves expressed GFP and P19. B. mAtFARG: chloroplasts of leaves
expressed mAtFARG, GFP and P19. C. AtFARG: chloroplasts of leaves expressed AtFAR6, GFP
and P19.

The above results are contrary to the results from heterologous expression of
AtFARG6 and mAtFARG in yeast, in which expression of mAtFARG6 yielded
a much higher level of fatty alcohols than AtFAR6 (Paper II). Previous
studies shows that since yeast cells do not possess chloroplasts or any other
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type of plastids, they have difficulties in discriminating between
mitochondrial and chloroplast targeting signals, which can lead to plant
proteins with a chloroplast targeting peptide being introduced into the
mitochondria (Fischer, 2011; Loddenkétter ef al., 1993; Hurt et al., 1986). It
is therefore likely that the yeast protein sorting machinery sent the full-
length AtFARG6 protein to the mitochondria, where it became spatially
separated from the C16:0-CoA and C18:0-CoA substrates in the cytosol.
Conversely, in N. benthamiana, the expression of AtFARG6, but not of
mAtFARG6, showed significant accumulation of C16:0-OH and C18:0-OH
(Paper II). This indicates that in contrast to the yeast system, the full-length
AtFARG6 protein was most probably correctly targeted and imported into
the chloroplast in the leaves, where its targeting signal is cleaved. The
presence of significant amounts of fatty alcohols within isolated chloroplasts
of N. benthamiana leaves expressing AtFARG6 strongly suggests that AtFARG
is a chloroplast localised enzyme and is much more active in this
compartment than in the cytosol, and that a large proportion of the fatty
alcohols produced are contained in this organelle (Paper II).

In plant cells, de novo lipid synthesis takes place in the chloroplast or other
types of plastids and results in the production of saturated fatty acyl-ACPs
with 16 to 18 carbons. These fatty acyl-ACPs are then desaturated (in the
case of 18:0-ACP) and/or acylated to glycerolipid in the chloroplast or
hydrolysed from ACP by acyl-ACP thioesterases, exported to the cytosol
and activated to fatty acyl-CoAs for further utilisation in the cytosol
(Ohlrogge & Browse, 1995). To obtain insights into the subcellular
localisation of AtFARG6 via identification of substrate specificity, in vitro
assays using purified mAFARG6, AtFAR6 and AtFAR2/MS2 were
conducted. The results showed that AtFAR6 and mAtFARG6 had the same
specific activity, but that the activity of mAtFARG6 was higher than that of
AtFARG6. Therefore the mAtFAR6 was used for further characterisation.
These assays showed that mAtFARG6 and also AtFAR2/MS2 have the
capacity to utilise acyl-ACP as substrate (for details see Papers II, III and
(Chen ef al., 2011). These findings are consistent with previous experiments
showing that AtFAR2/MS2 and AtFAR6 were the most efficient enzymes
in producing alcohols in E. coli (Paper I), where acyl-ACP substrates are
more likely to be available (Ohlrogge & Browse, 1995). This further
confirmed that AtFAR6 and AtFAR2/MS2 are enzymes that reside in
chloroplast. Similarly to AtFAR6 and AtFAR2/MS2, DPW (defective
pollen wall), a FAR enzyme from rice, has also been identified as a
chloroplast enzyme and the chloroplast transit peptide is essential in enzyme
targeting (Shi ef al., 2011).
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Biological functions of plant FAR enzymes

The overproduction of fatty acids could be toxic to the cell and therefore
using these fatty acids as a source for production of fatty alcohols, which
then serve as substrates for wax ester biosynthesis, is one way to overcome
this problem (Turkish & Sturley, 2009). Besides being an intermediate
substance in preventing the toxicity effect of fatty acids, fatty alcohols
produced by FARSs are also known to be involved in a variety of biological
functions.

It is well known that jojoba FAR is important for producing fatty alcohols
for wax ester biosynthesis in jojoba seeds. These wax esters then serve as
energy storage and are used during seed germination via B-oxidation
(Huang ef al., 1978; Moreau & Huang, 1977). This is the only case among
plants where wax esters are predominantly accumulated in seeds as a storage
compound. Since the fatty acyl-CoAs are the common substrates of both
TAG and wax ester biosynthesis, the alteration of TAG and wax ester
biosynthesis could significantly affect the composition of storage lipids in
cells (Voelker & Kinney, 2001). One example of this is the expression of
jojoba FAR, WS and KCS in Arabidopsis leading to the production of up to
70% of wax esters in transgenic Arabidopsis seeds (Lardizabal et al., 2000),
indicating that there is a redirection from TAG formation as usual into wax

ester formation in this case.

In Arabidopsis, although eight FAR homologues are present, each of them
possesses distinct characteristics; they act either individually or interactively
during plant development. AtFAR3/CER4 is involved in the production of
C24:0 to C28:0 alcohols in Arabidopsis, and these fatty alcohols participate
to build the structure of cuticular waxes both in free form and the form of
wax esters (Rowland ef al., 2006). The cer4 mutant of Arabidopsis shows
glossy stems with absence of wax crystals and, instead, a thick, smooth film
of waxes covering the stem surface (Rowland et al., 2006). Also involved in
building the protective layers of the plant, the three enzymes AtFARI,
AtFAR4 and AtFARS5 produce C22:0, C20:0 and C18:0 alcohols,
respectively, in suberin (Domergue ef al., 2010). Besides the expression
during suberin deposition in plant tissues, expressions of AtFAR1, AtFAR4
and AtFARS are also induced by wounding and salt stress (Domergue ef al.,
2010).

While AtFAR3/CER4, AtFAR1, AtFAR4 and AtFARS5 mostly produce
fatty alcohols in vegetative tissues, the fatty alcohols produced by
Arabidopsis AtFAR2/MS2 are similar to wheat and rice FARs, which are
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essential for pollen wall development (Chen et al., 2011; Shi et al., 2011;
Wang et al., 2002). The ms2 mutant displays the male sterile phenotype,
while the knockout T-DNA insertion mutant displays the abnormal pollen
wall phenotype (Dobritsa et al., 2009; Aarts ef al., 1997). Interestingly, the
Arabidopsis ms2 mutant can be rescued by the expression of rice DPW,
which indicates that this DPW is most likely an orthologous enzyme of
Arabidopsis AtFAR2/MS2 (Shi ef al., 2011).

It should be noted that plants that are homozygous for a T-DNA insertion
mutation in a FAR gene, AtFAR2/MS2 (SAIL_92_C07), still produce seeds
(Dobritsa ef al., 2009) and occasionally a fertile phenotype is also found in
the ms2 mutant (Aarts et al., 1997). It is therefore postulated that at least one
homologous AtFAR gene can complement AtFAR2/MS2 to some extent
in these cases, as seen in the sterility recovery of ms2 mutant by
heterologous expression of DPIW (Shi et al., 2011). According to the results
in Paper III and Chen et al. (2011), AtFAR2/MS2 is the enzyme
responsible for the production of C16:0-alcohol in chloroplast of
Arabidopsis. The biological functions of most AtFARs among the eight
AtFAR homologues in the Arabidopsis genome have been discussed earlier.
Among the Arabidopsis FAR homologues, AtFAR6 appeared to be the only
one which showed similar substrate specificity and biochemical properties to
those of AtFAR2/MS2 (Paper II). Moreover, similarity to AtFAR6 was
also determined in terms of being a chloroplast localised enzyme (for details
see  3.2.1-Subcellular  localisation  of  plant FAR  enzymes).
The similarity in enzyme activity of AtFAR2/MS2 and AtFARG6, as well as
the subcellular location of these enzymes, i.e. enzymes of chloroplasts,
indicates that there could be a functional redundancy among AtFAR2/MS2
and AtFARG in the development of Arabidopsis and that AtFAR6 could be
an enzyme that is functionally complementary to AtFAR2/MS2 or vice versa.
The analysis of AtFAR6 promoter:GUS fusions showed that besides stem
epidermis and root cap, expression was also found in anthers (for details see
Paper II). In addition, data from the gene expression database
(AtGenExpress Development) show that expressions of both AtFAR2/MS2
and AtFARG6 are found in mature pollen and stem (Schmid et al., 2005). It
therefore appears that with similar subcellular localisation, tissue expression
and enzyme activity, AtFARG6 is the only candidate among AtFAR
homologues which could act in a complementary way to AtFAR2/MS2.

Phylogenetic analysis of functionally characterised FARs (Fig. 1) revealed
that DPW (Shi et al., 2011), AtFAR6 (Paper II) and AtFAR2/MS2 (Chen
et al., 2011) Paper III), the chloroplast localised FAR enzymes, were
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closely related and thus formed a group. The group of AtFAR1, AtFAR4
and AtFARS5 (Domergue ef al., 2010) and AtFARS8 (Paper I) are grouped
in another clade. In this group, AtFARS is possibly the result of duplication
of AtFAR5 and enzymes of this group comprise FARs for suberin fatty
alcohols. It was also apparent that jojoba FAR (Metz et al, 2000),
AtFAR3/CER4 (Rowland et al., 2006) and AaFAR (Maes et al., 2010), the
specific FAR enzymes for very long-chain fatty acyl-CoAs, were in the
same group. The wheat FAR (TaFAR) (Wang et al., 2002), with medium-
and very long-chain substrate specificity, was closer to the suberin group and
jojoba group. The studies on plant FARs revealed that although these
enzymes are ubiquitous, each enzyme apparently possesses distinct
biochemical characteristics and they act either interactively or independently
during the development of plants. From an evolutionary point of view, the
presence of multiple homologous genes encoding for enzymes with similar
catalytic activity and also overlapping biological functions might be a
possible way to improve the adaptation capacity of plants to changes in the
environment (Zhang, 2003; Lynch, 2002; Long & Thornton, 2001; Lynch
& Conery, 2000). The occurrence of different FAR homologues in one
genome has also been reported in other eukaryotic organisms, such as insects
and copepods (Teerawanichpan & Qiu, 2011; Lassance et al., 2010; Liénard
et al., 2010).

3.2.2 Fatty acyl-CoA reductase in bacteria (Paper 1V)

In prokaryotes, the medium- and long-chain fatty alcohols for the
biosynthesis of wax esters are believed to be produced by two-step
reduction of either acyl-CoA or acyl-ACP via an intermediate fatty
aldehyde. A study of mutants of Acinetobacter calcoaceticus deficient in wax
ester biosynthesis revealed a mutant impaired in the first reduction step
leading to fatty aldehyde (Reiser & Somerville, 1997). In a recent paper, a
putative gene sequence (Maqu_2220) of fatty aldehyde reductase enzyme
was identified in Marinobacter aquaeolei VT8, a Gram-negative bacteria strain
isolated from a sample acquired at the head of an offshore oil well in
southern Vietnam (Huu ef al., 1999). The corresponding 513 aa protein
product of Maqu_2220 was shown to reduce added aldehyde substrates to
fatty alcohol. Thus in combination with an acyl-CoA reductase, the
identification of this fatty aldehyde reductase enzyme (FALDR) could be
seen as closing the gap in the reduction from fatty acyl-CoA to fatty alcohol
(Wahlen et al., 2009). Accordingly, the biosynthesis of fatty alcohols of
prokaryotes is different to that of eukaryotes, where a single enzyme can
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perform both reduction steps (Lardizabal ef al., 2000; Vioque &
Kolattukudy, 1997).

Magqu_2220 produces fatty alcohols from fatty acyl-CoA/ACP substrates

Maqu_2220 is reported to be an aldehyde-reducing protein (FALDR)
which catalyses the reduction of fatty aldehyde into fatty alcohol (Wahlen et
al., 2009). However, the protein sequence of Maqu_2220 FALDR showed
high homology to other identified alcohol-forming FARs such as jojoba
FAR and Arabidopsis AtFAR3/CER4 with similar conserved domains in
the protein sequence, i.e. the predicted Rossmann-fold which is suggested
to be the NAD(P)H-binding site and also the C-terminal region with the
so-called male sterility domain. From the similarity in protein sequence, the
Maqu_2220 FALDR was suspected to be an alcohol-forming FAR,
therefore eliminating the need for producing fatty aldehyde by an acyl-CoA
reductase (ACR) in Marinobacter aquaeolei V'T8.

In Paper IV, Maqu_2220 was expressed in E. coli and the corresponding
enzyme was purified. The in wvitro assays using purified enzyme were
conducted using saturated ['C]-fatty acyl-CoA substrates of C10 to C22
carbons in the chain length for the assays and reaction products were
separated by TLC. Of the substrates tested, Maqu_2220 had the highest
activity in production of fatty alcohols with C20:0-CoA, followed by
C18:0-CoA and then C16:0-CoA. Fatty alcohol production with saturated
substrates C10:0 to C14:0-CoA and C22:0-CoA, although detectable, was
low (Fig. 9). These results showed that in conditions with non-preferred
substrates, considerable amounts of free fatty acids and aldehydes were
produced. This would suggest that although accepted as substrates, the full
reaction does not take place efficiently, which led to the formation of
intermediate products: free fatty acids after an initial thioesterase-like activity
and fatty aldehyde after the first reduction step.

In addition to the ability for using saturated substrates, Maqu_2220 could
also efficiently reduce unsaturated substrates C18:1-A9-CoA to produce
fatty alcohol and C22:1-A9-CoA. In fact, C18:1-A9-CoA was found to be
the substrate most efficiently reduced into fatty alcohol. The enzyme was
also able to utilise ricinoleoyl-CoA (the substrate with the addition of a
A12-hydroxyl group to C18:1-cis-A9) for alcohol production (Fig. 9).
Maqu_2220 also reduced branched substrate, 2-methyl-C18:0-CoA, into
fatty alcohol at a low but detectable level, but no activity was detected with
2-methyl-C16:0-CoA.
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In prokaryotes, the CoA-activated acyl chains are mainly derived from
oxidative reactions with medium- and long-chain hydrocarbons, while the
ACP-linked acyl chains are produced from the de novo biosynthesis of fatty
acids. C16:0-ACP was therefore tested as a substrate. The results showed
that Maqu_2220 was able to produce C16:0-alcohol from C16:0-ACP. The
difference in activity of Maqu_2220 with C16:0 activated by CoA or ACP
was in fact much less than the difference in activity of C16:0-CoA to 14:0
and 18:0-CoA substrates (Fig. 9). The minor difference in activity between
16:0-ACP and 16:0-CoA might indicate that Marinobacter aquaeolei VT8 is
prepared to produce fatty alcohols leading to wax esters from both de novo
fatty biosynthesis, as well as utilising activated substrates from degradation of
available hydrocarbons in the environment. The above results showed that
Maqu_2220 is a protein capable of performing both reduction steps from
fatty acyl-CoA/ACP to fatty alcohol (Fig. 9). Therefore it is the first
prokaryotic FAR enzyme with similar catalytic activity to the alcohol-
forming FAR found in eukaryotes. The findings also demonstrated that
there are at least two biochemical pathways exist among prokaryotes for the
reduction of activated fatty acyl chains to fatty alcohols, one of which is
analogous activity to the eukaryotic FARs identified above.
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Figure 9: A. Distribution of radioactive products on TLC-plate after incubation of the
Maqu_2220 protein with [**C]-fatty acyl-CoA substrates and subsequent separation. The identity
of reaction products were established by GC-MS (Appendix C). Lane 1: 10:0, Lane 2: 12:0, Lane
3: 14:0, Lane 4: 16:0. B. Activity of the Maqu_2220 protein with different activated [*C]-fatty
acyl substrates at 30°C. Bars represent rate of alcohol production in nmol/mg protein/min and are
means of two independent experiments. Ric-CoA (ricinoleoyl-CoA)
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Maqu_2220 FAR utilises a wide range of substrates

The results on the characterisation of Marinobacter FAR showed that this
enzyme has considerable activity, with a highly diverse range of substrates
with different carbon chain lengths, activated forms (ACP and CoA linked
acyls) and levels of modification (hydroxylated, unsaturated, branched
substrates). This is in contrast to most other FAR homologues, which have a
narrow range of substrate utilisation. For example, Euglena gracilis FAR
mainly produces saturated 14 and 16 carbon alcohols (Teerawanichpan ef al.,
2010). Insect FARs relating to pheromone synthesis are also quite specific,
with a preference for 14 or 16 carbon substrates (Lassance ef al., 2010). The
honeybee FAR (AmFAR), copepod FARs (CfFAR) and mouse FAR1
(MmFARY1) are the exceptions, with a wider range of substrate utilisation
(Teerawanichpan & Qiu, 2011; Teerawanichpan et al., 2010; Cheng &
Russell, 2004a). For plant FARS, substrate utilisation depends strongly on
subcellular location and on the biological function of the enzymes (discussed
above). In these organisms, the observed specificities are most likely a
function of the requirements placed on the end-product e.g. protective
surface waxes or signalling pheromones, but also depend on the substrates
that are spatially and temporally available in the system studied.

In plants and animals, the fatty alcohols and wax esters commonly serve very
specialised functions where physical properties are of importance. Therefore
a high stringency FAR enables the organism to fine-tune the contribution
to the specific properties of the compound, or mixture of compounds, in
which the fatty alcohol is utilised. In marine bacterial species, energy storage
is the primary function of wax esters, which could mean that it is an
advantage if a wider range of substrates can be utilised either from internally
synthesised resources or from scavenging of hydrocarbons available in the
environment.

The Marinobacter FAR described here showed high homology to the
reported alcohol-forming FARs from eukaryotes. In addition, a multitude of
other sequences with a similar primary structure were found but are so far
uncharacterised. On a wider search through the eukaryotes, homologous
sequences were found in the moss Physcomitrella patens (Acc. XP_001771307
and XP_001758118) and among protists such as Euglena gracilis, Trypanosoma
cruzi (Acc. XP_809421) and Phytophthora infestans (based on the incomplete
sequences). Surprisingly, sequences with domains typical for FARs could
not be found among algae and fungi.
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Using BLAST search for proteins in the fully sequenced microbe section of
NCBI an additional five putative bacterial FARs which are of a similar size
(480-550 aa) and contain the same conserved domains as proven eukaryotic
FARSs can be found. These bacterial species are closely related, which could
mean that this type of gene and enzyme is very rare and confined to a small
section of bacterial species. Interestingly among all over 1800 microbial
genomes which can be subjected to BLASTP, all five genomes containing
an ORF with significant homology to Maqu_2220 FAR belong to marine
bacteria. Other amino acid sequences found with homology to FAR fall
into two classes of 750-820 aa and 1470-1600 aa. They are essentially
homologous to other FAR, but with an extension in the C-terminal. It was
also found that the C-extensions of these two classes are not conserved, thus
indicating diverging functions of these two groups.

Fatty alcohols are the substrate for biosynthesis of wax esters, which are
suggested to be important compounds for survival during dehydration in the
water-air boundary, facilitating terrestrial life (Finkelstein et al., 2010).
Maqu_2220 of Marinobacter aquaeolei VT8 has now been proven to have the
same type of activity as eukaryotic FARs and may together with
homologous sequences from marine bacteria be the prototypical version of
this enzyme, where specialisation of enzyme function may have occurred
upon migration to land and evolution of more complex organisms.

3.3 Enzymes in biosynthesis of wax esters

One of the most important biochemical roles of fatty alcohols is as
precursors for the biosynthesis of wax esters. The esterification of fatty
alcohol and fatty acyl-CoA/ACP to form wax ester is catalysed by wax ester
synthase (WS) enzyme (fatty acyl-CoA: fatty alcohol acyltransterase). To
date, three types of WS enzymes have been identified in plants and bacteria.

In bacteria such as Acinetobacter calcoaceticus ADP1 and Mycobacteria tuberculosis,
there is a bifunctional WS/DGAT which is involved in the production of
both wax ester and triacylglycerol (TAG) (Wiltermann et al., 2007;
Stoveken et al., 2004; Kalscheuer & Steinbuchel, 2003). The WS/DGAT
from Mycobacteria tuberculosis has much higher DGAT activity than WS
activity (Wiltermann et al., 2007; Stoveken et al., 2004). Whereas, the
bifunctional enzyme from Acinetobacter calcoaceticus has higher WS activity
than DGAT activity and regarding the WS activity, this enzyme can utilise a
broad range of fatty alcohols (C2-C30). However, the highest specificity is
for C14:0 to C18:0 alcohols, which are esterified to C14:0, C16:0 acyl-

41



CoAs (Wiltermann et al., 2007, Wiltermann et al., 2005). Proteins with
high homology to bacterial WS/DGAT are also found in plants. In petunia
(petals), the enzyme has high homology to bacterial WS/DGAT but only
the WS activity is detected with high specificity to C22-C28 acyl-CoAs and
C10:0-C12:0 alcohols (King ef al., 2007). In the Arabidopsis genome, there
are 11 homologues of WS/DGAT. The identification and characterisation
of a putative Arabidopsis WS/DGAT (WSD1) revealed that this enzyme is
located in the endoplasmic reticulum with 10-fold higher WS activity than
DGAT activity in vitro. However no DGAT activity has been detected in
vivo (Li et al., 2008). In Arabidopsis, WSD1 is responsible for the production
of wax esters of stem epidermis (Li ef al., 2008). The presence of these bi-
functional WS/DGAT enzymes in plants therefore indicates that there is an
evolutionary relationship in the regulation of wax ester biosynthesis and
TAG biosynthesis in plants.

The second type of WS is specialised for only synthesising wax esters and is
found in jojoba. This enzyme has specificity to unsaturated C18 alcohol and
both saturated and unsaturated C14 to C24 acyl-CoAs (Lardizabal et al.,
2000). There are also 12 genes in Arabidopsis with high homology to jojoba
WS (Klypina & Hanson, 2008; Costaglioli ef al., 2005; Beisson et al., 2003),
but the activity of enzymes encoded by these genes has not been
determined.

Another type of WS found in Arabidopsis is phytyl ester synthase (PES).
This enzyme catalyses the esterification of phytol and fatty acids to form
fatty acid phytyl esters in chloroplasts during senescence (Ischebeck et al.,
2006). However, the corresponding gene of PES has not been identified so
far.
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4 Fatty alcohols and derivatives: Industrial
applications, problems and prospects

Together with fatty acids, fatty alcohols are important basic oleochemicals.
Fatty alcohols are the starting material for producing other oleochemical
products by being further processed by esterification, ethoxylation,
sulphation, amidation and other modifications. Fatty alcohols with 8 to 10
carbons in the chain are material for the plastics industry and are also used as
solvents for printing inks and lacquers, while C12-C18 alcohols are mostly
used in the detergent and surfactant industry. The C12-C14 alcohols are
also used as components in lubrication, bearing and hydraulic oils. For the
cosmetic industry, C16-C18 alcohols are mostly used. Wax esters, a
derivative of fatty alcohols, appear to be the best option for using as high
value lubricants due to their high resistance to hydrolysis (Carlsson et al.,
2011; Carlsson, 2006; Rupilius & Ahmad, 2006; Gervajio, 2005).

Fatty alcohols and wax esters are ubiquitous among organisms, but are
generally produced in low quantities except in some cases such as sperm
whales, carnauba palm and jojoba. In order to meet the demand for fatty
alcohols and wax esters for industrial applications, the development of living
systems which produce these compounds with desired properties in large
quantities would be highly advantageous (Jenkins ef al., 2011; Rude &
Schirmer, 2009; Jetter & Kunst, 2008; Kalscheuer et al., 2006). Progress in
biotechnology has enabled us to efficiently modify the biochemical pathway
of cells for target oil products. However, although precise and efficient,
genetic engineering requires a detailed understanding of the metabolic
pathways involved so that target enzymes with the right specificity and
subcellular location are manipulated for efficient synthesis of a certain
desired product (Carlsson ef al., 2011).

Since fossil oil (petroleum) is also the feedstock for fatty alcohols and wax
esters, producing fatty alcohols and derivatives from living systems can help

43



establish the balance in using oleochemical materials over petrochemical
materials and therefore reduce the dependency of our society on fossil oil.
More importantly, the development of living systems that produce fatty
alcohols and derivatives will help to produce sustainable, renewable, non-
toxic and biodegradable materials for industrial applications, thus reducing
the environmental consequences of fossil oil consumption.
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5 Conclusions and future considerations

5.1 Conclusions

AtFARG6 and AtFAR2/MS2 are alcohol-forming enzymes localised in the
chloroplast. These enzymes utilise C16:0-CoA/ACP as substrates for C16:0-
alcohol production.

The present in witro characterisation of AtFAR6 and AtFAR2/MS2
confirmed these enzymes as FAR enzymes that produce fatty alcohols as
end-products via intermediate fatty aldehydes, which were also released. In
addition, free fatty acids were observed. The ratio of fatty alcohol:fatty
aldehyde produced by this enzyme under in wvitro conditions depends
strongly on the availability of substrates regarding chain length, as well as
free form substrates. The highest ratio of fatty alcohol:fatty aldehyde was
achieved when 16:0-ACP/CoA was used as the substrate.

AtFARG6 and AtFAR2/MS2 possess similar activity, subcellular localisation
and specific tissue expression, and are therefore likely to complement each
other in functionality, for example in stratification of the exine layer during
pollen development.

Characterisation of plant FARs demonstrated that although ubiquitous in
plants, different FARs have distinct biochemical characteristics. They act
either interactively or independently during the development of plants. The
biosynthesis of fatty alcohols and wax esters in plant cells is summarised in
Figure 10.

Maqu_2220 from Marinobacter aquaeolei VT8 encodes an alcohol-forming
FAR with the capacity to use a broad range of substrates, i.e. saturated,
unsaturated substrates, CoA- and ACP-activated substrates, branched acyl
substrates and hydroxyl acyl substrate (ricinoleoyl-CoA). The finding also
demonstrated that there are at least two biochemical pathways exist among
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prokaryotes for the reduction of activated fatty acyl chains to fatty alcohols,
one of which is analogous activity to eukaryotic FARs identified here.

Plastid

A9acyl-ACP Desaturase
C4:0-ACP------> —> C16:0-ACP----—->C18:0-ACP——>C18:1-ACP

AtFARG
Fatty acyl-ACPs AtFARZ2/MS2
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PES v C18:0 c1s:
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Wiax esters (ClE.O-OH
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Figure 10: The biosynthesis and metabolism of fatty alcohols in plant cells. Thin arrows: fatty
acid biosynthesis. Thick arrows: fatty alcohol metabolism.

5.2 Future considerations

The reduction power for reactions catalysed by FARs is supplied by
NADPH, which is generated from plant photosynthesis and the pentose
phosphate pathway. In addition, NADPH is also the reductant of the
reactions in the Calvin cycle, lipid biosynthesis and oxidation-reduction in
the cell. It would therefore be interesting to investigate whether regulation
of the NADPH flux affects fatty alcohol production and the related
metabolism pathways.

The study on AtFAR6 and AtFAR2/MS?2 revealed the possibility that these
enzymes are complementary to each other in biological function. Therefore
the overexpression of AtFARG6 in the ms2 mutant as well as the analysis of
the double mutant atfar6/ms2 should clarify any relationship. We would
expect that the atfar6/ms2 plants would be sterile and the AtFARG6
overexpressing/ms2 plants would have normal pollen development thus
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being fertile. If not then the lack of C16:0-alcohol gives a serious influence
on pollen formation but plants can still stay fertile.

A considerable quantity of C16:0-alcohol was accumulated in the
chloroplasts of N. benthamiana leaves expressing AtFAR6. In addition,
chlorotic lesions were observed on these leaves compared with the control
leaves. This indicates that the accumulation of fatty alcohols in chloroplasts
is toxic to the cells. Within cells, one way to overcome this toxicity is by
producing the ester form of alcohols, as seen in the formation of wax esters
in bacteria during overproduction of fatty alcohols and fatty acids. Another
possible way is to export the fatty alcohol to the cytosol for further
modification. A small quantity of C16:0-alcohol moieties was detected in
the wax ester fraction of N. benthamiana leaves expressing AtFAR6, but it is
not known whether this wax ester is synthesised inside or outside the
chloroplast. In contrast to AtFARG expression, the leaves expressing
AtFAR2/MS2 were similar to the control. Therefore it would be
interesting to investigate how the cells cope with the high amount of
C16:0-alcohol produced by AtFAR2/MS2 and AtFARG6 in Arabidopsis
cells.

Phylogenetic analysis of characterised FARs showed that there is a
relationship in protein sequence of the FARs with species specificity,
subcellular specificity and enzyme-specific activity. This suggests that there
are corresponding conserved domains in the FAR amino acid sequences and
therefore further investigations to define these domains could provide a
better understanding for the engineering of FAR proteins.

Considering the evolution perspective, FAR homologues are ubiquitous in
plants but limited to a few bacterial species and protists and have so far not
been found in algae. Therefore, further research on additional FARs from
various organisms could lead to interesting evolutionary perspectives. For
example, if this type of enzyme is not found among algae how the marine
bacteria or genes contained within these prokaryotes fit in with the accepted
evolutionary tree of eukaryotes such as plants.

In combination with other reported research, the results from the studies in
this thesis demonstrate that there is a vast resource of FAR enzymes with
different substrate specificities as well as subcellular localisation in different
organisms. The understanding of the availability and the biochemical
properties of FARs will enable us to efficiently modify lipid metabolism for
the production of fatty alcohols and derivatives with desired chemical
structures in the cells.

47



48



References

Aarts, M.G.M., Hodge, R., Kalantidis, K., Florack, D., Wilson, Z.A., Mulligan, B.J., Stieckema,
W.J., Scott, R. & Pereira, A. (1997). The Arabidopsis MALE STERILITY 2 protein shares
similarity with reductases in elongation/condensation complexes. The Plant Journal 12(3),
615-623.

Allebone, J. & Hamilton, R. (1972a). Cuticular leaf waxes. Il1. Free and esterified acids and
alcohols in Chenopodium album L., Lolium perenne L. and Stellaria media L. Journal of the
Science of Food and Agriculture 23(6), 777-786.

Allebone, J.E. & Hamilton, R.J. (1972b). Cuticular leaf waxes. I1l. Free and esterified acids and
alcohols in Chenopodium album L., Lolium perenne L. and Stellaria media L. Journal of the
Science of Food and Agriculture 23(6), 777-786.

Antony, B., Fujii, T., Moto, K.i., Matsumoto, S., Fukuzawa, M., Nakano, R., Tatsuki, S. &
Ishikawa, Y. (2009). Pheromone-gland-specific fatty-acyl reductase in the adzuki bean borer,
Ostrinia scapulalis (Lepidoptera: Crambidae). Insect Biochemistry and Molecular Biology
39(2), 90-95.

Archer, E.K. & Keegstra, K. (1990). Current views on chloroplast protein import and hypotheses
on the origin of the transport mechanism. Journal of Bioenergetics and Biomembranes 22(6),
789-810.

Beisson, F., Koo, A.J.K., Ruuska, S., Schwender, J., Pollard, M., Thelen, J.J., Paddock, T., Salas,
J.J., Savage, L. & Milcamps, A. (2003). Arabidopsis Genes Involved in Acyl Lipid
Metabolism. A 2003 Census of the Candidates, a Study of the Distribution of Expressed
Sequence Tags in Organs, and a Web-Based Database 1. Plant Physiol 132(2), 681-697.

Bruce, B.D. (2000). Chloroplast transit peptides: structure, function and evolution. Trends in Cell
Biology 10(10), 440-447.

Buschhaus, C. & Jetter, R. (2011). Composition differences between epicuticular and
intracuticular wax substructures: How do plants seal their epidermal surfaces? Journal of
Experimental Botany 62(3), 841-853.

Carlsson, A. (2006). Production of Wax ester in Crambe.

Carlsson, A.S., Yilmaz, J.L., Green, A.G., Stymne, S. & Hofvander, P. (2011). Replacing fossil
oil with fresh oil — with what and for what? European Journal of Lipid Science and
Technology 113(7), 812-831.

49



Cassagne, C., Lessire, R., Bessoule, J.J., Moreau, P., Creach, A., Schneider, F. & Sturbois, B.
(1994). Biosynthesis of very long chain fatty acids in higher plants. Progress in Lipid
Research 33(1-2), 55-69.

Cheesbrough, T. & Kolattukudy, P. (1984). Alkane biosynthesis by decarbonylation of aldehydes
catalyzed by a particulate preparation from Pisum sativum. Proceedings of the National
Academy of Sciences 81(21), 6613.

Chen, W., Yu, X.-H., Zhang, K., Shi, J., Schreiber, L., Shanklin, J. & Zhang, D. (2011). Male
Sterile 2 Encodes a Plastid-localized Fatty Acyl ACP Reductase Required for Pollen Exine
Development in Arabidopsis thaliana. Plant Physiol.

Cheng, J.B. & Russell, D.W. (2004a). Mammalian Wax Biosynthesis: |. IDENTIFICATION OF
TWO FATTY ACYL-COENZYME A REDUCTASES WITH DIFFERENT SUBSTRATE
SPECIFICITIES AND TISSUE DISTRIBUTIONS. Journal of Biological Chemistry 279(36),
37789.

Cheng, J.B. & Russell, D.W. (2004b). Mammalian Wax Biosynthesis: Il. EXPRESSION
CLONING OF WAX SYNTHASE cDNAs ENCODING A MEMBER OF THE
ACYLTRANSFERASE ENZYME FAMILY. Journal of Biological Chemistry 279(36),
37798.

Costaglioli, P., Joubes, J., Garcia, C., Stef, M., Arveiler, B., Lessire, R. & Garbay, B. (2005).
Profiling candidate genes involved in wax biosynthesis in Arabidopsis thaliana by microarray
analysis. Biochimica et Biophysica Acta (BBA) - Molecular and Cell Biology of Lipids
1734(3), 247-258.

Dobritsa, A.A., Shrestha, J., Morant, M., Pinot, F., Matsuno, M., Swanson, R., Moller, B.L. &
Preuss, D. (2009). CYP704B1 Is a Long-Chain Fatty Acid {omega}-Hydroxylase Essential
for Sporopollenin Synthesis in Pollen of Arabidopsis. Plant Physiol 151(2), 574-589.

Domergue, F., Vishwanath, S.J., Joubes, J., Ono, J., Lee, J.A., Bourdon, M., Alhattab, R., Lowe,
C., Pascal, S., Lessire, R. & Rowland, O. (2010). Three Arabidopsis Fatty Acyl-Coenzyme A
Reductases, FAR1, FAR4, and FARS5, Generate Primary Fatty Alcohols Associated with
Suberin Deposition. Plant Physiol 153(4), 1539-1554.

Dominguez, E., Cuartero, J. & Heredia, A. (2011). An overview on plant cuticle biomechanics.
Plant Science 181(2), 77-84.

Emanuelsson, O., Nielsen, H. & von Heijne, G. (1999). ChloroP, a neural network-based method
for predicting chloroplast transit peptides and their cleavage sites. Protein Sci 8(5), 978-84.

Fehling, E. & Mukherjee, K.D. (1991). Acyl-CoA elongase from a higher plant (Lunaria annua):
metabolic intermediates of very-long-chain acyl-CoA products and substrate specificity.
Biochimica et Biophysica Acta (BBA) - Lipids and Lipid Metabolism 1082(3), 239-246.

Finkelstein, D.B., Brassell, S.C. & Pratt, L.M. (2010). Microbial biosynthesis of wax esters
during desiccation: Adaptation for colonization of the earliest terrestrial environments?
Geology 38(3), 247-250.

Fischer, K. (2011). The Import and Export Business in Plastids: Transport Processes across the
Inner Envelope Membrane. Plant Physiol 155(4), 1511-1519.

Fixter, L.M., Nagi, M.N., Mccormack, J.G. & Fewson, C.A. (1986). Structure, Distribution and
Function of Wax Esters in Acinetobacter calcoaceticus. Journal of General Microbiology
132(11), 3147-3157.

50



Fritz, P. (1994). Ether lipids in biomembranes. Chemistry and Physics of Lipids 74(2), 101-139.

Gervajio, G.C. (2005). Fatty Acids and Derivatives from Coconut Oil. In: Bailey's Industrial Oil
and Fat Products John Wiley & Sons, Inc. ISBN 9780471678496.

Goldfine, H. & Langworthy, T.A. (1988). A growing interest in bacterial ether lipids. Trends in
Biochemical Sciences 13(6), 217-221.

Gong, Y., Guo, X., Wan, X., Liang, Z. & Jiang, M. (2011). Characterization of a novel
thioesterase (PtTE) from Phaeodactylum tricornutum. Journal of Basic Microbiology, n/a-n/a.

Heemskerk, J.W.M. & Wintermans, J.F.G.M. (1987). Role of the chloroplast in the leaf acyl-lipid
synthesis. Physiologia Plantarum 70(3), 558-568.

Huang, A.H.C., Moreau, R.A. & Liu, K.D.F. (1978). Development and properties of a wax ester
hydrolase in the cotyledons of jojoba seedlings. Plant Physiol 61(3), 339.

Hurt, E.C., Soltanifar, N., Goldschmidt-Clermont, M., Rochaix, J.D. & Schatz, G. (1986). The
cleavable pre-sequence of an imported chloroplast protein directs attached polypeptides into
yeast mitochondria. The EMBO Journal 5(6), 1343.

Huu, N.B., Denner, E., Ha, D.T.C., Wanner, G. & Stan-Lotter, H. (1999). Marinobacter aquaeolei
sp. nov., a halophilic bacterium isolated from a Vietnamese oil-producing well. International
journal of systematic bacteriology 49(2), 367.

Ischebeck, T., Zbierzak, A.M., Kanwischer, M. & Ddrmann, P. (2006). A Salvage Pathway for
Phytol Metabolism in Arabidopsis. Journal of Biological Chemistry 281(5), 2470-2477.

Ishige, T., Tani, A., Sakai, Y. & Kato, N. (2003). Wax ester production by bacteria. Current
Opinion in Microbiology 6(3), 244-250.

Ishige, T., Tani, A., Takabe, K., Kawasaki, K., Sakai, Y. & Kato, N. (2002). Wax Ester
Production from n-Alkanes by Acinetobacter sp. Strain M-1: Ultrastructure of Cellular
Inclusions and Role of Acyl Coenzyme A Reductase. Appl. Environ. Microbiol. 68(3), 1192-
1195.

Jenkins, T., Bovi, A.l. & Edwards, R. (2011). Plants: biofactories for a sustainable future?
Philosophical Transactions of the Royal Society A: Mathematical, Physical and Engineering
Sciences 369(1942), 1826-1839.

Jetter, R. & Kunst, L. (2008). Plant surface lipid biosynthetic pathways and their utility for
metabolic engineering of waxes and hydrocarbon biofuels. The Plant Journal 54(4), 670-683.

Jetter, R., Kunst, L. & Samuels, A.L. (2006). Composition of plant cuticular waxes. Biology of
the Plant Cuticle. Annual Plant Reviews 23, 145-175.

Kalscheuer, R. & Steinbuchel, A. (2003). A Novel Bifunctional Wax Ester Synthase/Acyl-CoA:
Diacylglycerol Acyltransferase Mediates Wax Ester and Triacylglycerol Biosynthesis in
Acinetobacter calcoaceticus ADP1. Journal of Biological Chemistry 278(10), 8075-8082.

Kalscheuer, R., Stoveken, T., Luftmann, H., Malkus, U., Reichelt, R. & Steinbuchel, A. (2006).
Neutral Lipid Biosynthesis in Engineered Escherichia coli: Jojoba Oil-Like Wax Esters and
Fatty Acid Butyl Esters. Appl. Environ. Microbiol. 72(2), 1373-1379.

Kalscheuer, R. & Timmis, K.N. (2010). Genetics of Wax Ester and Triacylglycerol Biosynthesis
in Bacteria

Handbook of Hydrocarbon and Lipid Microbiology. In. pp. 527-535 Springer Berlin Heidelberg.
ISBN 978-3-540-77587-4.

51



Kalscheuer, R., Uthoff, S., Luftmann, H. & Steinbiichel, A. (2003). In vitro and in vivo
biosynthesis of wax diesters by an unspecific bifunctional wax ester synthase/acyl CoA:
diacylglycerol acyltransferase from Acinetobacter calcoaceticus ADP1. European Journal of
Lipid Science and Technology 105(10), 578-584.

Kaneshiro, T., Nakamura, L.K., Nicholson, J.J. & Bagby, M.O. (1996). Oleyl Oleate and
Homologous Wax Esters Synthesized Coordinately from Oleic Acid by Acinetobacter and
Coryneform Strains. Current Microbiology 32(6), 336-342.

King, A., Nam, J.-W., Han, J., Hilliard, J. & Jaworski, J. (2007). Cuticular wax biosynthesis in
petunia petals: cloning and characterization of an alcohol-acyltransferase that synthesizes
wax-esters. Planta 226(2), 381-394.

Klinke, S., Ren, Q., Witholt, B. & Kessler, B. (1999). Production of Medium-Chain-Length
Poly(3-Hydroxyalkanoates) from Gluconate by Recombinant Escherichia coli. Applied and
Environmental Microbiology 65(2), 540-548.

Klypina, N. & Hanson, S.F. (2008). Arabidopsis thaliana wax synthase gene homologues show
diverse expression patterns that suggest a specialized role for these genes in reproductive
organs. Plant Science 175(3), 312-320.

Kolattukudy, P. (1970). Composition of the surface lipids of pea leaves (Pisum sativum). Lipids
5(4), 398-402.

Kolattukudy, P., Babel, W. & Steinbuchel, A. (2001). Polyesters in Higher Plants

Biopolyesters. In. pp. 1-49 Springer Berlin / Heidelberg. (Advances in Biochemical
Engineering/Biotechnology; 71). ISBN 978-3-540-41141-3.

Kunst, L., Jetter, R. & Samuels, A.L. (2007). Biosynthesis and Transport of Plant Cuticular
Waxes. In: Markus Riederer, C.M. (Ed.) Biology of the Plant Cuticle. pp. 182-215.

Kunst, L. & Samuels, A.L. (2003). Biosynthesis and secretion of plant cuticular wax. Progress in
Lipid Research 42(1), 51-80.

Kunst, L. & Samuels, L. (2009). Plant cuticles shine: advances in wax biosynthesis and export.
Current Opinion in Plant Biology 12(6), 721-727.

Lai, C., Kunst, L. & Jetter, R. (2007). Composition of alky! esters in the cuticular wax on
inflorescence stems of Arabidopsis thaliana cer mutants. The Plant Journal 50(2), 189-196.

Lardizabal, K.D., Metz, J.G., Sakamoto, T., Hutton, W.C., Pollard, M.R. & Lassner, M.W.
(2000). Purification of a Jojoba Embryo Wax Synthase, Cloning of its cDNA, and Production
of High Levels of Wax in Seeds of Transgenic Arabidopsis. Plant Physiol 122(3), 645-656.

Lassance, J.-M., Groot, A.T., Lienard, M.A., Antony, B., Borgwardt, C., Andersson, F.,
Hedenstrom, E., Heckel, D.G. & Lofstedt, C. (2010). Allelic variation in a fatty-acyl reductase
gene causes divergence in moth sex pheromones. Nature 466(7305), 486-489.

Li, F., Wu, X., Lam, P., Bird, D., Zheng, H., Samuels, L., Jetter, R. & Kunst, L. (2008).
Identification of the Wax Ester Synthase/Acyl-Coenzyme A:Diacylglycerol Acyltransferase
WSD1 Required for Stem Wax Ester Biosynthesis in Arabidopsis. Plant Physiol 148(1), 97-
107.

Li, Y., Beisson, F., Ohlrogge, J. & Pollard, M. (2007). Monoacylglycerols Are Components of
Root Waxes and Can Be Produced in the Aerial Cuticle by Ectopic Expression of a Suberin-
Associated Acyltransferase. Plant Physiol 144(3), 1267-1277.

52



Liénard, M.A., Hagstrom, A K., Lassance, J.M. & Léfstedt, C. (2010). Evolution of
multicomponent pheromone signals in small ermine moths involves a single fatty-acyl
reductase gene. Proceedings of the National Academy of Sciences 107(24), 10955.

Lloyd, G.M. & Russell, N.J. (1983). Biosynthesis of Wax Esters in the Psychrophilic Bacterium
Micrococcus cryophilus. Journal of General Microbiology 129(8), 2641-2647.

Loddenkotter, B., Kammerer, B., Fischer, K. & Fliigge, U.1. (1993). Expression of the functional
mature chloroplast triose phosphate translocator in yeast internal membranes and purification
of the histidine-tagged protein by a single metal-affinity chromatography step. Proceedings of
the National Academy of Sciences 90(6), 2155-2159.

Long, M. & Thornton, K. (2001). Gene Duplication and Evolution. Science 293(5535), 1551.

Lueking, D.R. & Goldfine, H. (1975). The involvement of guanosine 5-diphosphate-3-
diphosphate in the regulation of phospholipid biosynthesis in Escherichia coli. Lack of ppGpp
inhibition of acyltransfer from acyl-ACP to sn-glycerol 3-phosphate. Journal of Biological
Chemistry 250(13), 4911.

Lynch, M. (2002). Gene Duplication and Evolution. Science 297(5583), 945-947.

Lynch, M. & Conery, J.S. (2000). The Evolutionary Fate and Consequences of Duplicate Genes.
Science 290(5494), 1151-1155.

Maes, L., Van Nieuwerburgh, F.C.W., Zhang, Y., Reed, D.W., Pollier, J., Vande Casteele, S.R.F.,
Inzé, D., Covello, P.S., Deforce, D.L.D. & Goossens, A. (2010). Dissection of the
phytohormonal regulation of trichome formation and biosynthesis of the antimalarial
compound artemisinin in Artemisia annua plants. New Phytologist 189(1), 176-189.

Magnuson, K., Jackowski, S., Rock, C.O. & Cronan, J.E., Jr. (1993). Regulation of fatty acid
biosynthesis in Escherichia coli. Microbiol. Mol. Biol. Rev. 57(3), 522-542.

Mangold, H.K. & Paltauf, F. (1983). Ether lipids: biochemical and biomedical aspects: Academic
Pr.

Metz, J.G., Pollard, M.R., Anderson, L., Hayes, T.R. & Lassner, M.W. (2000). Purification of a
Jojoba Embryo Fatty Acyl-Coenzyme A Reductase and Expression of Its cDNA in High
Erucic Acid Rapeseed. Plant Physiol 122(3), 635-644.

Miwa, T. & Wolff, I. (1962). Fatty acids, fatty alcohols, and wax esters from Limnanthes
douglassi (Meadowfoam) seed oil. Journal of the American Oil Chemists' Society 39(7), 320-
322.

Miwa, T.K. (1971). Jojoba oil wax esters and derived fatty acids and alcohols: gas
chromatographic analyses. Journal of the American Oil Chemists' Society 48(6), 259-264.

Molina, I., Bonaventure, G., Ohlrogge, J. & Pollard, M. (2006). The lipid polyester composition
of Arabidopsis thaliana and Brassica napus seeds. Phytochemistry 67(23), 2597-2610.

Moreau, R.A. & Huang, A.H.C. (1977). Gluconeogenesis from Storage Wax in the Cotyledons of
Jojoba Seedlings. Plant Physiol 60(2), 329-333.

Moto, K., Suzuki, M.G., Hull, J.J., Kurata, R., Takahashi, S., Yamamoto, M., Okano, K., Imai,
K., Ando, T. & Matsumoto, S. (2004). Involvement of a bifunctional fatty-acyl desaturase in
the biosynthesis of the silkmoth, Bombyx mori, sex pheromone. Proceedings of the National
Academy of Sciences 101(23), 8631-8636.

Ohlrogge, J. & Browse, J. (1995). Lipid Biosynthesis. Plant Cell 7(7), 957-970.

53



Ohlrogge, J.B. & Jaworski, J.G. (1997). REGULATION OF FATTY ACID SYNTHESIS.
Annual Review of Plant Physiology and Plant Molecular Biology 48(1), 109-136.

Patel, S., Nelson, D.R. & Gibbs, A.G. (2001). Chemical and physical analyses of wax ester
properties. Journal of Insect Science 1.

Phleger, C.F. (1998). Buoyancy in Marine Fishes: Direct and Indirect Role of Lipids. American
Zoologist 38(2), 321-330.

Pollard, M., Beisson, F., Li, Y. & Ohlrogge, J.B. (2008). Building lipid barriers: biosynthesis of
cutin and suberin. Trends in Plant Science 13(5), 236-246.

Pollard, M.R. & Stumpf, P.K. (1980). Long Chain (C20 and C22) Fatty Acid Biosynthesis in
Developing Seeds of Tropaeolum majus: AN IN VIVO STUDY. Plant Physiol 66(4), 641-
648.

Post-Beittenmiller, D. (1996). BIOCHEMISTRY AND MOLECULAR BIOLOGY OF WAX
PRODUCTION IN PLANTS. Annual Review of Plant Physiology and Plant Molecular
Biology 47(1), 405-430.

Reiser, S. & Somerville, C. (1997). Isolation of mutants of Acinetobacter calcoaceticus deficient
in wax ester synthesis and complementation of one mutation with a gene encoding a fatty acyl
coenzyme A reductase. Journal of Bacteriology 179(9), 2969-2975.

Riederer, M. & Schreiber, L. (2001). Protecting against water loss: analysis of the barrier
properties of plant cuticles. Journal of Experimental Botany 52(363), 2023-2032.

Riendeau, D. & Meighen, E. (1985). Enzymatic reduction of fatty acids and acyl-CoAs to long
chain aldehydes and alcohols. Cellular and Molecular Life Sciences (CMLS) 41(6), 707-713.

Rojo, F. & Timmis, K.N. (2010). Enzymes for Aerobic Degradation of Alkanes

Handbook of Hydrocarbon and Lipid Microbiology. In. pp. 781-797 Springer Berlin Heidelberg.
ISBN 978-3-540-77587-4.

Rontani, J.F. & Timmis, K.N. (2010). Production of Wax Esters by Bacteria

Handbook of Hydrocarbon and Lipid Microbiology. In. pp. 459-470 Springer Berlin Heidelberg.
ISBN 978-3-540-77587-4.

Rowland, O., Zheng, H., Hepworth, S.R., Lam, P., Jetter, R. & Kunst, L. (2006). CER4 Encodes
an Alcohol-Forming Fatty Acyl-Coenzyme A Reductase Involved in Cuticular Wax
Production in Arabidopsis. Plant Physiol 142(3), 866-877.

Rude, M.A. & Schirmer, A. (2009). New microbial fuels: a biotech perspective. Current Opinion
in Microbiology 12(3), 274-281.

Rupilius, W. & Ahmad, S. (2006). The changing world of oleochemicals. Palm Oil Developments
44, 15-28.

Samuels, L., Kunst, L. & Jetter, R. (2008). Sealing Plant Surfaces: Cuticular Wax Formation by
Epidermal Cells. Annual Review of Plant Biology 59(1), 683-707.

Sand, D.M., Hehl, J.L. & Schlenk, H. (1969). Biosynthesis of wax esters in fish. Reduction of
fatty acids and oxidation of alcohols. Biochemistry 8(12), 4851-4854.

Schein, A.l., Kissinger, J.C. & Ungar, L.H. (2001). Chloroplast transit peptide prediction: a peek
inside the black box. Nucleic Acids Res 29(16), E82.

Schirmer, A., Rude, M.A,, Li, X., Popova, E. & del Cardayre, S.B. (2010). Microbial
Biosynthesis of Alkanes. Science 329(5991), 559-562.

54



Schmid, M., Davison, T.S., Henz, S.R., Pape, U.J., Demar, M., Vingron, M., Scholkopf, B.,
Weigel, D. & Lohmann, J.U. (2005). A gene expression map of Arabidopsis thaliana
development. Nature Genetics 37(5), 501-506.

Schneider-Belhaddad, F. & Kolattukudy, P. (2000). Solubilization, partial purification, and
characterization of a fatty aldehyde decarbonylase from a higher plant, Pisum sativum.
Archives of Biochemistry and Biophysics 377(2), 341-349.

Schreiber, L. (2010). Transport barriers made of cutin, suberin and associated waxes. Trends in
Plant Science 15(10), 546-553.

Shaw, M.K. & Ingraham, J.L. (1965). Fatty Acid Composition of Escherichia coli as a Possible
Controlling Factor of the Minimal Growth Temperature. J. Bacteriol. 90(1), 141-146.

Shi, J., Tan, H., Yu, X.-H., Liu, Y., Liang, W., Ranathunge, K., Franke, R.B., Schreiber, L.,
Wang, Y., Kai, G., Shanklin, J., Ma, H. & Zhang, D. (2011). Defective Pollen Wall Is
Required for Anther and Microspore Development in Rice and Encodes a Fatty Acyl Carrier
Protein Reductase. The Plant Cell Online.

Stoveken, T., Kalscheuer, R., Malkus, U., Reichelt, R. & Steinbuchel, A. (2004). The Wax Ester
Synthase/Acyl Coenzyme A: Diacylglycerol Acyltransferase from Acinetobacter sp. Strain
ADP1: Characterization of a Novel Type of Acyltransferase. Journal of Bacteriology 187(4),
1369-1376.

Suh, M.C., Samuels, A.L., Jetter, R., Kunst, L., Pollard, M., Ohlrogge, J. & Beisson, F. (2005).
Cuticular Lipid Composition, Surface Structure, and Gene Expression in Arabidopsis Stem
Epidermis. Plant Physiol 139(4), 1649-1665.

Svend, O.A. (2009). Chapter 64 - Cuticle. In: Vincent, H.R., et al. (Eds.) Encyclopedia of Insects
(Second Edition). pp. 245-246. San Diego: Academic Press. ISBN 978-0-12-374144-8.

Teerawanichpan, P. & Qiu, X. (2010). Fatty Acyl-CoA Reductase and Wax Synthase from
Euglena gracilis in the Biosynthesis of Medium-Chain Wax Esters. Lipids 45(3), 263-273.

Teerawanichpan, P. & Qiu, X. (2011). Molecular and Functional Analysis of Three Fatty Acyl-
CoA Reductases with Distinct Substrate Specificities in Copepod Calanus finmarchicus.
Marine Biotechnology, 1-10.

Teerawanichpan, P., Robertson, A.J. & Qiu, X. (2010). A fatty acyl-CoA reductase highly
expressed in the head of honey bee (Apis mellifera) involves biosynthesis of a wide range of
aliphatic fatty alcohols. Insect Biochemistry and Molecular Biology 40(9), 641-649.

Turkish, A.R. & Sturley, S.L. (2009). The genetics of neutral lipid biosynthesis: an evolutionary
perspective. American Journal of Physiology - Endocrinology And Metabolism 297(1), E19-
E27.

Wahlen, B., Oswald, W., Seefeldt, L. & Barney, B. (2009). Purification, Characterization, and
Potential Bacterial Wax Production Role of an NADPH-Dependent Fatty Aldehyde Reductase
from Marinobacter aquaeolei VT8. Applied and Environmental Microbiology 75(9), 2758.

Wang, A., Xia, Q., Xie, W., Dumonceaux, T., Zou, J., Datla, R. & Selvaraj, G. (2002). Male
gametophyte development in bread wheat(Triticum aestivum L.): molecular, cellular, and
biochemical analyses of a sporophytic contribution to pollen wall ontogeny. The Plant
Journal 30(6), 613-623.

55



Wang, X. & Kolattukudy, P.E. (1995a). Solubilization and purification of aldehyde-generating
fatty acyl-CoA reductase from green alga Botryococcus braunii. FEBS Letters 370(1-2), 15-
18.

Wang, X. & Kolattukudy, P.E. (1995b). Solubilization, Purification and Characterization of Fatty
Acyl-CoA Reductase from Duck Uropygial Gland. Biochemical and Biophysical Research
Communications 208(1), 210-215.

Warwick, N., Somerville, C. & Slack, C. (1986). Fluxes through the prokaryotic and eukaryotic
pathways of lipid synthesis in the'16: 3'plant Arabidopsis thaliana. Biochem. J 235, 25-31.
Weber, N. & Benning, H. (1985). Ether glycerolipids: novel substrates for studying specificity of
enzymes involved in glycerolipid biosynthesis in higher plants. European Journal of

Biochemistry 146(2), 323-329.

Weber, N. & Mangold, H.K. (1987). Radioactively labeled ether lipids by biotransformation of
symmetrical alkylglycerols in cell suspension cultures of rape. FEBS Letters 211(2), 225-228.

Vioque, J. & Kolattukudy, P.E. (1997). Resolution and Purification of an Aldehyde-Generating
and an Alcohol-Generating Fatty Acyl-CoA Reductase from Pea Leaves (Pisum sativum L.).
Archives of Biochemistry and Biophysics 340(1), 64-72.

Voelker, T. & Kinney, A.J. (2001). VARIATIONS IN THE BIOSYNTHESIS OF SEED-
STORAGE LIPIDS. Annual Review of Plant Physiology and Plant Molecular Biology 52(1),
335-361.

Waéltermann, M., Hinz, A., Robenek, H., Troyer, D., Reichelt, R., Malkus, U., Galla, H.-J.,
Kalscheuer, R., Stoveken, T., Von Landenberg, P. & Steinblichel, A. (2005). Mechanism of
lipid-body formation in prokaryotes: how bacteria fatten up. Molecular Microbiology 55(3),
750-763.

Waéltermann, M. & Steinbiichel, A. (2006). Wax ester and triacylglycerol inclusions. Inclusions in
prokaryotes, 137-166.

Wéltermann, M., Stoveken, T. & Steinbuchel, A. (2007). Key enzymes for biosynthesis of neutral
lipid storage compounds in prokaryotes: Properties, function and occurrence of wax ester
synthases/acyl-CoA:diacylglycerol acyltransferases. Biochimie 89(2), 230-242.

Zhang, J. (2003). Evolution by gene duplication: an update. Trends in Ecology & Evolution 18(6),
292-298.

56



Acknowledgements

This was a long journey of mine and not always easy, but for sure this was
the most memorable time of my life, full of love, care and encouragement.
My parents and my husband said that I am not at all good in expressing my
gratitude and emotion in words. However, I will try my best to express:

My deepest gratitude to my supervisors for accepting me as your PhD
student, for letting me join your lipid family and for your excellent
supervision. Thank you very much for your concern about my future, for
understanding and giving me the best conditions to have a balance between
studying and family. It was such great luck of mine to have the opportunity
to be your PhD student. To my main supervisor Anders Carlsson, thank
you very much for your supervision, patience, always being available for
questions, discussions. Also thanks for letting me have freedom in thinking
and working and at the same time being ready to help whenever I needed
your help or support. To Sten Stymne, thanks for inspiring me to enter the
world of lipids, guiding me step by step and letting me joint your adventure
of discovering the secrets of lipid science. You are always available for help,
for listening to questions even when you are extremely busy. Thanks for the
fast response I usually got regardless of whether you were ill, on vacation or
away on a business trip. Thanks for giving me the opportunities to
participate in other projects, discussions, workshops, conferences just for me
to grow as a scientist. To Per Hofvander, thanks for your guidance, for
understanding and troubleshooting to help me go through problems.
Thanks for fruitful discussion I always got, for sharing with me all the best
and the bad moments during experimental work. Thanks for stepping back
to give me the opportunity to join the scientific communication but also
stand behind for support. Thanks for slowing down your work to run for
my deadlines. I am grateful to Peter Olsson for your supervision and
friendship. Thanks for introducing me and supervising me in molecular

57



biology techniques and bioinformatics, which I had never worked with
before. Thanks for helping me go through the difficult experience of being
abroad for the first time.

My sincere thanks go to Antoni Banas for teaching me the methods of
lipid analyses, for great hospitality and a warm welcome in Gdansk.

My sincere thanks also go to Assoc. Prof. Bui Cach Tuyen for giving me
the opportunity of being the PhD candidate in the SIDA/SAREC project
and for the great support during the time you were the rector of Nong Lam
University. I am grateful to Dr. Bui Minh Tri for your invaluable support so
that I could have my full focus on my study, thank you very much for
understanding, advice and encouragement.

I would like to express my thanks for the great support from the
Department of Plant Breeding and Biotechnology at The Swedish
University of Agricultural Sciences (SLU), Alnarp and Nong Lam
University (NLU), Ho Chi Minh City, Vietnam, the Department of
Biology-Faculty of Science (NLU), the Research Institute for
Biotechnology and Environment (NLU) during my study. I gratefully
acknowledge the Swedish International Development Cooperation Agency
(Sida/SAREC) and the European Union (FP7/ICON project) for financial
support.

I would like to acknowledge the collaborations from Mats Hamberg
(Karolinska Institutet, Sweden), Frédéric Domergue (Université Victor
Ségalen Bordeaux 2, France), Owen Rowland (Carleton University,
Canada), Craig Wood (SCIRO, Australia), Xue-Rong Zhou (SCIRO,
Australia). I have learned a lot from you.

My deepest gratitude goes to Helén Lindgren and Susanne Hjerdin not
only for your help in the laboratory and the tips to make the experiments
easier, but also for your uncountable and invaluable help. To Helén, I could
never have managed my stay in Sweden without your help. Thanks for help
and sharing with me all happiness, sadness and trouble I had to deal with.
You are as warm as if my Mom were here. Tack si mycket! To Susanne, I
will never forget the early Christmas tree and dinner you had prepared for
us even though you were going to have Christmas in Stockholm. And also
the books, CDs to help us not be so sad during Christmas time. Thanks for
your warm hugs I got all the time. Also thanks to Ann-Sofie Filt, Pia
Ohlsson, Annelie Alhman, Ingegerd Nilsson for your nice and warm
concern and the help I always got from you.

My sincere thanks go to Knut Wilstedt for great help so that I could
have the best possible conditions in all conferences, meetings. I am grateful
to Jarek Mroczkowski for your hard work and great help to rescue my data

58



from a seriously broken hard drive, which managed to happen just three
weeks before my thesis submission. I am grateful to Erland Liljeroth for
your great help in documents and administrator works, for understanding,
advice and support during my PhD study. My special thanks go to Li-Hua
Zhu, Xueyuan Li for your warm concern, great help and advice I got
during my study. My gratitude goes to Assoc. Prof. Bui Trang Viet and Mrs.
Le Thi Phuong Hong who never let me know about their help but have
helped me a lot so that I could go for my dream of being a researcher. My
sincere thanks go to Margareta Welander for your cheerful approach, for
spending your time with us during the Nova course. I would like to thank
Tomas Bryngelsson, Eva Johansson, Salla Marttila, Helena Persson
Hovmalm for your support, guidance during courses and administrator help.

To Asa Grimberg, Therése Bengtsson, Pooja Joshi, Svetlana Leonova and
Igor Drobyshev, Helle Turesson, Mariette Andersson, Mirela Beganovic I
would like to thank you for your friendship, help and nice time we had
together. To Therése, I will never forget the secret note with “ginger” on
which you gave me when you discovered it could help me a lot. To Asa,
thank you very much for sharing with me a very nice time at conferences,
courses and also the good help and chats we always have in our lab. To
Pooja, the time with you in Burlov was one of the best times I had in
Sweden, I will never forget the Vietnamese pancakes you prepared for me
when I came home after a long day in the lab. To Svetlana and Igor, thanks
for being so close and friendly and being ready to help me always. To Helle
and Mariette, thank you very much for your warm help and concern
especially during the time my family came to Sweden. Thanks Helle for
your great company during courses and nice chats we had every day in our
offices. To Ida Lager and Jenny Lindberg Yilmaz, thank you very much for
sharing with me your last vial of substrate and spending your busy days
synthesising new substrate so that I could concentrate on my thesis writing.
Thanks for always available for help. Thanks Ida for nice chats, sharing with
me your writing and experimental experiences that helped me a lot.

Thanks to Toan Pham, Cuong Nhu and Phuong Nguyen for your great
company and help. To Phuong, thank you very much for always besides
me. [ have always wished that I could have an elder sister and you help me
feel that I have one.

I would like to thank to Monica Lotfinia and Jonas Hansson, for your
kind help and arrangements during my study in Sweden. To Marisa Prieto-
Linde for your kind help in technical and practical things especially thanks
for your company during the course in Copenhagen in my very first winter.
To Christina Johansson for your great help in housing arrangements and the

59



extra refrigerator. I would like to express my thanks for the help from
Goran Olsson, Goran Persson. Thanks to all friends who spend time with
me in H-house (SLU, Alnarp) Ramunie Kuktaite, Mulatu Geleta, Isabel
Herrera, Kristina Santén (Tintin), Ann-Charlotte Stromdahl, Rui Guan,
Jing Fan, Xiangyang Liu, Anna Holefors, Lotta Holmqvist, Carlos Loaisiga,
Bakhromiddin Khusenov, Birjan Usubaliev, Sergey Hegay, Firuz
Odilbekov, Anna Zborowska, Maksat Amanov, Ashfaq Ali, Bill Newson,
Marufkhul Makhkamov, Makhbubdzhon Rahmatov, Tiny Motlhaodi,
Katarzyna Jasieniecka, Magdalena Miklaszewska, Alicia Sanchez-Garcia etc.
and my colleagues, friends in NLU Mai, Huong, Huyen, Ha, Hue, Phuong
and friends in the Lund group Nam, Thao, Tam, Tu, Thuoc for great help,
encouragement you have given me during my PhD study.

A special feeling of gratitude goes to my loving grandmother, parents and
uncle for your endless love, support and encouragement. To my father and
uncle, thanks for believing that I made a good decision when choosing
Biology as my study subject. To grandmother, thanks for the sweetest love
you give me, thanks for waiting for me, counting the days until I come
back. (Con v6 cling cam on va biét on Bi Ngoai, Ba M¢ di luén yéu
thuong, dong vién va hd trg dé con c6 dugc ngiy hom nay).

My heartfelt thanks to my husband for your love, patience and always
being supportive. Especially, thanks to this invaluable time you gave to help
me have the best focus on my study. To my little daughter Bao-Phuong,
thanks for coming and bringing to me a new life with full of sunshine and
happiness. I hope you will be always happy and proud of being my child.

My special thanks go to my husband’s parents for understanding and
support during my study. (Con xin chan thanh cdm on Ba Mi di yéu
thuong, théng cam vi gitap d& dé con c6 thé tdp trung hoin thinh cong
vi€c).

Thanks to brothers, sisters (Hung, Tra, Son, Sang, Minh) for your
sharing and support. To Tra, my younger sister, thanks for always being so
warm, sweet and supportive.

Finally I would like to thank the teachers in Sndédroppen, Alnarp
Forskola, for your great help in teaching and taking care of Bao-Phuong.
Thank you very much for being so warm to us.

60



