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Sustainable biochemicals - Extraction of
lipids and carotenoids from the oleaginous
yeast Rhodotorula toruloides

Abstract

Oleaginous yeasts, with their high lipid accumulation, offer potential as sustainable
alternatives to vegetable oils. They also have a unique capability for accumulating
carotenoids together with lipids. Also, they have the ability to thrive on various waste
and low-cost carbon sources. This thesis examined ways of converting
lignocellulosic biomass into fatty acids and carotenoids using oleaginous yeasts and
potential methods for extracting these valuable compounds efficiently, with the
ultimate aim of establishing a foundation for their future incorporation as essential
ingredients in the food and feed industries.

Comprehensive investigations into the impact of conventional and supercritical
carbon dioxide (SC-CO;) extraction methods on the composition of lipid and
carotenoid extracts derived from the yeast species Rhodotorula toruloides revealed
that SC-CO; has promising capability for isolating these compounds, particularly
carotenoids, unlike conventional extraction methods. A previously undetected
adverse influence of including saponification in conventional methods on yield and
composition of carotenoids was observed. This novel insight highlights the need for
re-evaluating and refining existing lipid and carotenoid extraction methods. Further
analysis of the lipid and carotenoid profiles of various R. foruloides strains yielded
valuable insights, particularly concerning the hybrid strain CBS 6016", for which
predominant inheritance and expression of genetic traits from one parental strain
(CBS 14), but not the other (CBS 349), was revealed. This research offers significant
biotechnological potential. SC-CO, extraction enhances eco-friendly lipid and
carotenoid production in R. toruloides, while insights into hybrid strain CBS 60167
can aid genetic engineering for higher yields. Overall, this thesis opens the way
toward greener, more efficient processes in the food, feed, and biotech sectors.

Keywords: Rhodotorula toruloides, lignocellulose, supercritical carbon dioxide
extraction, saponification, lipid, carotenoids, R. toruloides strains



Uthalliga biokemikalier-extraktion av lipider
och karotenoider fran Rhodotorula
toruloides, en oleaginos jast

Sammanfattning

Oleagindsa jastsvampar med sin stora formaga att lagra lipider ger oss héllbara
alternativ till vegetabiliska oljor. Dessa mikroorganismer kan ocksa syntetisera
karotenoider tillsammans med lipider. De har formagan att trivas pa olika avfalls-
och lagkostnadskolhydratkéllor. I denna avhandling har vi undersokt olika sitt att
omvandla lignocellulosa biomassa till fettsyror och karotenoider med hjélp av
oleagindsa jastsvampar och potentiella nya metoder for att effektivt extrahera dessa
vérdefulla féreningar, med det 6vergripande mélet att etablera en plattform for deras
framtida anvidndning som viktiga ingredienser inom livsmedels- och foderindustrin.

Omfattande undersdkningar av konventionella och superkritisk koldioxid (SC-CO>)
extraktionsmetoders padverkan pa sammanséttningen av lipid- och karotenoidextrakt
som hérstammar fran jéstsvamparten Rhodotorula toruloides visar att SC-CO, ar en
lovande extraktionsmetod for att isolera dessa foreningar, sirskilt karotenoider, till
skillnad frén konventionella extraktionsmetoder. Inverkan av fortvalning i
konventionella extraktionsmetoder pa utbyte av enskilda karotenoider upptéicktes.
Ett behov att omprdva och forbéttra befintliga metoder for extraktion av lipider och
karotenoider, finns. Analys av lipid- och karotenoidprofiler hos olika R. toruloides-
stammar gav virdefulla insikter, sirskilt i hybridstammen CBS 60167, for vilken en
overvdgande arftlig och uttrycksrelaterad genetiska egenskaper fran en fordldrastam
(CBS 14), men inte den andra (CBS 349). Dessa forskningsresultat har en betydande
bioteknologisk potential. SC-CO»-extraktion okar mojligheten till miljovénlig
produktion av lipider och karotenoider fran R. toruloides, medan kunskapen om
hybridstammen CBS 60167 kan hjélpa till med genetiskt ingenjérskap for att uppna
hogre avkastning. Sammanfattningsvis ger resultaten i denna avhandling gronare
och mer effektiva processer inom livsmedel, foder och bioteknik.

Keywords: Rhodotorula toruloides, lignocellulosa, superkritisk koldioxidextraktion,
saponifikation, lipid, karotenoider, R. toruloides-stammar
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1. Introduction

1.1 Research background

The current situation with fossil resource depletion and harmful
environmental consequences of emissions of greenhouse gases has prompted
researchers to actively seek sustainable alternatives to replace fossil
resources in production of fuels, food, feed, biochemicals and materials. As
the demand for fossil resources, particularly fossil-derived fuels in
transportation, continues to rise and depletion of these resources becomes
imminent, there is an urgent need to explore alternative methods for
producing fuels, chemicals, food and feed.

In work to develop alternative production methods for critical resources,
various microorganisms with high lipid content, such as yeasts, bacteria and
micro-algae, have been attracting attention. These microorganisms possess
valuable attributes such as posing minimal competition for arable land and
food resources and good capacity to produce long-chain lipids, which can be
converted to a variety of useful chemicals, including biofuels (Steen et al.,
2010; Beopoulos & Nicaud, 2012; Spagnuolo et al., 2019; Ali et al., 2022).
Applications involving lipid-accumulating microorganisms are currently a
main focus of researchers, due to their ability to produce lipids at levels often
exceeding 20% of dry biomass (Meng et al., 2009; Ageitos et al., 2011;
Nagaraj et al., 2022). Among these microorganisms, Rhodotorula toruloides,
an oleaginous yeast, has emerged as a promising candidate, since it can
accumulate lipids to over 75% of its dry biomass when cultivated in
conditions with limited nitrogen and surplus carbon (Ratledge & Wynn,
2002; Saini et al., 2020). Rhodotorula toruloides also possesses the capacity
to produce carotenoids, secondary metabolites that belong to a group of
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natural pigments synthesised by plants and microorganisms. Carotenoids
possess inherent antioxidant properties and are of great significance in
various industries within e.g., the pharmaceutical, chemical, food and animal
feed production sectors.

Rhodotorula toruloides, a basidiomycetous yeast, can grow effectively on
cost-effective carbon sources such as lignocellulose hydrolysates and can
efficiently convert the carbon present in lignocellulosic materials into lipids
and carotenoids. Thus, it is a promising candidate for generating resources
for the production of fuels, chemicals and even foods or feeds, particularly
since the lipids and carotenoids it produces bear a close resemblance to
conventional vegetable oils (Christophe et al., 2012; Ma et al., 2018;
Bharathiraja et al., 2017; Blomgqvist et al., 2018). Use of hydrolysed
lignocellulosic material as a feedstock for microbial lipid and carotenoid
production represents a sustainable approach that is urgently needed to help
overcome the problems of fossil resource depletion and environmental
damage (Vignesh et al., 2020; Valdés et al., 2020; Alexandri et al., 2022).
The work presented in this thesis forms part of global efforts to create a
circular system where pre-treated lignocellulose hydrolysate is transformed,
through fermentation by oleaginous yeasts, into valuable food components
such as oils and carotenoids. The residual materials after extraction can then
be re-purposed as a source of nitrogen in plant fertilisers, completing the
cycle (Figure 1).

18
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Figure 1. Schematic representation of pathways for converting low-cost lignocellulose
substrate into high-value compounds using oleaginous yeasts.

To maximise the potential of Rhodotorula toruloides in producing lipids and
carotenoids, it is crucial to develop efficient techniques for harvesting these
substances from the yeast cells. Over the past few decades, much effort has
been dedicated to developing extraction methods for this purpose. However,
the presence in yeast cells of diverse types of lipids and carotenoids, each
with a different level of polarity, presents a challenge in extracting these
compounds separately. Moreover, their sensitivity to oxidation imposes
constraints on use of process factors such as excessive heat, light, acids and
prolonged extraction duration.
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Given their hydrophobic nature, i.e., natural reluctance to mix with water,
lipids and carotenoids are typically extracted using organic solvents. These
include non-polar solvents, such as hexane, petroleum ether or
tetrahydrofuran (THF), and polar solvents, such as acetone, ethanol and ethyl
acetate (Saini & Keum, 2018; Khot et al., 2020).

In efforts to enhance the sustainability of yeast cell processing, work is
underway to identify more environmentally friendly solvents, known as
green solvents, for extracting lipids and carotenoids. In particular,
supercritical carbon dioxide (SC-CO») has been suggested as a suitable green
solvent, especially for harvesting compounds such as lipids and carotenoids
(Sahena et al., 2009; Saini & Keum, 2018). However, the performance of
SC-CO; first needs to be compared with that of conventional extraction
methods.

The main aim of this thesis was therefore to investigate the effects of
conventional and SC-CO, extraction techniques on the characteristics of
lipids and carotenoids derived from Rhodotorula toruloides. An additional
aim was to assess and compare the lipid and carotenoid composition of three
primary strains of Rhodotorula toruloides (CBS 14, CBS 349, CBS 6016")
(Figure 2).

1.2 Oleaginous microorganisms

Oleaginous microorganisms possess a unique capability to accumulate lipids
to levels exceeding 20% of their total dry biomass (Ratledge & Wynn, 2002;
Ageitos et al., 2011). The type and yield of lipids accumulated in oleaginous
microorganisms depend on factors such as their origin, i.e., type of organism,
culture conditions and the carbon source provided (Balan, 2019). The
accumulated lipids that are typically present in oleaginous microorganisms
serve either as integral components of cell membranes, for storage purposes,
or perform regulatory functions (Eisenberg & Biittner, 2014; Sandager et al.,
2002). The group of oleaginous microorganisms includes certain species of
bacteria, yeasts, moulds and algae (Zhao et al., 2011). These microorganisms
have been found to have similar potential in terms of acting as a lipid source
as conventional energy crops such as jatropha, sunflower or palm oil
(Vicente et al., 2010). However, accurate knowledge of the lipid profile of
specific microorganisms within this group is critical for assessing their
suitability as alternatives for various industrial applications.
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1.2.1 Oleaginous yeasts

Oleaginous yeasts are a group of microorganisms that have the ability to
accumulate large quantities of lipids, primarily in the form of triacylglycerols
(TAGs), within their cells (Ageitos et al., 2011; Passoth et al., 2023). These
lipids can account for more than 20% of total dry cell weight of oleaginous
yeasts, making these microorganisms promising candidates for lipid
production in various industrial applications (Ratledge, 2013). Oleaginous
yeasts constitute about 11% of all yeast species (Abeln & Chuck, 2021) and
can be found in different clades within the phyla Ascomycota and
Basidiomycota. Their ability to accumulate lipids depends on an
environmental trigger, typically limitation of nitrogen, phosphorus or other
environmental factors, and on carbon availability (Passoth et al., 2023;
Brandenburg et al., 2021; Chmielarz et al., 2021; Ratledge & Wynn, 2002).
An intriguing suggestion is that oleaginous yeasts could offer an alternative
to oil crops due to their similar lipid profile, efficient land use and lack of
dependence on weather conditions for cultivation (Whiffin et al., 2016). The
number of known oleaginous yeast genera currently exceeds 160, while
ongoing research is expected to identify more in the future (Abeln & Chuck,
2021). Some of the genera containing oleaginous representatives are:
Yarrowia, Lipomyces, Rhodotorula,  Myxozyma, Sporidiobolus,
Sporobolomyces, Apiotrichum, Cutaneotrichosporon, Filobasidium and
Moesziomyces (Passoth et al., 2023; Sitepu et al., 2014).

The oleaginous yeasts exhibit versatility in utilising various carbon sources,
including glucose, xylose, cellobiose, glycerol, fats and organic acids.
Previous studies have explored their growth on diverse substrates, including
hydrolysates of agricultural residues (e.g., straw, stover), industrial wastes
(e.g., molasses, whey) and municipal wastes (e.g., sewage sludge)
(Brandenburg et al., 2021; Qin et al., 2017; Valdés et al., 2020; Passoth et
al., 2023).

1.3 Rhodotorula toruloides — a yeast of interest

Rhodotorula toruloides is a non-conventional oleaginous yeast belonging to
the family Sporidiobolaceae within the phylum Basidiomycetes (Spagnuolo
et al., 2019); (Ageitos et al., 2011). While it is sometimes referred to as
Rhodosporidium toruloides in the literature, the taxonomic name
Rhodotorula takes precedence (Wang et al., 2015). This yeast species has
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attracted significant attention in research and has been extensively studied as
an oleaginous microorganism, second only to the model yeast Yarrowia
lipolytica (Chattopadhyay & Maiti, 2021).

Under nutrient limitation, R. toruloides exhibits a remarkable ability to
accumulate a very high quantity of lipids (Zhao et al., 2011; Passoth et al.,
2023; Chmielarz et al., 2021; Huang et al., 2018; Wang et al., 2018).
Rhodotorula toruloides also exhibits broad substrate utilisation capability for
lipid production, encompassing various carbon sources such as sugarcane
juice, crude glycerol, lignocellulosic hydrolysates and vegetable market
waste (Fei et al., 2016; Singh et al., 2018; Brandenburg et al., 2018; Passoth
& Sandgren, 2019; Chmielarz et al., 2021; Passoth et al., 2023). Notably, the
yeast can achieve very high lipid content, of up to 76% of dry cell weight
(Xue et al., 2018). Due to this exceptional lipid production capacity, it is an
attractive candidate for lipid metabolic engineering (Xue et al., 2018;
Chattopadhyay et al., 2021).

The ability of R. foruloides to tolerate the inhibitory effects of different
compounds in biomass hydrolysates adds to its appeal as a candidate for
industrial applications. Thus, the species has been explored for its potential
in producing valuable biomolecules apart from lipids, including carotenoids,
enzymes and polysaccharides (Rapoport et al., 2021; Passoth et al., 2023;
Vinals et al., 2023; Mussagy et al., 2023). This broad biosynthetic capacity
makes it a versatile and promising candidate for various biotechnological
applications.

1.3.1 Strains of Rhodotorula toruloides

Rhodotorula toruloides has a unique reproductive system, with two opposite
mating types, Al and A2. Strain CBS 14 belongs to mating type Al, while
strain CBS 349 belongs to mating type A2 (Sambles et al., 2017; Sampaio,
2011). During its life cycle, R. toruloides utilises both conjugation between
Al and A2 strains and cell budding as common methods of reproduction
(Sampaio, 2011).

One property of R. foruloides is variation between the strains in terms of their
ability to utilise different carbon sources and convert them into lipids
(Brandenburg et al., 2021; Chmielarz et al., 2021). The species spans a broad
geographical range and thrives in many different habitats due to its
ubiquitous saprophytic nature, which enables R. foruloides to grow in
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environments ranging from decomposing conifer wood in Sweden (R.
toruloides CBS 14) to the soil of Japan (R. toruloides CBS 349).

Through hyphal conjugation, the mating strains CBS 14 (A1) (Rennerfelt,
1937) and CBS 349 (A2) (Okunuki, 1931) can engage in a reproductive
process, which was exploited to obtain the hybrid strain CBS 6016 (Banno,
1967). The intricate hyphal conjugation mechanism contributes significantly
to the genetic diversity and adaptability exhibited by R. foruloides.

Figure 2. Freeze-dried cells of three important strains of Rhodotorula toruloides. (a) CBS
14, (b) CBS 349 and (c) CBS 6016™. CBS14 and CBS 349 are the parental strains of the
type strain CBS6016.

1.4 Lignocellulose as carbon source

1.4.1 Structure

Lignocellulose is an intricate and readily available biomass compound that
constitutes the basic framework in plant components such as stems, leaves
and other plant structures (Yadav et al., 2020; Kumar et al., 2018; Maitan-
Alfenas et al., 2015). This composite material is composed of three primary
constituents, cellulose, hemicellulose and lignin, that intertwine densely,
creating a multifaceted framework that confers robustness upon plant cell
walls (Yadav, Paritosh, et al., 2019).

Cellulose, a linear polysaccharide composed of glucose units connected by
B-1,4-glycosidic bonds, arranges into microfibril bundles. These microfibrils
further organise into larger structures called cellulose fibre that endow plant
cell walls with primary strength and integrity. Enzymatic degradation of
cellulose releases glucose units, making them accessible for fermentation by
microorganisms (Isikgor & Becer, 2015; Passoth et al., 2023).
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Hemicellulose is made up of diverse and branched polysaccharides and
displays varying composition and structure depending on the plant of origin
(Biely et al., 2016; Girio et al., 2010). Unlike cellulose, hemicellulose
features an array of sugar units, including glucose, xylose and mannose. It
envelops cellulose microfibrils, enhancing cohesion, and contributes to both
structural support and cellulose fibre protection. Its relative heterogeneity
permits easier breakdown into constituent sugars than cellulose (Agbor et al.,
2011; Scheller & Ulvskov, 2010; Passoth et al., 2023).

Lignin, a complex polymer with strong cross-linkages, provides rigidity and
impermeability to plant cell walls. It comprises phenolic compounds such as
coniferyl, sinapyl and p-coumaryl alcohols that envelop and embed the
cellulose-hemicellulose matrix, creating a robust, resilient framework
(Yadav et al., 2018). While essential for plant integrity, the intricate structure
of lignin poses challenges in industrial applications due to its resistance to
enzymatic degradation (Jonsson & Martin, 2016; Jergensen et al., 2019;
Passoth et al., 2023).

The close interactions between cellulose, hemicellulose and lignin are
responsible for the characteristic strength and durability of lignocellulose.
However, these interactions also hinder efficient access and breakdown of
components for industrial processes such as biofuel production. Therefore,
pre-treatment methods are essential to disrupt these interactions and render
cellulose and hemicellulose accessible for enzymatic hydrolysis and
subsequent conversion into fermentable sugars (Yadav, Singh, et al., 2019).

1.4.2 Pre-treatment of lignocellulose

Pre-treating lignocellulosic biomass is a pivotal initial phase in its
transformation into valuable resources (Figure 3). This preparatory stage
aims to dismantle structural obstacles, rendering the biomass more amenable
to subsequent processes such as enzymatic hydrolysis and fermentation.
Common methods for pre-treatment can be subdivided into mechanical,
chemical and physico-chemical approaches.

Mechanical methods apply physical force, such milling, grinding or
shredding, to disrupt the intricate lignocellulosic structure (Silva et al., 2012;
Zhao et al., 20006). By fragmenting the biomass into smaller particles, these
methods amplify surface area and facilitate enzyme access during hydrolysis.
Chemical pre-treatment methods employ acids, bases or solvents to cleave
lignin and hemicellulose, thus exposing the cellulose for further processing
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(Yadav et al., 2020). Physico-chemical methods, such as steam explosion,
combine mechanical and chemical actions, contributing to structural
disintegration and enhanced enzyme interactions (Huang et al., 2015;
Vivekanand et al., 2013; Bensah & Mensah, 2018; Baksi et al., 2023).

After pre-treatment, the lignocellulosic biomass is more receptive to
enzymatic hydrolysis due to the dismantling of its complex structure.
Enzymatic hydrolysis involves breaking the B-1,4-glycosidic bonds between
sugar molecules in cellulose and hemicellulose. Enzymes such as cellulases
and hemicellulases are used in this process (Maitan-Alfenas et al., 2015).
Cellulases include endoglucanases, which sever internal cellulose bonds,
exoglucanases, which remove glucose units from cellulose ends, and f-
glucosidases, which convert cellobiose into glucose. Hemicellulases target
diverse hemicellulose sugars, e.g., Xylanases target xylan and mannanases
target mannans (Van Dyk & Pletschke, 2012; Houfani et al., 2020). Good
synergy of these enzyme types within cellulase and hemicellulase mixtures
is essential for efficient hydrolysis, enabling comprehensive breakdown of
intricate polysaccharides into simple sugars such as glucose, xylose,
mannose and others (Hu et al., 2013; Andlar et al., 2018; Galbe & Wallberg,
2019; Passoth et al., 2023).
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Figure 3. Schematic presentation of pre-treatment of lignocellulosic biomass.

1.5 Thesis aims and objectives

The techniques available for extracting lipids and carotenoids have
undergone rapid advances in recent years, involving e.g., improved solvents
and methods that prioritise swiftness, cost-effectiveness and efficiency. In
particular, utilisation of environmentally friendly solvents such as SC-CO,
instead of conventional organic solvents has attracted substantial interest.
Thus, the work in this thesis primarily sought to enhance understanding of
the impacts of conventional and SC-CO; extraction methods on the
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composition of lipids and carotenoids extracted from Rhodotorula
toruloides. A further aim was to address an existing knowledge gap
concerning the variations in lipid and carotenoid production in different
strains of R. toruloides by analysing lipid and carotenoid production in three
main strains of Rhodotorula toruloides.

Specific objectives were to:

1. Determine the lipid and carotenoid profile of Rhodotorula toruloides
strain CBS 14 cultivated on wheat straw hydrolysate using conventional
extraction methods (Paper I).

2. Evaluate and compare the effects of conventional extraction and
supercritical carbon-dioxide (SC-CO;) extraction on the lipid and
carotenoid profile of Rhodotorula toruloides strain CBS 14 cultivated on
wheat straw hydrolysate (Paper I and Paper II).

3. Assess the lipid and carotenoid profile of different strains of Rhodotorula
toruloides following extraction with SC-CO; (Paper I1I).
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2. Lipids and carotenoid production by
Rhodotorula toruloides

2.1 Lipid metabolism

Lipid accumulation in oleaginous yeasts is influenced by various factors and
the level of lipid accumulation can vary even under constant physiological
conditions. For cells to store lipids, there must be an excess carbon source,
accompanied by limited availability of a specific nutrient, e.g., nitrogen,
phosphorus or sulphur (Figure 4). Lipid production in oleaginous yeasts also
requires adequate levels of key cellular metabolites such as citric acid and
malic acid and available energy in the form of adenosine triphosphate (ATP),
which is essential for fatty acid synthesis (Granger et al., 1993; Ratledge &
Wynn, 2002; Beopoulos et al., 2009). This process occurs in both the
cytoplasm and mitochondria of the cell.

To ensure cellular maintenance upon nitrogen starvation, oleaginous yeasts
produce adenosine monophosphate (AMP) deaminase, which facilitates
breakdown of AMP into inosine monophosphate (IMP) and ammonium ions
(NH4") (Figure 4). This process helps overcome limitations in external
nutrient availability. The consequential sharp reduction in intracellular AMP
levels significantly affects specific segments of the tricarboxylic acid (TCA)
cycle. Specifically, in oleaginous yeasts, it leads to deactivation of isocitrate
dehydrogenase (ICDH), an enzyme typically activated through allosteric
interactions with AMP. ICDH, operating within the mitochondria, plays a
crucial role in converting isocitrate into a-ketoglutarate. This deactivation
causes accumulation of isocitrate, which is then converted into citrate in the
mitochondria by the enzyme aconitase. As a result, the TCA cycle is
interrupted at this stage, leading to an increase in citrate levels within the
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cell. The excess citrate is transported to the cytoplasm and converted into
acetyl-CoA by ATP citrate lyase (ACL) (Ageitos et al., 2011).

Acetyl-CoA is further transformed into malonyl-CoA by acetyl-CoA
carboxylase. The fatty acid synthase complex in oleaginous yeast cells
utilises both acetyl-CoA and malonyl-CoA, along with nicotinamide adenine
dinucleotide phosphate (NADPH) as a cofactor, to synthesise acyl-CoA.
NADPH is typically generated by enzymes such as glucose-6-phosphate
dehydrogenase and 6-phosphogluconate dehydrogenase of the pentose
phosphate pathway, or maleic enzyme (ME) (Ratledge, 2014). The resulting
acyl-CoA chains are then transported to the endoplasmic reticulum, where
they undergo esterification with glycerol-3-phosphate (G-3-P). This process
leads to the production of structural lipids, including phospholipids and
glycolipids, as well as storage lipids in the form of TAGs through the
Kennedy pathway (Fakas, 2017; Passoth et al., 2023). In the Kennedy
pathway, glycerol-3-phosphate is first acylated by glycerol-3-phosphate
acyltransferase (Sctl) to form lysophosphatidic acid. Subsequently,
lysophosphatidic acid acyltransferase (Slcl) and acyltransferase for
lysophosphatidylethanolamine (Alel) catalyse acetylation of
lysophosphatidic acid, resulting in the formation of phosphatidic acid. The
final steps involve dephosphorylation of phosphatidic acid to form
diacylglycerol by phosphatidic acid phosphatase and the subsequent transfer
of an acyl group from acyl-CoA to the third carbon of diacylglycerol by
diacylglycerol-acyltransferases (Dgal, Dga2) to form TAG (Kennedy, 1961;
Tkachenko et al., 2013).

2.2 Carotenoid formation in Rhodotorula toruloides

Carotenoids are naturally synthesised in various organisms, including plants,
algae and fungi. Fungal carotenoids exhibit unique structural diversity
compared with those found in other sources. Within fungi, the carotenoid
synthesis pathway is responsible for generating pigments such as -carotene
(Goodwin, 2012; Sandmann, 2022). Notably, this biosynthesis pathway
shares acetyl-CoA as a common precursor molecule with lipid metabolism
(Fakankun & Levin, 2023). This connection gains significance in the context
of oleaginous yeasts, particularly as regards the species that was the main
study object in this thesis (R. toruloides).
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The biosynthetic pathway of carotenoids in different Rhodotorula species
has been extensively studied. One such study found that R. minuta, R.
glutinis, R. graminis, R. mucilaginosa and Rhodotorula CRUB 1032
(belonging to a hitherto unknown species) have similar carotenoid profiles,
with B-carotene, y-carotene, torulene and torularhodin being the main
carotenoids present in all these species (Buzzini et al., 2007). An earlier study
(Villoutreix, 1960) reported a similar pigment profile in R. mucilaginosa,
further supporting the idea of a conserved carotenoid biosynthetic pathway
within the genus Rhodotorula. General pathways for carotenoid biosynthesis
have been reviewed previously (Simpson et al., 1964; Goodwin & Goodwin,
1980).

The biosynthetic pathway of carotenoids starts with acetyl-CoA (Figure 4),
which is converted to 3-hydroxy-3-methylglutaryl-CoA by the enzyme
hydroxymethylglutaryl-CoA  synthase.  Subsequently,  3-hydroxy-3-
methylglutaryl-CoA is transformed into mevalonic acid through the action
of hydroxymethylglutaryl-CoA reductase. Mevalonic acid is then converted
into isopentenyl pyrophosphate (IPP) through a series of reactions involving
specific kinases and diphosphomevalonate decarboxylase. Isopentenyl
pyrophosphate  undergoes  isomerisation to form dimethylallyl
pyrophosphate (DMAPP). Through an addition reaction involving three IPP
molecules, geranylgeranyl pyrophosphate (GGPP) is synthesised (Kot et al.,
2018).

Condensation of two molecules of GGPP leads to the formation of phytoene,
areaction which is catalysed by phytoene synthase. Subsequent reactions are
catalysed by phytoene desaturase, an enzyme that plays a crucial role in the
formation of neurosporene by catalysing up to three desaturation steps.
Neurosporene may undergo further transformations to produce lycopene or
B-zeacarotene (Goodwin & Goodwin, 1980; Hayman et al., 1974; Simpson
et al., 1964). Lycopene cyclisation or -zeacarotene dehydrogenation results
in the formation of y-carotene (Hayman et al., 1974; Igreja et al., 2021).
The y-carotene molecule serves as a precursor for the biosynthesis of other
carotenoids, such as P-carotene and torulene (Figure 4). Torularhodin is
obtained through further transformations of torulene, including
hydroxylation and oxidation (Kot et al., 2016). Torulene and torularhodin
have been identified as potent antioxidants with greater peroxyl-radical
quenching ability than B-carotene (Buzzini et al., 2007). In order to protect
themselves from oxidative damage caused by elevated lipid concentrations,
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yeast cells undergo a transition in the y-carotene flux towards torulene, which
possesses stronger antioxidant properties (Han et al., 2016). It has been
reported that under increasing stress conditions, R. mucilaginosa cells exhibit
an increase in torulene and torularhodin concentrations, while -carotene
concentration remains constant (Ghilardi et al., 2020).

Production of total carotenoids by oleaginous yeasts is influenced by various
factors such as the carbon/nitrogen ratio, aeration, pH, temperature, light,
presence of metal ions and type of sugar present (Aksu & Eren, 2005; Tang
et al., 2019; Pinheiro et al., 2020). The type of carotenoid synthesised by
oleaginous red yeasts can also be influenced by culture conditions and the
growth phase of the cells.
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Figure 4. Simplified schematic diagram of lipid and carotenoid accumulation in
Rhodotorula toruloides under nitrogen limitation.
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3. Industrial applications of microbial oils
and carotenoids

3.1 Properties of microbial oils compared with vegetable
oils

3.1.1  Vegetable oils

Vegetable oil serves a diverse range of purposes beyond its use as a food
product. There is growing evidence of the vital role that fatty acids (FAs)
play in human nutrition, encompassing both therapeutic and preventive
effects on various diseases. The significance of fats and fatty acids in human
health means that these compounds are the subject of many ongoing research
endeavours. Beyond being a dietary staple, fatty acids have gained
prominence in different industrial sectors, e.g., in production of items such
as soaps, detergents, cosmetics, lubricants, inks, varnishes and paints, and
are notably relevant in the expanding energy market, particularly for
biodiesel production (Kumar et al., 2016). Consequently, there is growing
demand for oilseed crops to cater to both nutritional needs and industrial
requirements. Plants produce a diverse array of fatty acids, each possessing
distinct structural attributes that confer unique physicochemical properties,
thereby extending their range of applications (Table 1). Soybean, rapeseed,
palm, sunflower and peanut crops in particular are major contributors to
global edible vegetable oil production (Zhou et al., 2020).
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Table 1. Main fatty acid composition of different plant oils

Fatty acid types (% of total fatty acids)
QOil type
Cl16:0 | Cl6:1 | C18:0 | C18:1 | C18:2 | C18:3

Sunflower 5.2 0.1 3.7 33.7 56.5 0.0
Palm 393 0.2 4.4 42.5 11.4 0.0
Soybean 10.1 0.0 4.3 22.3 53.7 8.1
Rapeseed 3.0 0.0 1.0 64.4 23.3 8.0
Cocoa butter | 23.3 0.9 24.5 28.7 3.9 0.0

Data summarised from (Caporusso et al., 2021)

However, the surge in demand for vegetable oil comes with various adverse
repercussions. The expansion of oilseed crop plantations, particularly in
tropical regions, has triggered deforestation and degradation of habitats
(Oosterveer, 2015; Danielsen et al., 2009). This in turn leads to biodiversity
loss, disruption of ecosystems and the uprooting of indigenous communities.
Furthermore, conversion of natural ecosystems to oilseed cultivation sites
results in depletion of vital carbon sinks (Tilman et al., 2009; Dornburg et
al., 2010). This contributes to heightened emissions of greenhouse gases,
exacerbating the issue of climate change.

In response to these challenges, there are growing calls to replace vegetable
oil production, which competes with tropical forests, with other forms of oil
production. Several potential alternatives to vegetable oil are being explored,
and one promising option is the use of single-cell oils derived from
oleaginous microorganisms.

3.1.2 Microbial oils

Microbial oils, often referred to as single-cell oils (SCOs), are category of
edible oils produced by oleaginous microorganisms (Cohen & Ratledge,
2005). A feature of interest in the context of this thesis work is that
oleaginous yeasts have the capacity to generate oils that are similar in
composition to those found in vegetable oils. These oils predominantly
consist of palmitic, stearic, oleic and linoleic acids (Parsons et al., 2020;
Shapaval et al., 2019) (Table 2). This similarity in lipid composition makes
microbial oil one of natural oil feedstocks with the highest potential for
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biodiesel production (Ma, 2006; Patel et al., 2017; Ma et al., 2018; Liu &
Zhao, 2007, Li et al., 2008).

Table 2. Fatty acid composition of different oleaginous yeasts cultivated on glucose
medium.

Fatty acids (% of total fatty acids)

C16:0 | Cl6:1 | C18:0 | C18:1 | C18:2 | C18:3
Lipomyces | 115 | 41 58 | 532 | 28 | 03
starkeyi
et | o | g 16 | 545 | 115 | 41
babjevae
R. toruloides 26.6 2.1 3.1 46.2 16.4 2.2
R. graminis | 203 | 1.6 25 | 574 | 114 | 35

Data summarised from (Shapaval et al., 2019)

An intriguing aspect is that the lipid profile of oleaginous microorganisms
can be fine-tuned by adjusting the culture conditions. This means that, to a
certain extent, it is possible to achieve a desirable fatty acid composition by
cultivating yeast or algal strains under specific culture conditions (Parsons et
al., 2020).

A significant advantage of SCOs is the possibility for the yeasts that produce
these to be cultivated using various waste streams and with less land demand
(Stellner et al., 2023). This reduces competition with traditional agriculture
for vital resources such as water and fertile soil (Caporusso et al., 2021;
Galan et al., 2020). Consequently, SCOs are emerging as a promising
sustainable solution to address the increasing demand for edible oils and
animal feeds.

3.2 Microbial oils in the food and feed industry

In recent times, there has been significant focus on investigating the
feasibility of using microbial oils as potential sources for producing
biodiesel. This interest stems from the need to find sustainable and renewable
alternatives to conventional fossil fuels (Li et al., 2008). Apart from
applications in biodiesel production, microbial oils are also the focus of
attention as regards potential applications in the food and feed industries,
demonstrating their versatile utility (Bellou et al., 2016; Galan et al., 2020).
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One of the initial applications of microbial lipids was as a substitute for cocoa
butter, which has diverse uses in the food and cosmetic industries. Various
attempts have been made to replicate the composition of cocoa butter using
mixtures of different fats from exotic plants and palm oils (Caporusso et al.,
2021). However, these efforts have been hampered by the high cost of exotic
fats and unsatisfactory results (Ward & Singh, 2005). As an alternative,
lipids produced by oleaginous yeasts have emerged as promising candidates
for cocoa butter substitutes, since these lipids closely resemble cocoa butter
in terms of their fatty acid profile. However, a key challenge is their lower
production of C18:0 fatty acid. Numerous strategies have been devised to
enhance the levels of C18:0 in microbial lipids, as comprehensively
discussed in the literature (Zhu et al., 2010; Uemura, 2012; Ji & Huang,
2019; Kothri et al., 2020). Likewise, considerable research has been
dedicated to increasing production of polyunsaturated fatty acids (PUFAs)
in oleaginous microorganisms (Bellou et al., 2016). PUFAs play vital roles
in various physiological functions within the human body. They serve as
crucial components of membrane phospholipids and act as precursors to
eicosanoids, hormone-like molecules that influence the cardiovascular,
immune and central nervous system and even inflammatory responses
(Laoteng et al., 2011). The demand for PUFAs in the food industry is
substantial, especially as additives in infant foods, a continuously expanding
market.

Scientists in Germany conducted experiments during World War I to explore
commercial production of microbial oils as a means to address food
shortages (Yamauchi et al., 1983). Since then, there have been ongoing
efforts to identify species of oleaginous microorganisms that could
potentially serve as novel sources of edible oils, replacing traditional
vegetable oils and animal fats. The initial introduction of microbial oils as a
dietary supplement took place in 1985, when a linolenic acid-rich oil was
developed as a substitute for evening primrose oil (Ratledge, 2013). This
product, named "Oil of Javanicus," was derived from the fungus Mucor
javanicus. However, it was eventually replaced by borage oil (Borago
officinalis), which has a higher linolenic acid content (Shahidi, 2005). The
breakthrough for microbial oils in the infant formula market occurred in
2001, when the US Food and Drug Administration granted Generally
Recognized as Safe (GRAS) status to SCOs. By February 2002, over half of
the infant formula market in the USA was fortified with SCOs (Fichtali &
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Senanayake, 2010). Today, numerous industrial players such as DuPont,
DSM, Cargill Alking Bioengineering (CABIO), Nestle and Nutricia are
actively engaged in industrial-scale production of microbial oils (Xue et al.,
2013; Galan et al., 2020; Caporusso et al., 2021).

In addition to their applications in the food industry, microbial lipids have
found a place in the field of animal feed. Notably, Alltech, a prominent global
company specialising in animal nutrition, has ventured into producing
microbial (algal) docosahexaenoic acid (DHA) specifically targeted for the
animal feed market (Galan et al., 2020). Microbial oils have also been used
as a replacement for vegetable oil in fish feed production (Blomgqvist et al.,
2018).

3.3 Microbial carotenoids in the food industry

In recent years, there has been a noticeable decline in enthusiasm for
artificially created pigments, as most of these have been found to be toxic,
carcinogenic and capable of causing birth defects. Consequently, there is an
increasing shift towards microbial sources as a safe and viable alternative
(Babu & Shenolikar, 1995; Caiiizares-Villanueva & Rios-Leal, 1998;
Johnson & Schroeder, 2006; Babitha, 2009; Kirti et al., 2014; Tuli et al.,
2015; Papapostolou et al., 2023). Microbial pigments have distinct
advantages over their synthetic and inorganic counterparts, with the process
of fermentation, which is swifter and more efficient than conventional
chemical methods, being a key factor. Microorganisms also offer the
advantage of possessing sizable and easily modifiable gene structures.
Additionally, the production of pigments by microorganisms remains
unaffected by weather conditions, preventing variations in colour shades, and
these microorganisms can be cultivated on low-cost substrates (Joshi et al.,
2003; Petrik et al., 2013; Paul et al., 2023).

Carotenoids, a specific class of natural pigments, are of significant
importance within this context. They are synthesised by both plants and
microorganisms in response to various environmental stresses (Kirti et al.,
2014). Carotenoids serve various purposes, functioning as colorants, dietary
supplements and nutraceuticals (Mussagy et al., 2019). Among the microbial
sources of carotenoids, particular attention has been directed towards yeast
species, particularly those belonging to the genera Rhodotorula and Phaffia
(Martin et al., 1993; Meyer & Du Preez, 1994; Frengova & Beshkova, 2009;
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Marova et al., 2010; Allahkarami et al., 2021; Li et al., 2022). These
pigmented yeasts possess advantages over algae, filamentous fungi and
bacteria in terms of their rapid growth rate and adaptability to cost-effective
fermentation conditions (Malisorn & Suntornsuk, 2008; Panesar et al., 2015;
Sen et al., 2019).

Recognition of the significance of carotenoids in healthcare, as well as in the
food and nutraceutical industries, continues to grow. The escalating demand
for carotenoids in those markets is fuelled by emerging clinical studies
highlighting their diverse health benefits. Among the numerous naturally
occurring carotenoids, only a few have demonstrated value in industries
related to both humans and animals, primarily due to their antioxidant and
light-absorbing properties (Bendich, 1994; King, 1995; Krinsky, 2001;
Perera & Yen, 2007; Barnett & Chandi & Gill, 2011; Berman et al., 2015;
Bogacz-Radomska et al., 2020; Rapoport et al., 2021; Paul et al., 2023).
Carotenoids derived from microorganisms are preferable to synthetic food
colourants owing to their consistent availability, year-round production
feasibility, scalability and higher yield (Mussagy et al., 2019). While a wide
spectrum of carotenoids exists in nature, only a select few, including B-
carotene, lycopene, astaxanthin, canthaxanthin and lutein, are commercially
accessible (Johnson & Schroeder, 2006). These carotenoids are used in
various food products such as juices, baked goods, dairy items, canned
goods, confectionery and health-focused condiments. Interestingly, animals
such as birds, fish and crustaceans benefit from [-carotene supplementation
for colour enhancement, which also increases the visual appeal of pet food
(Cantrell et al., 2003; Sandmann, 2015).

The carotenoids that have been least explored to date are torulene and
torularhodin, which are primarily synthesised by yeast species within the
genera Rhodotorula, Sporobolomyces and Sporidiobolus (Kot et al., 2018;
Mussagy et al., 2019). These compounds take on an attractive rosy-red shade
at sufficient concentrations (Zoz et al., 2014). Although currently limited to
research applications, their distinctive chemical structure and inherent
properties hint at potential utility across diverse industries. Their potential
extends to sectors such as food production, where they could serve as
valuable additives, as well as roles in animal feed, cosmetics and
pharmaceutical formulations. Their versatility arises from their dual
attributes as antioxidants and colorants, coupled with potent antimicrobial
capabilities (Zoz et al., 2014; Kot et al., 2018).
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The current interest in carotenoids has been spurred by epidemiological
investigations clearly suggesting that integrating carotenoid-rich foods into
diets could notably reduce the risk of various diseases. These include health
conditions such as cancers, cardiovascular disorders, age-related macular
degeneration, cataracts, immune-related issues and other degenerative
ailments (Krinsky, 2001; Perera & Yen, 2007).
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4. Extraction methods for lipids and
carotenoids

In order to accurately assess yeast production by oleaginous microorganisms,
it is imperative to employ an extraction method that offers both high
efficiency and reproducibility. Standardising the extraction process is
essential to facilitate precise comparisons of results. However, it is important
to recognise that there is no universally efficient extraction method that is
applicable to all oleaginous microorganisms (Yu et al., 2015).

Studies involving various species of microalgae or yeasts have found that the
most effective extraction method can vary between species (Fang & Wang,
2002; Lee et al., 2010; Prabakaran & Ravindran, 2011; Bonturi et al., 2015).
This variation arises from the fact that different microorganisms possess
unique physical characteristics, such as varying cell shapes, cell wall
structure and lipid compositions. Furthermore, even within the same yeast
species, variations can occur as cell walls become thicker with growth and
with the appearance of scars resulting from cell division (Jacob, 1992). The
development of thicker walls renders cells resistant to specific solvents,
adding complexity to the extraction process (Ageitos et al., 2011).
Effectively disrupting the cells of oleaginous microorganisms is thus a
pivotal step in achieving successful extraction. To accommodate the diverse
composition of different species of microalgae or yeasts, it is generally
advantageous to employ a combination of polar and non-polar solvents
during the extraction process (Li et al., 2014).

4.1 Traditional extraction methods

Historically, lipids and carotenoids from oleaginous yeasts have been
extracted using organic solvents. These techniques have a long-standing
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tradition, have been extensively documented in the scientific literature and
have seen widespread application in both research and laboratory
environments.

4.1.1 Conventional lipid extraction

Numerous techniques have been developed over time to optimise recovery
of lipids from different oleaginous yeast species. The majority of previous
studies investigating lipids in oleaginous yeasts have employed lipid
extraction based on a modified version of the Folch extraction method (Folch
et al., 1957). The fundamental principle of the Folch method is partitioning
of lipids within a biphasic mixture of chloroform and methanol. Methanol
plays a crucial role in breaking hydrogen bonds between lipids and proteins
once an organic solvent such as chloroform is introduced. The total fat
content is then determined through gravimetric measurements.

However, when extracting lipids from oleaginous yeasts, it is essential to
pre-treat the biomass to disrupt the intricate and resilient cell wall structure
and membrane system within yeast cells. Such pre-treatment is necessary to
enable extraction of the majority of intracellular lipids. A range of
mechanical, chemical and enzymatic pre-treatment methods can be
employed to effectively break down the cells and make most of the
intracellular lipids accessible for extraction (Jacob, 1992).

In Paper I, a physical in-house technique involving a French press was used
to disrupt the cell wall of the oleaginous yeast prior to commencing the lipid
extraction process. Inside the French press, the liquid sample is pressurised
by a piston and forced through a small valve at high pressure. As the sample
passes through this valve, the cells experience shear stress, leading to the
disruption of cellular structures. The pre-treated cell biomass is then
subjected to lipid extraction. This specific procedural approach, which
incorporates certain modifications to the original Folch method for lipid
extraction, is described in detail in Paper 1. In brief, the freeze-dried, French-
pressed biomass undergoes a multi-step treatment process involving heating
and separation using 1 M HCI, 0.8% KCI, Folch solution (consisting of
chloroform and methanol in a 2:1 v/v ratio) and pure chloroform. Separation
of components is carried out using separating funnel and the lower phase rich
in lipids is collected in a pre-weighed glass tube (Figure 5).
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Figure 5. Schematic representation of lipid extraction from oleaginous yeast using a
separating funnel.

4.1.2 Conventional carotenoid extraction

Over the past few decades, there have been focused efforts to develop
improved methods for extracting carotenoids. The main challenge arises
from the presence of a diverse range of carotenoids with varying degree of
polarity, making extraction of single compounds a complex task.
Furthermore, carotenoids are susceptible to oxidation, necessitating
precautions against prolonged exposure to excessive heat, light, acids and
extended extraction duration (Moliné et al., 2010).

Due to the hydrophobic properties of carotenoids, conventional extraction
methods rely on organic solvents. Typically, a non-polar solvent such as
hexane, petroleum ether or tetrahydrofuran is ideal for extracting non-polar
carotenes or esterified xanthophylls, while a polar solvent such as acetone,
ethanol or ethyl acetate is better suited for extracting polar carotenoids.
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In the study described in detail in Paper I, the acetone extraction method
originally outlined by Reif et al., (Reif et al., 2013) with some modifications,
was used to extract carotenoids from oleaginous yeast. In brief, yeast
biomass which had undergone the French-press treatment was subjected to
an extraction process involving acetone and cyclohexane. At the end of the
extraction, the acetone collected in the glass tube was evaporated under
nitrogen atmosphere, leaving behind the carotenoid extract (Paper I).

The primary aim of using this extraction method for analysing carotenoid
compounds in samples was to maximise the recovery of a wide spectrum of
analytes. Among the various stages involved in carotenoid extraction, it is
often considered essential to conduct saponification of co-extracted lipids
prior to quantification. The saponification step serves the purpose of
simplifying the separation process by eliminating substances, such as lipids,
that could potentially interfere with chromatographic detection of
carotenoids. Consequently, use of methanolic potassium hydroxide for
saponification has long been a fundamental step in carotenoid analysis. The
effect of saponification was examined in detail in Paper I.

4.2 Supercritical carbon-dioxide (SC-CO>) extraction

Over the past decade, there has been growing interest in eco-friendly
extraction techniques that can lower energy consumption and avoid the use
of conventional solvents. Ideally, these methods prioritise the use of non-
toxic, non-flammable solvents derived from biomass sources (Chemat et al.,
2012). One noteworthy approach in this regard is supercritical fluid
extraction (SFE), a widely adopted method for retrieving valuable substances
from natural source materials.

4.2.1 Supercritical carbon dioxide (SC-CO3)

The supercritical state is attained when both the temperature and pressure of
a substance exceed their respective critical value. In this state, the traditional
boundaries between the liquid and gas phases cease to exist, and the
substance cannot be converted into a liquid by increasing the pressure or into
a gas by raising the temperature (Figure 6). Consequently, physical and
chemical characteristics of the substance, such as density, diffusivity,
dielectric constant and viscosity, can be readily manipulated by adjusting
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either the pressure or the temperature, all without undergoing phase
transitions (Sihvonen et al., 1999).
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Figure 6. Carbon-dioxide phase diagram modified from (Marini, 2006).

Supercritical carbon dioxide exhibits unique properties, including low
viscosity, gas-like diffusion, liquid-like density and almost negligible surface
tension (Hitchen & Dean, 1993). Additionally, the carbon dioxide (CO») is
non-toxic, readily available, volatile, non-flammable, has low critical
temperature and can be recycled during the process to mitigate greenhouse
effects (Ghasemi et al., 2011; Uwineza & Waskiewicz, 2020). Consequently,
SC-CO; prevents thermal and chemical degradation of extracts, as CO» can
be easily removed from the extract as a gas through simple decompression
(Picot-Allain et al., 2021). Moreover, the selectivity of SC-CO; can be
readily adjusted by modifying extraction conditions, such as pressure and
temperature, or by incorporating a co-solvent (Picot-Allain et al., 2021;
Uwineza & Waskiewicz, 2020; Cardoso et al., 2012).
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4.2.2 SC-CO; apparatus

The process begins with withdrawal of liquid CO, from a cylinder and
subjecting it to compression using a pump (Paper 1). Before reaching the
extraction cells, this compressed CO, is directed through a pre-heated
column. The extraction vessel itself is maintained at a specific temperature
using an oven, ensuring precise temperature control. To control the pressure
within the system, a back-pressure regulator is employed to maintain the
desired pressure conditions (Figure 7). One notable characteristic of CO> is
its non-polar nature, which means that it is not particularly effective as a
solvent for polar compounds. To enhance its ability to dissolve polar
substances, a modifier is introduced into the system. This modifier is
combined with the CO; in a dedicated modifier pump before being
introduced into the extraction vessel.

Pump Back pressure regulator

5h—— =
Cooler Oven
=

CO, Modifier Preheated Extraction Collection
column vessel vial

C=

Figure 7. Schematic diagram of an idealised supercritical carbon dioxide extraction
process.

The process begins with placing a freeze-dried yeast sample (see Figure 8)
in the extraction vessel, where it is mixed with a layer of silica beads (Papers
IT and III). These beads serve as distributors for the flow of solvent.
Extraction of compounds from the yeast sample relies on the density of the
supercritical fluid, which in turn depends on its pressure when the
temperature is held constant. Once the extraction of compounds from the
yeast sample is complete, the CO; is depressurised to atmospheric pressure.
At this reduced pressure, the extracted compounds become practically
insoluble in CO; and are collected in designated collection bottles.
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4.2.3 Advantages of the supercritical fluid extraction (SFE) technique

over conventional methods

Supercritical fluid extraction has several unique properties that make it a
promising alternative to conventional solvent extraction methods. Some of
its key advantages are summarised below.

1.

Supercritical fluids (SFs) have relatively lower viscosity and higher
diffusivity than organic solvents. Therefore, they can penetrate into
porous solid materials more effectively than liquid solvents and can
achieve much faster mass transfer, resulting in faster extraction (Wheeler
& McNally, 1989; Marsili & Callahan, 1993; Briihl & Matthéus, 1999;
Diaz-Reinoso et al., 2006; Dumont & Narine, 2007).

In SFE, the solvation power of the fluid can be manipulated by changing
the pressure and/or temperature, so remarkably high selectivity can be
achieved. The adjustable solvation power of SFs is particularly useful
for extraction of complex samples (Reverchon et al., 1993; Abbas et al.,
2008).

Solutes dissolved in SC-CO; can be easily separated from the solvent by
depressurisation. Therefore, SFE can eliminate the sample concentration
process, which usually is time-consuming and often results in loss of
volatile components (Henning et al., 1994; Dron et al., 1997; Lang &
Wai, 2001).

Unlike most conventional extraction methods, SFE usually is performed
at low temperature (from around 35 °C to up to 80°C), so it is an ideal
technique for studying thermally labile compounds and may lead to the
discovery of new natural compounds (Dron et al., 1997; Lang & Wai,
2001; Lopes et al., 2012; Sahena et al., 2009; Viguera et al., 2016).
Significantly less or no environmentally hostile organic solvent is used
in SFE, which may require at most a few mL of organic solvent (Wheeler
& McNally, 1989; Otterbach & Wenclawiak, 1999; Rozzi & Singh,
2002; Ramsey et al., 2009).

SFE may allow direct coupling with a chromatographic method, which
can be a useful means to extract and directly quantify highly volatile
compounds (Huston & Ji, 1991; Nielsen et al., 1991; Smith & Burford,
1992; Modey et al., 1996).

In large-scale SFE processes, the fluid (usually CO,) can be recycled or
reused, thus minimising waste generation.

47



8. SFE can be applied to systems of different scales, e.g., analytical,
preparative, pilot plant or large industrial scale (Reverchon et al., 1993;
Fuh et al., 1995; Lang & Wai, 2001; Luu, 2010).

4.2.4 Utilisation of SC-CO2 residues

Enhancing the economic sustainability of yeast production involves
optimising the utilisation of both the extracted components and the by-
products of extraction. The residual materials from SC-CO, extraction
include valuable compounds such as proteins, polysaccharides, starch and
other substances that are insoluble in CO, (Gao et al., 2012). These residual
resources have the potential to serve various purposes, such as
supplementing human nutrition, applications in economically viable sectors
such as animal feed production or as a substrate for biogas generation (Gao
etal., 2012; Grimm et al., 2015; Tibbetts et al., 2017). It has been shown that
the protein content of Spirulina biomass remains largely unaffected
following SC-CO, extraction, experiencing only a marginal decrease of
approximately 1% in essential amino acids (Qiuhui, 1999). This finding
confirms that the nutritional value of oleaginous yeast biomass is preserved
during the extraction process. It has also been demonstrated that, following
SC-CO; extraction, biomass of the microalga Nannochloropsis granulata
can serve as a valuable protein source with minimal amino acid degradation
(Tibbetts et al., 2015).

In a sustainability perspective, utilisation of the entire volume of yeast
biomass produced minimises waste generation and associated management
costs. It is crucial to note that the choice of extraction method significantly
influences the quality and potential for re-utilisation of both extracts and
extraction residues, as well as the environmental impacts of the overall
process.
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Figure 8. Freeze-dried biomass of Rhodotorula toruloides CBS14 (a) before and (b) after
supercritical extraction of lipids and carotenoids (Paper II).
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5. Analysis of lipid and carotenoid extracts

5.1 Lipid analysis

Conventional approaches for lipid quantification involve measurement
through gravimetric assays. The lipid composition is analysed by
chromatographic techniques such as gas chromatography (GC) or thin-layer
chromatography (TLC), methods characterised by time-consuming and
multi-step procedures (Mubarak et al., 2015).

5.1.1 Fatty acid profile

Liquid chromatography methods (LC, HPLC, ultra-high-performance liquid
chromatography (UHPLC) and GC are extensively used in lipid profiling and
are frequently combined with mass spectrometry (-MS) to enable
comprehensive analysis (Patel et al., 2019). Following the lipid extraction
process, a commonly employed step prior to GC involves conversion of
saponifiable lipids into acyl esters of fatty acids through a transesterification
reaction, typically accomplished using methylation (Hounslow et al., 2017).
This reaction entails addition of a catalyst, often an acid or a base, together
with an alcohol, with methanol being most frequently used type (Cavonius
et al., 2014) (Papers I-III).

The main fatty acids identified in oleaginous yeasts, particularly R.
toruloides, in this thesis were oleic acid, palmitic acid, linoleic acid, linolenic
acid and stearic acid. The proportions of these fatty acid vary with the cell
growth period, as demonstrated in Paper I, where there was an increase in
the percentage of saturated fatty acids and a decrease in unsaturated fatty
acids during the course of cell cultivation (Figure 9).
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Figure 9. Fatty acid composition of Rhodotorula toruloides strain CBS 14 over time
during cultivation on wheat straw hydrolysate (data from Paper I).

The relative ratios of these fatty acids may also undergo changes due to
different conditions introduced by various extraction techniques. In the case
of SC-CO; extraction, the process occurs in an oxygen-free environment and
at lower temperatures, resulting in an extract with a higher concentration of
unsaturated fatty acids (Paper II) compared with conventional extraction
methods (Han et al., 2020; Kayathi et al., 2020) (Figure 10).

In Paper III in this thesis, the main strains of Rhodotorula toruloides were
examined to investigate variations in lipid production between the strains.
An intriguing finding was that no notable distinctions were detected in the
major fatty acid profile of the strains.

52



[ (8] B wn
(=] (=] [=] (=]

Percent of total fatty acids
=)

*
*
*
: II
.
- -- R i win

C14:0 C16:0 C18:0 C24:0 Cl8:1(n9) C18:2(n-6) 18:3(n-3)
Fatty acid profile

=]

mSC-CO2 mFolch

Figure 10. Fatty acid composition of Rhodotorula toruloides strain CBS 14 samples
extracted using the Folch and supercritical carbon dioxide (SC-CO,) methods. Asterisks
indicate statistically significant differences (p<0.05) (data from Paper II).

5.1.2 Lipid classes

Thin-layer chromatography (TLC) is a commonly employed method for
separating, identifying and quantifying individual lipids, owing to its cost-
effectiveness, straightforward approach and user-friendly benefits. This
chromatographic technique uses silica gel coated on a thin plate as the
stationary phase and a blend of organic solvents as the mobile phase.
Separation is achieved based on differences in the affinity of compounds for
both phases. Compounds in the mobile phase migrate upward over the
surface of the stationary phase due to capillary forces (Lade et al., 2014; Cai,
2014).

Triacylglycerols are the most abundant lipid class in oleaginous yeasts,
followed by free fatty acids (FFAs) (Shapaval et al., 2019; Caporusso et al.,
2021; Nagaraj et al., 2022). The relative proportions of these lipid classes
undergo changes in conjunction with the different growth stages of the yeast
cells (Paper I). The analyses in this thesis showed that FFAs were
prominently present in R. foruloides strain CBS 14, as the dominant lipid
class in early growth phases and as the second most abundant lipid class
(after TAGs) towards the end of the fermentation process (Paper I).
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5.2 Carotenoid analysis

Carotenoids, which are typically analysed using chromatography and
spectrophotometry (UV/Visible), require an initial extraction step from the
sample. Since carotenoids are lipophilic, a blend of organic solvents is
commonly employed for this purpose (de Quirds & Costa, 2006; Kopec et
al., 2012). Maintaining the stability of carotenoids during extraction is
crucial to ensure accurate analytical results, because carotenoids are prone to
isomerisation, oxidation and degradation (Kopec et al., 2012). Carotenoids
have a highly conjugated structure, making them susceptible to deterioration
when exposed to heat, light, oxygen and metal ions (Philip & Francis, 1971;
Scita, 1992; Henry et al., 1998; Moliné et al., 2010). Therefore, it is essential
to handle samples in low or red-light conditions, evaporate solvents in an
atmosphere of inert gas (e.g., nitrogen) and store samples in darkness at
temperatures below -20 °C.

Before carotenoid extracts are subjected to chromatographic analysis,
saponification has to be performed in a critical preliminary step. In essence,
saponification is a chemical process initiated by interactions between free
hydroxide ions and triglycerides which results in cleavage of ester bonds that
link the fatty acids and glycerol components. The main aim in including a
saponification step is primarily to break down lipids, substances that
typically do not readily dissolve in water. This particular step has significant
importance in eliminating undesired lipids, which have the potential to
disrupt chromatographic separation and reduce the lifespan of the
chromatographic column. Saponification is typically carried out using a
solution containing either potassium or sodium hydroxide in methanol,
ethanol or water. It is important to note that while saponification effectively
removes unwanted lipids, it may also result in some loss of carotenoids
during the process (Paper I; Khachik et al., 1986; Kimura et al., 1990;
Nierenberg & Nann, 1992; Lietz & Henry, 1997).

5.2.1 Chromatographic analysis

Chromatography using descending gravity-flow columns, often with slight
pressure assistance from a water aspirator, is referred to as open column
chromatography (OCC). This classical method is employed for the
separation of carotenoids in quantitative analysis and also for isolating and
purifying carotenoids to serve as standards in HPLC. The initial techniques
for separating carotenoids and chlorophylls through OCC date back to 1906
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(Tswett, 1906). A photodiode array (PDA) detector is the most commonly
used detector in HPLC carotenoid analysis (Sedmak et al., 1990). However,
alternatives such as electrochemical detectors (ECD), fluorescence, mass
spectrometry (MS), and nuclear magnetic resonance (NMR) can also be
applied.

In recent years, reversed-phase HPLC using C18 columns has become the
preferred approach for carotenoid separation in quantitative analysis. The
popularity of C18 columns stems from their weaker hydrophobic interactions
with analytes (which tend to be less destructive than the polar forces in
normal-phase OCC), and their compatibility with most carotenoid solvents,
adaptability to the polarity range of carotenoids and widespread commercial
availability (Rodriguez-Amaya & Kimura, 2004). More recently, UHPLC
technology has begun to be employed to analyse carotenoids in various
samples (Li et al., 2012). The UHPLC approach offers several advantages
over HPLC, including higher peak capacity, narrower peak width, increased
sensitivity and enhanced chromatographic resolution (Gupta et al., 2015).
In this thesis, a combined UHPLC-PDA method was employed to identify
and quantify the carotenoids produced by R. toruloides. The carotenoids
identified included B-carotene, y-carotene, torulene and torularhodin, as
described in detail in Papers I-IIl. The impact of saponification on
quantification of these individual carotenoids was extensively investigated
in Paper I (Figure 11). We observed a positive correlation between the
accumulation of lipids and the production of carotenoids. This suggests that
these metabolic pathways, despite utilizing the same precursor, do not
compete with each other (Paper I).
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Figure 11. Effect of saponification on carotenoid extract from Rhodotorula toruloides

cultivated on wheat straw hydrolysate. (A) Unsaponified extract and (B) saponified
extract.

The quantity of these extracted carotenoids was found to vary depending on
the extraction technique used. Notably, in the case of SC-CO, extraction,
where no saponification was applied, torularhodin and torulene were
observed in higher concentrations compared with [-carotene obtained
through the acetone extraction method (Paper I). This finding supported the
hypothesis tested in Paper II that saponification impairs accurate
quantification of carotenoids (Figure 12).

On examining the carotenoid profile of the parental strains R. foruloides CBS
14 and CBS 349 in comparison with that of the hybrid strain R. foruloides
60167, it was found that CBS 6016" had a carotenoid profile and a total
carotenoid content similar to CBS 14, but not CBS 349 (Paper III). This
indicates that the genetic traits responsible for efficient carotenoid synthesis
in CBS 14 are inherited and actively expressed in the hybrid strain CBS
6016". This in turn implies that the genetic makeup of the hybrid strain is
primarily, if not exclusively, derived from CBS 14, particularly representing
the A1 mating type (Sambles et al., 2017). These findings align with prior
observations made within our research group (Pappas, 2023). Visual
confirmation of these similarities in carotenoid concentration was obtained
by examining the appearance of freeze-dried cells of the three strains (see
Figure 2).
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Figure 12. Quantities of different carotenoids extracted from Rhodotorula toruloides
strain CBS 14 using supercritical carbon dioxide (SC-CO,) and acetone extraction
techniques (modified from Papers I and II).

5.2.2 UVNisible spectrophotometric analysis

Carotenoids are primarily characterised by a series of conjugated double
bonds (Maoka, 2020), which is why they typically exhibit absorption within
the 400-500 nm range (Udensi et al., 2022). Spectral data are invaluable for
distinguishing and identifying various carotenoid species (Scott, 2001). In
the case of common carotenoids, UV/Visible spectra offer additional
insights, primarily into the chromophore of the carotenoid (Kopec et al.,
2012). However, the spectra of carotenoids can be influenced by different
solvents and carotenoids may interact with proteins and lipids, leading to
alterations in their spectral characteristics (Mendes-Pinto et al., 2012; Gong
et al., 2018; Meinhardt-Wollweber et al., 2018).

Most carotenoids display maximal absorption at three distinct wavelengths,
resulting in a tri-peak spectrum. As the number of conjugated double bonds
in a carotenoid increases, the wavelength of maximum absorption (Amax)
shifts toward longer values (Rodriguez-Amaya & Kimura, 2004). Individual
standard curves, such as those for B-carotene, are typically employed to
quantify the total carotenoid content in a sample (Paper I).
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6. Conclusions and future perspectives

Oleaginous yeasts possess a remarkable capacity to produce and accumulate
triacylglycerides (TAGs), to levels exceeding 20% of their dry cell weight.
Microbial lipids closely resemble vegetable oils, so these yeasts have
significant potential for biodiesel production from their TAGs but also for
creating substitutes for cocoa butter and generating polyunsaturated fatty
acids (PUFAs), with applications in both nutrition and medicine. Yeast oil
may also find uses as a substitute for vegetable oil in production of animal
feed and fish feed. Oleaginous Rhodotorula yeasts are various shades of
orange, red and pink in colour, due to the presence of diverse carotenoids.
These carotenoids are important as valuable bioproducts in the nutraceutical
and food industries. Oleaginous yeasts offer several additional advantages
over alternative oil sources, including ease of cultivation, rapid growth rate
and the ability to thrive on low-cost carbon sources.

To unlock the biotechnological capabilities of oleaginous yeasts for lipid and
carotenoid production, highly efficient extraction methods are needed.
Optimisation of the extraction process is essential to ensure maximum yield
and purity of lipids and carotenoids. This involves careful selection of
appropriate solvents, extraction techniques and conditions that can
effectively break down the cell structure of the yeasts to release the desired
compounds. The extraction method used must also be designed to minimise
losses and preserve the quality of lipids and carotenoids.

This thesis provided valuable new insights into how different extraction
techniques affect the composition of lipids and carotenoids extracted from
the oleaginous yeast species Rhodotorula toruloides. An investigation into
the growth kinetics of R. foruloides strain CBS 14 revealed a correlation
between yeast growth stage and the relative quantities of different lipid
fractions, individual lipid classes and their fatty acid composition. A positive
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correlation between accumulation of lipids and production of carotenoids
was observed, suggesting that these metabolic pathways, which use the same
precursor, do not affect each other. Further analyses revealed a substantial
impact of saponification on the concentrations of carotenoids, particularly
torulene and torularhodin. This highlights the need to develop an extraction
method that can quantify carotenoids from yeasts more accurately without
the need for a saponification step. Tests on the supercritical carbon dioxide
(SC-CO,) method, as an alternative to conventional extraction, revealed that
lipids were extracted before carotenoids, eliminating the need for
saponification. The findings also highlighted the SC-CO; method's
effectiveness in maintaining the integrity of unsaturated lipids and the
abundance of carotenoids, leading to the generation of high-quality extracts.
Further research is needed to refine and optimise the SC-CO; extraction
method in order to improve efficiency, reduce energy consumption and make
the process more cost-effective.

Analyses of the lipid and carotenoid profiles of the three main R. toruloides
strains revealed similar fatty acid profile in all strains. The results also
revealed that the hybrid strain R. foruloides CBS 6016" predominantly
exhibited genetic traits governing carotenoid profile from one of its parental
strains (CBS 14), but not the other (CBS 349). These findings strongly
indicate that CBS 6016 primarily acquired and expresses the genetic
characteristics associated with CBS 14, suggesting a dominant influence of
this specific parental strain.

Future research should explore the possibility of genetically engineering
oleaginous yeasts to simultaneously produce a broader spectrum of valuable
compounds, alongside lipids and carotenoids, and thus diversify the range of
bioproducts derived from these yeasts. Parallel scrutiny of the regulatory
conditions and market dynamics pertaining to products derived from
oleaginous yeasts, such as biodiesel, would ensure that this research aligns
seamlessly with industry standards and complies with relevant regulations.
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Popular science summary

Oleaginous yeasts, these small but incredible microbes, are silently leading
a remarkable transformation in sustainable food production and
environmental protection. They possess a unique talent for prolific
production of lipids and carotenoids, while their ability to thrive on low-cost
carbon sources makes them environmentally friendly. What truly sets them
apart is their role in closing the sustainability loop. Through fermentation of
pre-treated lignocellulose hydrolysate, oleaginous yeasts transform
seemingly useless biomass into valuable food components such as oils and
carotenoids. Once these valuable compounds have been extracted, the
fermentation residues have a new purpose as a source of nitrogen fertiliser,
completing a virtuous cycle as in figure 1.

Lipid and carotenoid production by oleaginous yeasts is quite remarkable.
These microorganisms efficiently convert carbon sources into lipids,
primarily triglycerides, which can serve as a basis for sustainable food
production and biofuels. They are also prolific carotenoid producers,
contributing to the vibrant colours and nutritional value of various processed
foods. Extraction methods involving solvents and mechanical processes are
currently employed to harvest these valuable compounds, but scientists are
constantly working to improve extraction methods in order to make them
function more efficiently and create less waste.

One of the key advances in this thesis was the development of a superior
extraction method, called supercritical carbon dioxide (SC-CO,), for
isolating lipids and carotenoids from the oleaginous yeast species
Rhodotorula  toruloides. Tests showed that SC-CO, outperformed
conventional extraction methods. This finding has the potential to
revolutionise extraction of these precious compounds, making the process
more efficient and environmentally friendly. Further investigations revealed
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a hidden challenge in carotenoid quantification by showing that the
saponification process, a crucial step for separating lipids from carotenoids
before measuring their content, can actually have an adverse effect on
carotenoid levels. This unexpected finding indicates a need to re-think and
improve existing extraction methods, which generally involve a
saponification step.

Another part of the research in this thesis was to analyse different strains of
Rhodotorula toruloides, with particular focus on the hybrid strain CBS 6016.
Surprisingly, the results showed that this hybrid strain predominantly inherits
genetic traits from one parent (CBS 14) and not the other (CBS 349). This
insight could assist in future genetic engineering efforts aimed at boosting
compound yields from strains of Rhodotorula toruloides.
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Popularvetenskaplig sammanfattning

Oljeackumulerande jastsvampar, eller oleagindsa jastsvampar som dessa
ocksa kallas for, 4r sma men otroligt fascinerande mikroorganismer. Dessa
oljeackumulerande jastsvampar ér i dag inblandade i forskning som har som
mal ett hallbart och miljovanligt livsmedelsproduktionssystem. Négra av
dessa svampar, t.ex. jasten Rhodotorula toruloides, har en unik formaga till
relativt stor produktion av béde lipider och karotenoider. R. foruloides och
andra oljeackumulerande jdstsvampar har ocksé en unik formaga att trivas
och vixa pa lagkostnadskolhydratkéllor, som ofta dr restprodukter inom skog
och jordbruksproduktion. Denna féormégan ger oss nya verktyg for att sluta
de ekologiska kretsloppen inom bioteknologiska processystem pa ett bra stt.
Genom odling pa av pa olika sétt forbehandlad lignocellulosahydrolysat
omvandlar oljeackumulerande jastsvampar l4gvirdig biomassa i naturen,
eller restprodukter inom olika typer av skogs eller jordbruksindustri, till
viardefulla foreningar. Men det slutar inte dir — den Overblivna
jéstbiomassan, ndr de huvudsakliga produkterna har extraherats fran
svampen, kan fa ytterligare en anvandning som en kvavekélla vid produktion
av biogddselmedel, som pa ett bra sitt sluter det kretslopp som tidigare har
visats i figur 1.

Jastlipiderna kan exempelvis anvindas som fornyelsebar ravara inom livs-
och fodermedelsproduktion eller produktion av biobrdnslen. Karotenoider ar
antioxidanter och kan ha héilsofrdmjande effekt i livsmedel eller kosmetika
och kan anvindas som fargimne. For att ta fram lipider och karotenoider fran
jastsvamparna anvinds i dag extraktionsmetoder som ofta involverar
organiska losningsmedel samt mekaniska processer. Forskare forsdker hela
tiden forbéttra dessa extraktionsmetoder for att f4 dem att fungera béttre och
producera mindre avfall och ddrmed orsaka mindre miljopaverkan.
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En av de viktigare upptickterna som presenteras i denna avhandling &r att en
extraktionsmetod kallad superkritisk koldioxidextraktion (SC-CO,) é&r
fordelaktig jamfort med extraktionsmetoder med organiska 16sningsmedel
for att extrahera lipider och karotenoider fran oleagindsa jéstsvampar.
Speciellt dr det sd att det 4r nu battre mojlig att separera lipider och
karotenoider och att ométtade fettsyror dr skyddat mot oxidering. Denna
upptackt har en potential att kunna revolutionera hur vi i framtiden extraherar
lipider och karotenoider pa och ddrmed gor dessa extraktionsprocesser mer
effektiva och miljovénliga. Etablering av SC-CO;-metoden &r ocksé viktigt
for karotenoidkvantifiering. Om lipider ko-extraheras, s& méste man ta bort
fetterna, for att de kan skada de vanligaste analysequipment. Fetterna tas bort
med saponifiering, eller fortvalningsprocess som det ocksa kallas. Denna
fortvalningsprocess har visat sig kan ha en stor paverkan pa
karotenoidnivderna sjdlva. Denna ovantade upptiackt som vi har gjort visar
pa att det finns ett stort behov av att omprova och forbéttra véra 1 dag
befintliga lipid- och karotenoid- extraktions- och analysmetoder.

Inom ramen for detta avhandlingsarbete har vi dven karaktdriserat olika
stammar av den oljeackumulerande jastsvampen Rhodotorula toruloides,
med ett sérskilt fokus pa en hybridstam av denna svamp som kallas CBS
6016. Det som forvanade oss mest nér vi har undersokt denna hybridstam ar
att den verkar ha drvt mer genetiska egenskaper frén den en av sina tva
fordldrastammar, CBS 14, dn fran den andra, CBS 349. Denna insikt kan
Oppna dorrar i framtiden for ett genetiskt ingenjorsarbete som syftar till att
Oka forekomsten av viktiga och vérdefulla kemiska foreningar i dessa
jéstsvampar.
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Abstract: Production of carotenoids and lipids by Rhodotorula toruloides CBS 14 cultivated on wheat
straw hydrolysate was investigated. An ultra-high-performance liquid chromatography (UHPLC)
method for carotenoid quantification was developed and validated. Saponification effects on indi-
vidual carotenoid quantification were identified, and lipid and carotenoid kinetics during cultiva-
tion were determined. The carotenoids (3-carotene, y-carotene, torularhodin, and torulene were
identified; B-carotene was the major carotenoid, reaching a maximum of 1.48 mg/100 g dry weight.
Recoveries of the carotenoids were between 66 and 76%, except torulene and torularhodin, which
had lower recoveries due to saponification effects. Total carotenoid content in saponified and unsa-
ponified yeast extract, respectively, determined by UHPLC or photometer, respectively, was 1.99
mg/100 g and 4.02 mg B-EQ/100 g dry weight. Growth kinetics showed a positive correlation be-
tween carotenoid content and lipid accumulation. $-carotene was the major carotenoid at all time
points. At the end of the cultivation, triacylglycerols (TAGs) were the major lipid class, with 58.1 +
3.32% of total lipids. There was also a high proportion of free fatty acids, reaching from 20.5 to 41.8%
of total lipids. Oleic acid (C18:1) was the major fatty acid. The lipid yield at the end of the cultivation
was 0.13 g/g of sugar consumed.

Keywords: Rhodotorula toruloides CBS 14; carotenoids; spectrophotometer; UHPLC-PDA analysis;
saponification effect; lipids; gas chromatography; kinetic study

1. Introduction

Oleaginous yeasts have the ability to accumulate lipids to more than 20% of their
total dry biomass weight [1]. The lipids produced are referred to as single-cell oil (SCO)
and are dominated by triacylglycerols (TAGs). The oil mainly includes oleic (18:1), linoleic
(18:2), palmitic (16:0), and palmitoleic (16:1) acids [2]. This fatty acid profile is comparable
to that of vegetable oils such as palm or sunflower oil [3]. Thus, microbial oil has the po-
tential to be utilized in similar applications as vegetable oil, e.g., the production of bio-
diesel [4,5], or the production of pharmaceuticals and cosmetics, as well as in the nutri-
tional sector [6,7].

Fermentation 2022, 8, 300. https://doi.org/10.3390/fermentation8070300

www.mdpi.com/journal/fermentation



Fermentation 2022, 8, 300

2 of 16

In oleaginous yeasts, lipid synthesis and storage are initiated at a surplus of carbon
sources coupled with the limitation of nutrients such as nitrogen, sulfur, etc. [8]. Most of
the formed lipids are TAGs, which are synthesized via the Kennedy pathway [9,10].

Carotenoids are a group of natural pigments synthesized by plants and microbes.
They are tetraterpenoids, which are composed of eight isoprenoid units joined together in
a polyene chain [11] and belong to the class of organic, lipid-soluble compounds. They
exhibit natural antioxidant properties and are important components for the pharmaceu-
tical, chemical, food, and feed industries [12]. These commercially important pigments are
produced naturally by a variety of yeasts, including those belonging to the genus
Rhodotorula. Therefore, these microorganisms have been regarded as potential pigment
sources [13]. The basidiomycetous yeast genus Rhodotorula comprises a variety of oleagi-
nous, pigmented species that can be cultivated efficiently on low-cost carbon sources such
as lignocellulose [14-16].

In Rhodotorula species, carotenoids are synthesized via biosynthetic pathways that
include the mevalonate pathway, isoprene biosynthesis, and the carotenogenic pathway.
The proportion of each carotenoid produced depends on the strain and culture conditions
[17,18].

The major carotenoid pigments in Rhodotorula species are y-carotene, [>-carotene,
torularhodin, and torulene [19]. Perrier et al. [19] showed that the amounts of torulene
and torularhodin pigments produced in Rhodotorula species vary by strain.

For identification and quantification of the carotenoids produced in specific
Rhodotorula species, an accurate analytical method is required. Usually, a spectrophoto-
metric technique, based on a standard curve with different concentrations of one individ-
ual carotenoid, is used to identify the total carotenoid content. In one study, torulene and
torularhodin were quantified based on a [3-carotene standard curve and related to the spe-
cific pigment extinction coefficients [20]. In another study, torulene was prepared as a
crude pigment, isolated and purified from a torulene-producing yeast, and used as a
standard for quantification in yeast samples [21]. Apart from these methods, due to una-
vailability of commercial standards, other methods such as thin-layer chromatography,
liquid chromatography coupled with atmospheric pressure chemical ionization mass
spectrometry (LC-APCI-MS), and flow cytometry have been used for separation and iden-
tification of torulene and torularhodin in yeast samples [19,22,23].

Carotenoid extraction is one of the most crucial steps in a successful analytical pro-
cedure when determining carotenoid production by yeasts. The classical acetone extrac-
tion of carotenoids from yeast samples includes freeze-drying, homogenization, centrifu-
gation, heating, and saponification. Applying these pretreatment steps to yeast samples
allows preconcentration of all carotenoids in the final extract [24]. The main purpose of
adopting an extraction procedure for analyzing a multicomponent carotenoid composi-
tion in a sample is to obtain the highest possible recovery of a broad range of analytes.
Among the different steps of carotenoid extraction, saponification of the coextracted lipids
is often considered an essential step prior to quantification [25]. Previously, the effect of
saponification on the total carotenoid content obtained from plant-derived sources has
been studied [26], but there is a lack of information about the extent of the saponification
effect on individual carotenoids produced by yeasts.

Currently, most of the commercially available carotenoids are chemically synthe-
sized. However, in modern society, the growing interest in “natural” ingredients among
consumers and their increased concern about synthetic pigments and their detrimental
effects on health and the environment has reawakened interest in the use of natural col-
orants [27]. In this context, yeast-based carotenoids may be used to replace chemically
synthesized carotenoids. Costs of production may be reduced by using improved strains
and inexpensive (often byproduct) carbon and nitrogen sources in culture media [28].

Rhodotorula strains have the potential to play an important role in the production of
SCOs, which have been proven to be a highly interesting class of biotechnological prod-
ucts ranging from bulk chemicals to high-value products [29].
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This study aimed to monitor the formation of carotenoids and lipids in R. toruloides
CBS 14, grown on wheat straw hydrolysate. To reach this aim, we developed a UHPLC-
based quantification method for carotenoids, using commercial standards, and character-
ized the effect of saponification on individual carotenoids. Our results show dynamic
changes in carotenoid and lipid composition during the course of cultivation.

2. Materials and Methods
2.1. Hydrolysate Preparation

Lignocellulose hydrolysate was prepared at the Department of Chemical Engineer-
ing, Lund University, Sweden, as described previously [6,30], i.e., in brief, the acid-soaked
(1% acetic acid) biomass was steam exploded at 190 °C for 10 min in a 10 L steam pretreat-
ment reactor. The liquid fraction was further separated from the solid fraction, and the
latter was enzymatically hydrolyzed using a mixture of enzymes that includes cellulases,
exoglucanases, 3-glucosidases, and hemicellulases at 45 °C and pH 4.8.

2.2. Rhodotorula toruloides Cultivation
2.2.1. Inoculum Preparation

R. toruloides CBS 14 was obtained from the Westerdijk Fungal Biodiversity Institute,
Utrecht, the Netherlands. Cells were stored in frozen stocks at —80 °C. R. toruloides CBS 14
inoculum was prepared as described before by Shapaval et al. [2], with slight modifica-
tions. For bioreactor cultivations, cells from YPD-agar plates (glucose 20 g/L, peptone 20
g/L, yeast extract 10 g/L, agar 15 g/L) were inoculated into 300 mL of YPD (glucose 20 g/L,
peptone 20 g/L, yeast extract 10 g/L) in a 3 L Erlenmeyer flask and incubated at 25 °C for
48-72 h at 150 rpm. The cells were harvested by centrifugation (4000 g, 10 min), washed
twice with sterile saline solution (NaCl, 9 g/L), resuspended in saline, and inoculated into
the fermenters. Similarly, for shake-flask cultivations, 50 mL of preculture was prepared
in 250 mL Erlenmeyer flasks, and the cells were washed, resuspended in saline, and inoc-
ulated into the shake-flask cultivation.

2.2.2. Fermentation Experiments

Shake-flask cultures were performed in 250 mL sterile baffle shake flasks with 50 mL
of growth medium. The bioreactor cultures were run in Minifors 2, Bench-Top bioreactors
(INFORS HT, Switzerland, working volume 2 L) with 1.5 L of growth medium. The
growth medium in both the cultures included filter-sterilized lignocellulose hydrolysate
and filter-sterilized 10x YNB (yeast nitrogen base) solution without amino acids and am-
monium sulfate mixed with (NHai):S0s 20 g/L, KH2POs 70 g/L, NaH2POs: 20 g/L,
MgS04.7H20 15 g/L, and yeast extract 10 g/L [31]. The cultures were inoculated with cells
prepared as described above (Section 2.2.1). The shake-flask cultures were incubated at 25
°C for 4 days at 150 rpm, with an initial pH set to 6.0. After cultivation, the cells were
washed with Milli-Q water, harvested, freeze-dried, and stored at —20 °C until carotenoid
extraction.

In bioreactors, the pH was adjusted to 6.0 and automatically controlled by addition
of NaOH (5M) or HsPOs (3M). The aeration was initially set to 0.7 L/min, and during the
experiment, it was increased up to 1 L/min. Dissolved oxygen tension (pO2) was set to
20% and was maintained by changing the stirring speed. A 1 mL volume of polypropylene
glycol 2000 (Alfa Aesar, Karlsruhe, Germany) was added to minimize foaming. Immedi-
ately after the inoculation, 100 mL of culture broth was collected from each fermenter, and
similarly, for the next 4 days, samples were collected every 24 h and then harvested (4000
g, 10 min), washed, freeze-dried, and stored at 20 °C until lipid and carotenoid extraction.
At each time point, samples were collected for determining optical density, cell dry
weight, and sugar content.

2.3. Analytical Techniques
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2.3.1. Optical Density (ODeoo)

The optical density of the culture broth at each time point was monitored using a
Biochrom WPA CO8000 cell density meter (UK) at a wavelength of 600 nm with distilled
water as a blank.

2.3.2. Cell Dry Weight Determination

For dry weight determination, 2 mL of the broth culture was centrifuged at 15,000 g
for 2 min. The cell pellets were washed thrice with deionized water and transferred onto
a preweighed aluminum plate, which was then dried at 105 °C for 24 h, followed by
weight measurement. All samples were analyzed in triplicate.

2.3.3. Sugars and Acetic acid Analysis

From the supernatant preserved after cell harvesting, the sugar and acetic acid con-
tent was measured as described by Brandenburg et al. [30]. A 1 mL volume of the super-
natant was filtered using a sterile syringe filter with 0.2 um polyether sulfone membrane
(VWR International, Europe) and analyzed for sugars (glucose and xylose) and acetic acid
in an Agilent Technologies high-performance liquid chromatography (HPLC) (California,
United States), 1100 Series system containing refraction index detector, and a Rezex-ROA-
Organic Acid H + 300 x 7.80 mm column (Skandinaviska Genetec AB). The column was
eluted at 60 °C with 5 mM sulfuric acid at a flow rate of 0.6 mL/min.

2.3.4. Lipid Extraction

Lipids were extracted by using a modified Folch method [32]. Freeze-dried cells (100
mg) were soaked in 2 mL of 1 M HCl for 15 min in a glass tube and then heated at 75 °C
for 1 h on a heating block. The mixture was then transferred to a separation funnel, and 2
mL of 0.8% KCl was added, followed by 6 mL of Folch solution (chloroform-methanol,
2:1 v/v). The mixture in the funnel was thoroughly mixed and then left to stand for 15 min
to facilitate phase separation. The lower lipid phase was collected into a preweighed glass
tube. Subsequently, 4 mL of chloroform was added into the funnel, mixed well with the
remaining phase, and left to stand until phase separation occurred. Then, the lower lipid
phase was again transferred to the same glass tube. The extraction with chloroform was
repeated until a clear lipid phase was obtained. Finally, the tube with the lipid phase was
dried under nitrogen to evaporate the chloroform. The tube containing lipids was
weighed. The dried lipid samples were resuspended in 1 mL of hexane and stored at —20
°C until methylation.

2.3.5. Fatty Acid Profile

The extracted lipid samples were methylated, and the resulting fatty acid methyl es-
ters (FAME) were analyzed using a gas chromatography (GC) system. The methylation
was carried out using the procedure with boron trifluoride reagent described by Appel-
qvist [33]. Briefly, 0.5 mL of the extracted lipid in hexane (with 2 mg/mL concentration)
was mixed with 2 mL of dry methanol in a new glass tube, which was then incubated at
60 °C for 10 min. Then, 3 mL of boron trifluoride reagent was added. After thorough mix-
ing, the tube was incubated for another 10 min at 60 °C. The mixture was then cooled to
room temperature, and subsequently, 2 mL of 20% NaCl and 2 mL of hexane were added,
and the mixture was vortexed well and then left to stand to facilitate phase separation.

The upper hexane phase with the FAME was transferred into a new glass tube. A 10
UL volume of the sample was used to check for complete derivatization to FAME on a
thin-layer chromatography (TLC) silica-coated plate. Finally, the fatty acids were ana-
lyzed in a GC system (CP-3800, CTC Analytics AG, Switzerland) equipped with a flame
ionization detector and a split injector and fitted with a 50 m long x 22 mm i.d., 0.25 um
film thickness, BPX 70 fused-silica capillary column. The GC was programmed to start at
158 °C, with temperature increasing at a rate of 2 °C min! until 220 °C and a final constant
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time of 13 min at 220 °C. The peaks were identified by comparing their retention times
with those of the standard mixture GLC-68D (Nu-Chek Prep, Elysian, MN, USA) and
other authentic standards. The response factors were also evaluated by comparison with
the GLC-68D standard.

2.3.6. Lipid Profile Analysis

Lipid classes were analyzed using the method of Olsen and Henderson [34] with
some modifications. The extracted lipid samples were diluted to a concentration of 1 g/L
in hexane and were separated by TLC. In brief, 5 uL of each sample was applied in 2 mm
bands with a CAMAG TLC Sampler ATS4 (CAMAG, Switzerland) on a TLC plate (pre-
coated with silica gel TLC plates, 20 x 10 cm; Silicagel 60; 0.20 mm layer, Merck, Darm-
stadt, Germany). All samples were applied in duplicate.

Separation of the lipid classes was carried out using hexane-diethyl ether—acetic acid
(85:15:2; v/v/v) as the mobile phase ina CAMAG Automatic Developing Chamber 2 (ADC
2) (CAMAG, Switzerland). After separation, the TLC plates were dipped into a solution
of 3% cupric acetate in 8% phosphoric acid and incubated for 20 min at 120 °C. Quantita-
tive analysis was performed with a CAMAG TLC Scanner 3 (Camag, Switzerland). The
scanning was performed at a speed of 20 mm/s and a data resolution of 100 pm/step, with
a slit dimension of 6.00 x 0.45 mm at a wavelength of 350 nm. Finally, the separated lipid
classes were identified by comparing with external standards (TLC 18-4A, Nu-Chek Prep,
Elysian, USA; Ergosterol, PHR1512, Sigma-Aldrich, Sweden). VisionCATS Ultimate soft-
ware was used for data analysis using Savitsky-Golay 7 mode. Manual baseline and peak
correction were used if necessary.

2.4. Carotenoid Extraction

The extraction procedure was carried out in dark conditions to minimize carotenoid
degradation. All the chemicals for extraction were obtained from Sigma-Aldrich (Europe).
Freeze-dried cells (100 mg) were disrupted using a French press (Constant Systems LTD,
Daventry, UK) at 276 mPa after addition of 45 mL of ultrapure water to the freeze-dried
cells. An acetone extraction method was applied to extract carotenoids from yeast as de-
scribed by Reif et al. [35], with minor modifications. Briefly, 4.5 mL of French-pressed
yeast biomass (10 mg dry weight) was transferred to a glass tube containing 2 mL of ace-
tone. This mixture was vortexed for 10 s and centrifuged at 450 g for 10 min. The upper
phase was collected into a Teflon tube, and the extraction procedure with acetone for the
lower phase in the glass tube was repeated until the supernatant was clear. For the final
acetone extraction step, cyclohexane was added to the collected upper acetone phase in
the Teflon tube (v/v, 1:1), which was vortexed for 10 s and centrifuged at 1890 g for 5 min.
The upper acetone phase from the Teflon tube was then transferred into a new glass tube.
This final extraction with acetone and cyclohexane was repeated until the supernatant in
the Teflon tube was clear. At the end of extraction, the acetone collected in the new glass
tube was evaporated under nitrogen and the remaining carotenoid extract was subjected
to saponification.

A saponification step was applied to remove lipids from the extracts, which may in-
terfere with the UHPLC analysis. For this, 2 mL of ethanol (96%), 1.2 mL of butylated
hydroxytoluene (BHT, 0.2 mg/mL in methanol), 0.6 mL of methanol, and 1.2 mL of meth-
anolic potassium hydroxide (2M KOH, in methanol) were added to the carotenoid extract.
Saponification was performed at 56 °C for 20 min. After saponification, 3 mL of hexane
was added at room temperature, and the sample was vortexed for 10 s and centrifuged at
700 g for 10 min. The upper phase was transferred to a new tube, and the remaining sol-
vent was evaporated under nitrogen. Final extracts were diluted with methanol-acetone
(1:1, v/v).

2.5. Total Carotenoid Quantification Using Spectrophotometry



Fermentation 2022, 8, 300

6 of 16

Total carotenoid content in the yeast extracts was measured using the method de-
scribed by Davey et al. [36]. A six-point 3-carotene calibration curve was used to deter-
mine the total carotenoid content. For this, six standard solutions with different concen-
trations of 3-carotene (0.25, 0.5, 0.75, 1.0, 1.5, and 2.0 ug/mL) were prepared using hexane
as solvent. The absorbances of unsaponified and saponified standard samples of -caro-
tene were measured in a 1 cm cuvette at 450 nm using a Shimadzu UV-1800 spectropho-
tometer (Shimadzu, Kyoto, Japan) and calibrated against the blank containing only hex-
ane. The total carotenoid content was expressed as mg of 3-carotene equivalent (3-EQ)/100
g of dried yeast weight.

The molar extinction coefficient (¢max) for the 3-carotene absorbance at 450 nm was
calculated as follows:

emax = A/CL 1

where ‘A’ is the absorbance of B-carotene at maximum wavelength (Amax), ‘C’ is concen-
tration of B-carotene, and ‘L’ is the width of the cuvette (1 cm) [37].

2.6. Carotenoid Identification and Quantification Using UHPLC-PDA

The analysis was carried out using a Shimadzu UHPLC-Nexera instrument (Kyoto,
Japan) equipped with an autosampler (SIL-20AC) and quaternary pumps (LC-20AD). The
equipment included a column oven (CTO-20AC) and a PDA detector (Shimadzu, model
SPD-M20A) connected in series. LabSolutions software was used to control the instru-
ments, data acquisition, and processing. The UV-visible spectra were acquired between
250 and 600 nm, and the peaks of [3-carotene and torularhodin were acquired at 450 nm,
y-carotene at 462 nm, and torulene at 478 nm, respectively.

2.6.1. Chromatographic Method Conditions

Carotenoid separation was performed using an analytical RP C18 Kinetex 100 A col-
umn (100 mm length, 4.6 mm internal diameter, 2.6 um particle size; Phenomenex) and
binary gradient system with the mobile phases A, consisting of acetonitrile-methanol (7:3,
v/v), and B, consisting of ultrapure water with 0.1% formic acid. The gradient was set as
follows: 0-3 min 60% B; 3-7 min 100% B; 7-30 min 100% B, and 30-35 min 60% B. The flow
rate was 0.3 mL/min, the column temperature was 40 °C, and the sample volume was 20

ul.

2.6.2. Instrument Performance

The performance of the chromatographic method was assessed with regard to its lin-
earity, limit of detection (LOD), limit of quantification (LOQ), precision, recovery, and
matrix effect. Four analytes were quantified using a twelve-point calibration curve. The
analytical standards of (3- and y-carotenes used for the analysis were purchased from
Sigma-Aldrich (Sweden), whereas torularhodin and torulene were purchased from
CaroteNature (Switzerland). The concentration range used was 20-0.05 pg/mL for torular-
hodin, 140-0.1 pg/mL for torulene, 12.5-0.001 pg/mL for B-carotene, and 50-0.005 ug/mL
for y-carotene. Analytical standards were used for preparation of standard mixtures to
determine the linear range of the tested carotenoid. For all carotenoids, the analyzed con-
centration range covered four orders of magnitude, from ng/mL to ug/mL, which corre-
sponds to the carotenoid content in the samples.

All analyses were performed in triplicate. Precision was calculated as the relative
standard deviation (RSD) of the replicates. For evaluation of the matrix effects on the sig-
nals of the target analytes, the response factors delivered from the calibration curve were
compared to the matrix-matched standard response. Matrix-matched standard was pre-
pared from the sample extract by spiking with the standards of the carotenoids at concen-
tration levels of 2 ug/mL torularhodin, 36 pg/mL torulene, 1.7 ug/mL B-carotene, and 25.5
ug/mL vy-carotene. The relative recoveries of four carotenoids were obtained by
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preparation of fortified samples containing 1 ug/mL torularhodin, 0.2 pg/mL torulene, 5
pg/mL (-carotene, and 10 ug/mL y-carotene. All the samples were extracted as per the
procedure stated in Section 2.4.

Quality control samples were analyzed before and after each quantification run at
three different concentrations along with procedural blanks to monitor the method and
instrumental performance and to check for contamination of the equipment.

The LOD and LOQ were determined based on the residual standard deviation of
calibration curve:

LOD =3.3 x (s/b) )

LOQ=10 x (s/b) 6)

where ‘s’ is the residual standard deviation of the calibration line in the LOD region, and
‘b’ is the slope of the calibration curve [38].

2.7. Effect of Saponification on Total Carotenoids

To analyze the effect of saponification on carotenoids, individual carotenoid stand-
ards were subjected to extraction procedures similar to that of sample extraction described
earlier (see Section 2.4). To compare the saponification effect, all extractions were made in
triplicate with and without including the saponification step. These samples were ana-
lyzed by UHPLC-PDA, using the same chromatographic conditions as described above
(Section 2.6.1).

2.8. Statistical Analysis

The statistical analysis was performed using R (v. 1.2.5001, 2009-2019 RStudio, Inc.,
Boston, MA, USA) software package. The data are expressed as the mean + standard de-
viation. Total carotenoid content was compared and evaluated using one-way analysis of
variance (ANOVA), followed by the Tukey test for pairwise comparisons among experi-
mental conditions. The results were considered statistically significant at p < 0.05.

3. Results
3.1. Establishing Carotenoid Analysis Method
3.1.1. Characterization of Calibration Curves of the Two Carotenoid Analysis Methods

Linear regression characteristics of carotenoid standard curves, as measured by
UHPLC and spectrophotometer methods, are presented in Table 1.

Determination of the carotenoid content using UHPLC-PDA: Carotenoids were
eluted as governed by their retention factors and the hydrophobicity of the stationary
phase [39]. Accordingly, torularhodin appeared first in the chromatogram, followed by
torulene, y-carotene, and p-carotene. An unknown peak was identified at a retention time
of 28.89 min. We have currently no explanation as to which compound this peak could
represent; this is a topic for future investigation. The coefficient of linearity (R2) of the
calibration curve was found to be more than 0.99 for all identified carotenoids. The repeat-
ability of the proposed method was performed at one concentration level with satisfactory
relative standard deviation (RSD) for all carotenoids. RSD ranged from 2 to 15%. The de-
veloped method shows that LOD and LOQ for each respective carotenoid differed by two
orders of magnitude; they were in the range of 0.26-14.5 ng/mL for LOD and 0.72-44.1
ng/mL for LOQ (Table 1).
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Table 1. Characterization of carotenoid standard curves for UHPLC-PDA and spectrophotometric
methods.

Carotenoid RT' Ana, Slope Intercept R2 R§D’ LoD, LOQ,
min  nm %  ng/mL ng/mL
UHPLC-PDA-method
Torularhodin 1641 450 400.01 64556 0.999 2 0.97 2.95
(E/Z) -Torulene 2349 478 223.29 177705 0.999 15 14.5 44.1
B-carotene 32.16 450 23314 877044 0.993 12 0.26 0.72
Yy-carotene 25.75 462 216.81 92861 0.999 14 6.86 20.8
Spectrophotometric method
B-carotene - 450 1.23 0.03 0999 nd n.d n.d
Abbreviations: RT—retention time; RSD —relative standard deviation; LOD —limit of detection;
LOQ—limit of quantification; n.d —not determined.

Determination of the carotenoid content using spectrophotometric method: The de-
termined absorbance of the {3-carotene standard was linear between 0.25 and 2 mg/mL.
With a calibration curve slope of 1.234, the molar extinction coefficient was 126,833
mM-'cm™ at 450 nm, which is similar to the values determined by Biehler et al. [37].

3.1.2. Relative Recovery and Matrix Effect

The relative recovery in saponified samples was detected in procedural blanks. The
blanks were prepared and extracted in the same way as the samples. The relative recovery
rates were obtained for four carotenoid compounds (Table 2). The highest recovery rate
was found for y-carotene (76%), followed by 3-carotene. Torularhodin was only recovered
to 4%, whereas torulene was below the limit of quantification.

The change in the ionization efficiency of target analytes in the presence of coeluting
compounds in the same matrix often leads to a matrix effect. This might lead to either loss
in response (ion suppression) or an increase in response (ion enhancement), which would
in turn affect the analytical performance of a method [40]. The results of the evaluation of
these matrix effects in our yeast sample are summarized in Table 2. The lowest matrix
effect was observed for y-carotene (12%), followed by torularhodin (18%) and B-carotene
(31%) from R. toruloides yeast extracts. The matrix effect could not be determined for
torulene since its concentration was below the LOQ.

Table 2. Evaluation of relative recovery and matrix effect in saponified samples as a percentage of
compounds quantified based on response factors from calibration curves or matrix-matched stand-
ards (n = 3). Data are presented as mean + standard deviation.

Carotenoids Relative Recovery, % Matrix Effect, %
Torularhodin 4.2 +0.04 -18+0.15
(E/Z) -Torulene <LOQ n.a.
B-carotene 65 +0.04 -31+0.16
y-carotene 72 +0.06 12 +0.07

Abbreviations: LOQ—limit of quantification; n.a. —not applicable.

3.1.3. Saponification Effect

To evaluate the effect of saponification on carotenoids, we performed additional
analyses with individual carotenoid standards. Torulene was excluded from analysis, as
it was below the LOQ, which is most likely attributed to the saponification effect. As
demonstrated in Figure 1, saponification reduced the concentrations of 3-carotene and -
carotene by 14% and 7%, respectively.
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Figure 1. Effect of saponification on the carotenoids tested by UHPLC-PDA, n = 3. Data presented
as percent of control values (mean + standard deviation). The dashed line represents the levels of
carotenoids in unsaponified samples.

Torularhodin was below LOQ after saponification. The results of this study show
that quantification of torularhodin and torulene are affected considerably by saponifica-
tion and the yeast matrix. This effect of saponification on individual carotenoids produced
by R. toruloides has not been studied before. A previous report on carotenoids in broccoli
suggests that saponification with 30% methanolic KOH at room temperature for 3 h under
nitrogen atmosphere reduces p-carotene and 15,15’-cis-B-carotene by 6% and 17-84%, re-
spectively [41]. Additionally, Nierenberg and Nann [42] reported a significant reduction
in the recoveries of five carotenoids (lutein, cryptoxanthin, lycopene, a-carotene, and f3-
carotene) in human tissues when saponified using 5% methanolic KOH. In addition, Ki-
mura et al. [43] also observed that even with mild saponification using 10% KOH, lutein,
zeaxanthin, and violaxanthin degraded significantly in tomato, kale, and papaya samples.
Lietz and Henry [44] also reported significant losses of a-carotene (19%), B-carotene (28%),
and a-tocopherol (18%), as well as isomerization of a-carotene and 3-carotene in a stand-
ard mixture during HPLC analysis of red palm oil after the saponification of the extract.
Our report demonstrates for the first time that saponification has a similar effect on yeast
carotenoids.

3.1.4. Carotenoid Content in R. toruloides

Total carotenoid content in R. toruloides was quantified using two methods, spectro-
photometry and UHPLC-PDA (Table 3). Only saponified samples were analyzed by
UHPLC-PDA to avoid unwanted interference of the lipids with the analytical column,
whereas saponified and unsaponified extracts were analyzed by the spectrophotometric
method. The total carotenoid content in saponified extracts measured by the two methods
did not differ significantly (p = 0.23), and similarly, there was no significant difference
observed between the total carotenoid content in saponified and unsaponified extracts
from spectrophotometer results (p = 0.11). The spectrophotometric method showed a
much higher standard deviation than chromatography, and this could probably be due to
the presence of several compounds in the sample mixture that affect total absorbance. The
accuracy of the spectrophotometric method is poor in sample mixtures with different ca-
rotenoids because absorbance is measured only at 450 nm, which is equivalent to beta
carotene absorbance [45]. A significant difference in total carotenoid content was observed
only comparing saponified (UHPLC-PDA analysis) and unsaponified extracts (spectro-
photometer analysis) (p = 0.05). Our results strongly indicate that this difference was
mainly due to the saponification effect on torulene and torularhodin.
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Table 3. Quantification of individual carotenoids, averaged to total in saponified samples, as deter-
mined by UHPLC-PDA, and total carotenoids in both saponified and unsaponified samples, as de-
termined spectrophotometrically. Data are presented as mean + standard deviation (1 = 3) and dif-
ferent superscript letters represent significant differences (p < 0.05).

UHPLC-PDA Spectrophotometer ~ Spectrophotometer

Saponified Saponified Unsaponified
mg/100 gd.w. mgB-EQ/100 gd.w. mg B-EQ/100 g d.w.
Torularhodin 0.09 + 0.028 n.a. n.a.

(E/Z) -Torulene <LOQ - -
B-carotene 1.48+0.18 - -
y-carotene 0.42 +0.06 - -

Total carotenoids 1.99 +0.272 3.09+0.78 & 4.02+0.53"

Abbreviations: LOQ—limit of quantification; n.a. —not applicable; d.w.—dry weight; 3-EQ— B-car-
otene equivalent.

The total carotenoid content from R. foruloides CBS 14 was further characterized by
detecting individual carotenoids by UHPLC-PDA. Overall, three out of four identified
carotenoids were above the LOQ (Table 3). Levels of torulene were below the LOQ.
Torulene and torularhodin compounds produced by R. toruloides were identified and
quantified using their respective commercial reference standards, unlike some previous
studies, where they were quantified using either 3- or y-carotene as the reference stand-
ards [20,46].

The most abundant carotenoid observed in R. foruloides CBS 14 was p3-carotene (74%),
followed by y-carotene (21%) and torularhodin (4.5%). The total carotenoid concentration
in the saponified yeast extract was 1.99 + 0.27 mg/100 g dry weight. According to Perrier
etal. [19], B-carotene (70%) was the main carotenoid produced by 13 different Rhodotorula
strains, whereas only eight Rhodotorula strains were observed to produce torulene. The
concentration of 3-carotene varied within the yeast strains by 0.5-7.5 mg/100 g dry weight
[19,47]. Nam et al. [47] reported 3.6 mg/100 g dry weight total carotenoids in Rhodotorula
glutinis extract (excluding the concentration of torulene), which was similar to our results.

3.2. Kinetics of Carotenoid and Lipid Formation in Bioreactor Cultivation
3.2.1. Cell Growth, Cell Dry Weight, Sugar, and Lipid Content Analysis

The cell growth, biomass, sugar consumption, and lipid production of R. toruloides in
the hydrolysate media were monitored at time intervals of 24 h. Cell growth was moni-
tored by measuring the optical density (OD) and cell dry weight. There was a considerable
increase in the cell dry weight between 24 and 72 h of the growth phase (Figure 2). All the
sugars were consumed within 96 h of cultivation. Significant lipid accumulation was
mainly observed at the two last measuring time points, 72 h and 96 h, and the onset of
lipid accumulation was most probably correlated to the depletion of nitrogen from the
culture medium [48]. Moreover, between these time points, it was observed that the lipid
yield per g consumed sugar was 0.5. This is by far above the theoretical maximum, which
is 0.31 for glucose [48] and 0.34 for xylose [49]. It has been observed in other oleaginous
yeasts that they accumulate endopolysaccharides in earlier stages of the fermentation
[50,51]. It is possible that this strain was also accumulating endopolysaccharides in the
earlier stages of fermentation and that it partially converted these endopolysaccharides to
lipids towards the end of the fermentation. However, this hypothesis needs further veri-
fication. At the end of the cultivation period, the final lipid content in the yeast cells from
all three fermenters was 41 + 1%. The lipid yield was 0.13 g/g of sugar consumed.



Fermentation 2022, 8, 300

11 of 16

50 25 _
_ -
= 40 5 20 &
C S 2
& 30 T 15 &
£ 20 3 10 €
£ ? \ &
S10 o__o___(g/<o 53

0 o

0 24 48 72 96 .’E-
Time (h) =
=O—Glucose Xylose Acetic acid Biomass —O—Lipid

Figure 2. Average cell dry weight, lipid concentration, and sugar content during the fermentation
of R. toruloides.

3.2.2. Lipid Composition and Classes

During cultivation, considerable changes were observed in the fatty acid profile of
the yeast (Table 4). Oleic acid (C18:1(n-9)) was the major fatty acid. Initially, it comprised
55.8% of the total fatty acids, which decreased to 40.3% at the end of the cultivation. Pal-
mitic acid (C16:0) comprised about 13—-15% of total fatty acids until 48 h of cultivation, but
its proportion increased to more than 20% during the last two measuring points. Linoleic
acid (C18:2 (n-6)) was the second most abundant fatty acid at most of the measuring
points, typically comprising more than 20% of the total fatty acids (apart from at to). The
cells also formed considerable amounts of alpha-linolenic acid (C18:3(n-3)), more than 7%
of the total fatty acids at toand after 24 h of cultivation. This proportion decreased in the
further course of cultivation to 2.9% at 96 h. Formation of alpha-linolenic acid (C18:3 (n-
3)) has previously been observed as a response to low cultivation temperatures in other
yeasts [52]. The production of polyunsaturated fatty acids such as alpha-linolenic acid
makes this lipid more suitable for production of food and feed additives [53]. In general,
there was an increase in the percentage of saturated fatty acids and a decrease in unsatu-
rated fatty acids during the course of cultivation. This should be due to the increasing
amount of storage lipids (Figure 2). The proportion of saturated fatty acids in lipid bodies
is usually higher than in the membrane systems in the cell [54,55].

Additionally, a detectable amount of heptadecenoic acid (C17:1) was identified in our
yeast sample. This fatty acid has been rarely identified and reported in yeasts [56] but it
was identified in Rhodotorula babjevae when cultivated on wheat straw hydrolysate [14].

Table 4. Quantification of different fatty acids in the yeast sample at different time points during
cultivation. Data are presented as mean % * standard deviation of fatty acids in the samples from
three fermenters.

Cultivation Fatty Acid Profile (%) of the Total Fatty Acids
Time (h) C16:0 C18:0 C17:1 C18:1(n-9) C18:2(n-6) C18:3(n-3)
0 14.7+0.40 2.79+0.27 0.47 +0.04 55.8+0.54 13.3+0.35 7.22+0.36
24 13.2+1.18 1.68 +0.67 0.30+0.10 49.1+11.23 22.9 +14.00 7.53 +0.45
48 14.8 +1.42 3.13 +2.60 0.17 +0.06 45.0+16.82 26.0 +£15.30 6.18 +1.59
72 23.7+3.83 4.24+0.84 0.47 +0.06 38.8+2.31 24.2+6.09 3.55+0.78
96 26.6 +1.66 4.70 + 0.44 0.36 +0.03 40.3+1.73 20.4+1.31 2.93+0.87

Neutral lipids in the lipid bodies of oleaginous yeast are stored as monoacylglycerols
(MAG), diacylglycerols (DAG), and triacylglycerols (TAG) [57]. In this study, during the
cultivation period, as the carbon source was consumed, the percentage of TAG increased;
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indeed, TAG was observed to be the major lipid class by the end of cultivation, comprising
58% of all lipids (Table 5).

Table 5. Lipid class quantification in the yeast sample at different time points during cultivation.
Data are presented as mean % * standard deviation of lipid classes in the samples from three fer-

menters.
Cultivation Lipid Class Expressed as % of Total Lipid Classes
Time (h) Phospholipids MAG DAG Sterols FFAs TAG
0 12.6 £0.47 5.09 +0.24 3.60+0.71 8.54+0.51 37.2+0.32 33.5+0.60
24 12.1+£0.92 4.99+1.39 3.90+0.94 9.12 +0.64 41.8+4.42 28.2+3.37
48 13.8+4.72 4.90+1.00 4.02+0.75 8.68 +0.93 38.3+6.14 30.3+13.2
72 740 +0.34 442+0.26 3.95+0.77 6.92+0.38 27.9+5.01 49.4 +6.66
96 8.05+1.20 4.02 +0.63 2.54+042 6.80 +0.42 20.5+1.58 58.1+3.32

Abbreviations: MAG—monoacylglycerol; DAG—diacylglycerol; FFAs—free fatty acids; TAG—tri-
acylglycerol.

Free fatty acids (FFAs) were very abundant during cultivation, comprising around
20-40% of the total lipid content. FFAs were the most abundant lipids during the first
three measuring points, with TAG becoming more abundant at the last two sampling
points. Still, even at these later measuring points, FFAs were the second most abundant
lipid class (Table 5). In Saccharomyces cerevisiae, an extensive concentration of FFAs was
toxic and resulted in mainly necrotic cell death [58]. However, our findings are in line
with previous results, and we also found a substantial amount of FFAs in a variety of
oleaginous yeast strains [2]. Obviously, oleaginous yeasts have a higher tolerance to FFAs,
and R. toruloides has evolved mechanisms to handle the toxicity of FFAs. Towards the end
of the cultivation, in a situation with enhanced lipid accumulation, production of TAG
was obviously enhanced, resulting in a decrease in the proportion of FFAs. FFAs in yeasts
are in equilibrium with acyl-CoA, which is used for TAG production [59], so it is possible
that the pool of FFAs is used for the production of TAG. However, since the absolute
proportion of FFAs relative to the total biomass was still increasing towards the end of
fermentation, the cells were obviously still producing considerable amounts of FFAs. We
have currently no explanation for the biological function of FFAs in R. toruloides.

In yeast cells, phospholipids and sterols are mainly found in the plasma membrane.
Some sterols are also present in secretory vesicles and lipid particles [60]. In this study,
the proportion of both phospholipids and sterols decreased over the cultivation period.
The proportion of phospholipids decreased from 12% to about 8% at the end of the growth
phase due to an increase in triacylglycerols, which is in line with the increase in total lipid
content. Storage lipids are usually stored in lipid bodies, which mainly contain TAGs [55].
Thus, an increase in storage lipids would be reflected by an increase in the proportion of
TAGs, which is in line with our results.

3.2.3. Carotenoid Kinetics and Quantification

Carotenoid content in the saponified extracts of R. toruloides analyzed at different
time points during the cultivation is summarized in Table 6. [3-carotene constituted the
majority of total carotenoids produced throughout the growth phase, followed by y-car-
otene. As described in Section 3.1.2 above, due to the effect of saponification, torulene was
observed to be below the limit of quantification (LOQ) at all time points, and torular-
hodine could not be determined. The proportion of y-carotene increased during cultiva-
tion, nearly reaching concentrations as high as that of 3-carotene towards the end of cul-
tivation. Similar observations have been made by Tkacova et al. [61]. The reason for the
increase in y-carotene is unclear. This carotenoid is formed from lycopene by the enzyme
encoded by crtYB. However, it is converted to 3-carotene by the same enzyme. The activ-
ity of this enzyme might in general be increased, which would explain the increase in both
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v-and B-carotene concentrations, but not the relative increase in y-carotene. However, y-
carotene can also be formed by dehydrogenation of 3 —zeacarotene, which might be en-
hanced as well [62].

Table 6. Quantification of individual carotenoids in saponified samples at different growth time
points. Data are presented as mean + standard deviation of carotenoid content in the samples from
three fermenters.

Cultivation Quantity of Carotenoids (mg/100 g d.w.)
Time (h) p-Carotene  y-Carotene Torularhodin Total
0 0.15+0.002  0.01+0.0005  0.0003 = 0.0001 0.16 = 0.001
24 0.22+0.02 0.03 +£0.03 0.004 + 0.004 0.25+0.03
48 0.45+0.17 0.12+0.11 0.01 +0.01 0.58 +0.24
72 0.85+0.16 0.46 +0.16 0.03 +0.01 1.33+£0.27
96 1.47 +0.14 1.32+0.14 0.06 +0.003 2.85+0.26

Abbreviations: d.w.—dry weight.

From this kinetic study, a correlation between the metabolism of lipids and the ca-
rotenoid pigments was also observed. With increased lipid accumulation, an increase in
the total carotenoid content was observed during the growth period, as also reported in
some studies [46,63] but somewhat contradictory to another study [61]. In this latter study,
lipid and carotenoid formation of R. glutinis was investigated in glucose media with dif-
ferent C/N ratios, with the finding that there are differences in lipid and carotenoid pro-
duction, depending on strain, type of carbon and nitrogen source, and other factors. In
our study, when R. toruloides CBS 14 was grown on wheat straw hydrolysate, the yeast
first consumed glucose and acetate and then assimilated xylose. Since both lipid content
and carotenoid content increased during the last two sampling points, there was obvi-
ously no limitation of acetyl-CoA [64]. By the end of the cultivation period, the total ca-
rotenoid content in the saponified yeast extract was 2.85 + 0.26 mg/100 g dry weight. Ca-
rotenoids act as antioxidants and protect the cell from oxidative stress, including lipid
oxidation [63]. Thus, a synchronized increase in the cellular lipid and carotenoid contents
is a logical consequence and is in keeping with our results.

4. Conclusions

In this study, we have shown that four carotenoids (torularhodin, torulene, (3-caro-
tene, and y-carotene) are produced by R. foruloides, and (3-carotene was identified as the
major carotenoid. Torulene was below the limit of quantification when analyzed by the
current method, due to matrix effects and saponification. Removal of the lipids coeluted
with the carotenoid extracts is required before running the samples in the UHPLC system,
as the presence of lipids will lead to inaccurate quantification of carotenoids, i.e., lower
values, and it might destroy the analytical column as well. Therefore, when using stand-
ard methods for extraction of carotenoids, saponification cannot be avoided. In this study,
we also confirmed a significant effect of saponification on the concentration of torulene
and torularhodin. This impact of saponification makes it necessary to develop a lipid-free
extraction method for better quantification of carotenoids from yeasts, without the need
for saponification. We have shown that yeast growth is accompanied by proportional
changes in amounts of lipid fractions and individual lipid classes, as well as in their fatty
acid composition. There was a positive correlation between lipid accumulation and carot-
enoid formation, indicating that these metabolic pathways do not interfere with each
other, although using the same precursor.
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